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Kurzzusammenfassung

Diese Dissertation prasentiert mikrofluidische In-vitro-Studien zu Modellzellmembranen, mit einem
Schwerpunkt auf den biophysikalischen Eigenschaften von Lipidtropfchen (LDs) und deren
proteinvermittelten Interaktionen. Mittels fluoreszenzbasierter optischer Methoden und Messungen der
Grenzflichenspannung wurde untersucht, wie die Lipidzusammensetzung einer LD-Membran die
Diffusionsraten und die Membranspannung beeinflusst. Aulerdem wurde der Einflul von Perilipin-2
(PLIN2) auf die in eine Lipid-Doppelschicht inserierte LDs untersucht. Diese LDs nahmen eine
charakteristisch abgeflachte Form an, was auf eine lokal verdnderte Grenzflichenspannung hinweist,
wihrend die Lipidmobilitit weitgehend unveridndert blieb. Dennoch erleichterte PLIN2 den
Lipidaustausch iiber die Grenze zwischen LD. Zusétzlich wurde die Ausbildung von Kontaktstellen
zwischen LDs und Modellorganellen mithilfe groBer unilamellarer Vesikel (LUVs) untersucht. Es
zeigte sich, dass Perilipin-5 (PLINS5) die stabile Bildung von Protein Tether férdert und von lipidischen
Briicken erschwert und damit LD-Organellen-Interaktionen nachbildet. Insgesamt demonstriert diese
Arbeit, wie mikrofluidische Systeme genutzt werden kdnnen, um die Struktur und Funktion von LDs
unter kontrollierten Bedingungen nachzubilden und zu analysieren und erdffnet damit neue

Moglichkeiten zur Untersuchung der Lipidbiologie und der Organellenkommunikation.



Abstract

This thesis presents an in vitro study to investigate model cell membranes, with a focus on biophysical
properties of lipid droplets (LDs) and their protein-mediated interactions using a microfluidic platform.
Using fluorescence-based optical techniques and interfacial tension measurements, it has been
investigated how lipid composition affects LD surface behavior. Variations in lipid geometry and
packing were found to influence diffusion rates and membrane tension, revealing how LD surface
properties can be tuned by composition. The role of perilipin-2 (PLIN2) was examined by embedding
PLIN2-decorated LDs into free-standing bilayers. These LDs adopted a characteristic flattened shape,
indicating locally altered interfacial tension, while lipid mobility remained largely unchanged.
Nevertheless, PLIN2 facilitated lipid exchange across the LD-bilayer boundary, suggesting a functional
role in regulating interfacial permeability. Additionally, contact formation between LDs and model
organelles was investigated using large unilamellar vesicles (LUVs). It was found that perilipin-5
(PLINS) promotes stable protein tethering and reduces lipid exchange at these interfaces, mimicking
LD-organelle interactions. Altogether, this work demonstrates how microfluidic systems can be used to
reconstitute and analyze the LD structure and function under controlled conditions, thereby offering

new possibilities for studying lipid biology and organelle communication.
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1. Introduction

Lipid droplets (LDs) are dynamic cellular organelles consisting of a hydrophobic core of neutral
lipids enclosed by a phospholipid monolayer decorated with proteins. Beyond their classical
role as lipid storage depots, LDs participate in lipid trafficking, energy homeostasis, protein
turnover, and interactions with other organelles, making them critical for cellular health [1].
Indeed, disrupted LD dynamics and contact-site formation with mitochondria, the endoplasmic
reticulum, and other compartments have been implicated in metabolic and degenerative
diseases, including obesity, fatty liver, cardiovascular disorders, and neurodegeneration.
Understanding the biophysical properties of the LD interface and the molecular mechanisms
that regulate LD behavior and contacts is thus key for unravelling their cellular functions and
disease relevance [2].

Despite significant advances in lipid droplet research, there are still fundamental gaps in our
knowledge of how lipid composition and surface protein association influence lipid packing,
mobility, surface tension, and interactions with other cellular membranes [1]. To tackle these
questions quantitatively and under well-controlled conditions, model systems must be
developed that mimic key features of native LDs while allowing high-resolution, real-time
measurements. Microfluidic devices offer a unique advantage for this purpose by enabling the
formation of stable, highly tunable model LDs and facilitating the controlled apposition of
different membranes, all at micrometer scale and observable under optical microscopy [3].

In this thesis, we have applied microfluidics to build a platform for generating model LDs and
studying their biophysical properties, protein-modulated behavior, and contact-site formation
with organelle-mimicking membranes.

In the first part of this work, we focused on characterizing the biophysical properties of LD
surfaces by creating planar triolein-buffer interfaces decorated with defined phospholipid
monolayers inside a microfluidic chip. To assess these properties, we employed fluorescence
recovery after photobleaching (FRAP) and interfacial tension measurements. The lateral
mobility and packing density of phospholipid monolayers were systematically examined as a
function of the molecular geometry, such as cylindrical or conical shapes, and degree of
saturation. Specifically, we investigated how these molecular characteristics influence LD
membrane behavior under controlled experimental conditions.

Building on this biophysical foundation, we then investigated how lipid droplet-associated
proteins modulate these properties by incorporating recombinant perilipin-2 (PLIN2), an
abundant surface protein of LDs, into model LD membranes. In these experiments, we formed
freestanding bilayer-embedded droplets and measured lipid mobility and exchange rates across

the LD-bilayer interface. In this approach, freestanding bilayer-embedded droplets were
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formed, and quantitative measurements of lipid mobility and exchange rates across the LD-
bilayer interface were performed to assess protein regulation mechanisms.

Furthermore, to explore how protein-decorated lipid droplets interact physically and
functionally with other organelles, we employed large unilamellar vesicles (LUVs) as model
organelle membranes. By bringing LUVs into contact with model LDs within microfluidic
channels and labeling components with distinct fluorescent markers, we established a
framework for analyzing protein-mediated interactions at membrane contact sites. Perilipin-5
(PLINS), known for its role in organelle tethering, was introduced to probe its effect on contact
formation and lipid transfer processes.

Taken together, these investigations establish a systematic framework for analyzing lipid
droplet interfaces and their protein-mediated interactions under microfluidic control. The
approaches presented here show how lipid composition, protein association, and membrane
contacts can be studied quantitatively in well-defined model systems. Beyond the individual
studies, the methodology developed provides a adaptable foundation for future research into
LD dynamics, organelle communication, and their roles in metabolic health and disease.

This thesis is presented in a cumulative format, encompassing three publications. While each
study contributes independently to the central theme, their combination highlights how lipid
composition and LD-associated proteins jointly shape droplet surface properties, morphology,

and inter-organelle communication.
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2. Overview and Connectivity

This cumulative dissertation is based on three original publications, two published in peer-
reviewed scientific journals and one under review at the time of submission. Together, these
studies investigate the dynamics of model cell membranes using a microfluidic platform, with
a particular focus on lipid droplet (LD) membranes, including phospholipid diffusion, LD
structure, and protein-mediated interactions with other organelles.

The first publication, Asfia et al. (BBA - Biomembranes, 2023) Phospholipids Diffusion on
the Surface of Model Lipid Droplets, explores the mobility of phospholipids on the LD surface
using a microfluidic platform. By performing fluorescence recovery after photobleaching
(FRAP) experiments using different phospholipids with various lipid packing features, this
study demonstrates how monolayer packing influences lipid mobility, providing insights into
the biophysical properties of LD surfaces. Together, these findings establish the biophysical
foundation for this thesis, showing how lipid composition dictates LD surface dynamics, a
crucial step in understanding how LD behavior can be systematically analyzed under
microfluidic control.

Building on this foundation, the second publication, Puza, Asfia, et al. (International Journal
of Molecular Sciences, 2023) Bilayer-Embedded Lipid Droplets Coated with Perilipin-2
Display a Pancake Shape, to understand the impact of perilipin-2 (PLIN2) on LD morphology
and phospholipid diffusion. This study shows that PLIN2 alters the three-dimensional shape of
bilayer-embedded LDs, while its effect on phospholipid mobility remains minimal. By
employing two different microfluidic setups, one mimicking a bilayer-embedded LD and the
other representing an isolated LD surface, the work provides a comprehensive view of the role
of perilipin proteins in LD organization. By showing how PLIN2 modifies LD morphology and
lipid exchange, this study extends the central theme of the thesis, highlighting that LD-
associated proteins introduce an additional regulatory layer that shapes LD function beyond
lipid composition alone.

The third study, Mohammadian, Asfia et al. (submitted, 2025) Role of Perilipin 5 Protein in
Lipid Droplet Contact Sites, shifts the focus from LD structure and surface dynamics to LD
interactions with other organelles, particularly through contact sites with large unilamellar
vesicles (LUVs). Using fluorescence labeling techniques, the study provides evidence that
perilipin-5 (PLIN5) promotes both contact formation and lipid exchange between LDs and
LUVs. It further investigates the role of PLINS in mediating these contacts, distinguishing
between protein tethering and lipid bridging as mechanisms of LD-organelle communication.
This study completes the progression from surface biophysics to protein-driven interactions by

showing how PLIN5 mediates LD-organelle contacts. It directly addresses the main question
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of the thesis: how lipid composition and protein decoration together govern LD communication
within the cellular environment.

Together, these three studies form a coherent progression from fundamental lipid diffusion on
LD surfaces to protein-mediated structural changes, and to the role of LDs in cellular
interactions. This work thus contributes to a deeper understanding of LD dynamics, offering
new perspectives on how these organelles function within the complex cellular environment.
The structure of this thesis is as follows:

In the Chapter: Background, general information on lipid droplets (LDs) is provided, including
their structure, biogenesis, size regulation, and growth. The diverse functions of LDs in the cell
are discussed, along with their dynamic interactions with other organelles and their role in
cellular homeostasis. At the end, techniques used to model lipid droplets in vitro are introduced
to have a view of how to study the LDs in the lab.

In the Chapter: Materials and Methods, follows a detailed description of the specific materials
used in the subsequent projects. This chapter also outlines the methods for pChip and
microfluidic device fabrication, lipid droplet formation and their interaction with large
unilamellar vesicles (LUVs), and also the techniques employed for fluorescence recovery after
photobleaching (FRAP) and interfacial tension measurements.

In the Chapter: Results and Discussion, the key findings from the attached publications are
presented and analyzed in the context of lipid droplet dynamics, membrane interactions, and
microfluidic applications.

In the Chapter: Summary and Outlook, a summary of the research conducted is provided,
highlighting the main conclusions and their implications. Finally, potential future research

directions are proposed.



3. Background

Cells are the basic structural and functional units of living organisms. They are the smallest
entities that can perform the necessary functions for life. All living organisms are
composed of cells. Whether a single-celled organism or a complex multicellular organism,
the cell is the basic structural and functional unit of life. Cells are complex structures with
various components that work together to maintain life [4]. The major components of a
cell include the cell membrane, which forms the outer boundary and regulates the passage
of substances in and out of the cell. The cytoplasm is the site where most cellular activities
take place. The nucleus contains the cell's genetic material, such as DNA or RNA.
Additionally, the cell contains various organelles, each performing specific functions [5].
Since new energy sources are not consistently available, storing lipids in cells and tissues
is often essential for survival. Additionally, cells need to buffer and store excess lipids in
an inert form. Therefore, nearly all cells can store lipids in compartmentalized reservoirs.
To efficiently package lipids, cells convert them into neutral lipids such as triacylglycerols
(TG) and sterol esters (SE), which repel water. These neutral lipids are then stored within
lipid droplets, specialized organelles that serve as energy reservoirs and play an important

role in maintaining cellular homeostasis [6, 7].

3.1 Lipid Droplets Biology

Lipid droplets (LDs), also known as adiposomes, lipid bodies, or oil bodies, are essential
cellular organelles that serve primarily as storage units for neutral lipids. They are a
defining feature of fat cells (adipocytes), where they can occupy up to 95% of the cell’s
volume [2, 7]. LD properties, including size, number, and composition, vary depending on
the cell type, nutrient availability, and metabolic state. Structurally, LDs consist of a neutral
lipid core surrounded by a single phospholipid monolayer, which is decorated with various
proteins that contribute to LD stability and function [2, 8].

Due to their leading role in lipid storage and metabolism, LDs are closely linked to various
physiological and pathological processes. They are implicated in diseases related to lipid
accumulation, such as obesity, diabetes, and atherosclerosis, and their dysfunction or
mutation has been associated with lipodystrophy, non-alcoholic fatty liver disease
(NAFLD), pancreatic steatosis, neurodegeneration, infection, cancer, and cardiovascular
disease [7, 9].

In obesity, proteins including CIDEA, CIDEB, CIDEC, and perilipin-1 (PLIN1) regulate
LD growth and adipocyte function, whereas mutations in LD-related genes (e.g., PLINI,
CIDEC) can cause lipodystrophy, characterized by loss of adipose tissue [10-12].

Excessive LD accumulation in organs can lead to diseases such as NAFLD (which may
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progress to severe liver damage) and pancreatic steatosis, linked to type 2 diabetes and
pancreatic cancer [13-16]. Protective LD formation in glial cells is promoted by proteins
like ApoE4 and seipin in neurodegeneration [13]. During infections, LDs modulate
pathogen interactions, restricting bacterial growth while facilitating viral replication, with
proteins such as PLIN2 and DGAT1 playing key [17]. Cancer cells exploit LDs for growth
and survival, with DGAT1 and PLIN2 playing key roles in LD biogenesis [18]. In
cardiovascular disease, LDs in macrophages and cardiomyocytes help reduce lipotoxicity,
regulated by proteins including PLINS, PNPLA2, and DGAT1 [13, 19].

Thus, understanding LD biology not only expands fundamental cellular knowledge but
also offers potential clinical insights for metabolic, cardiovascular, and neurodegenerative

disorders.

3.2 Mechanisms of Lipid Droplet Biogenesis and Growth

As neutral lipid synthesis is essential for LD formation, it is important to examine this
process in detail. Neutral lipids are produced by enzymes from the membrane-bound O-
acyltransferase (MBOAT) family, such as ACAT1, ACAT2, and DGAT1, along with
enzymes from the DGAT2 gene family. These enzymes are located at the endoplasmic
reticulum (ER), where they face their substrates. One common substrate is fatty acyl-CoA,
produced by acyl-CoA synthetase (ACSL) enzymes, which activate fatty acids for
metabolic pathways. Fatty acyl-CoAs combine with lipid alcohols to form neutral lipids
[20]. Researchers have shown that yeast can survive without these enzymes, but the
resulting LDs are poorly detectable [21]. Knockout mouse studies demonstrated that
ACATI1, ACAT2, and DGAT1 are not essential for life, although a lack of DGAT? results
in insufficient energy stores and skin defects associated with essential fatty acid deficiency,
leading to death shortly after birth [22].

When free fatty acid (FA) levels inside cells rise, they trigger LD biogenesis. This process
prevents lipotoxicity by converting excess free FAs into neutral lipids, which are then
sequestered into cytosolic LDs. LDs can also appear in other compartments such as the
nucleus, where ‘nuclear LDs’ resemble cytoplasmic LDs but their formation and functions
in nuclear lipid balance and signaling remain under investigation [23, 24]. Unlike most
self-replicating organelles, LDs can arise de novo or by fission of pre-existing LDs [25].
By accumulating neutral lipids such as triglycerides (TGs) between the leaflets of the ER
bilayer, lens-like structures begin to form, occasionally described as pancake-shaped lipid
lenses. These lenses may nucleate at pre-existing sites on the ER membrane that
correspond to locations of previously budded LDs [26, 27]. Moreover, enzymes that

catalyze triglyceride synthesis, including DGAT1 and DGAT2, concentrate around these
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sites to promote lipid deposition and drive LD biogenesis [28]. As these lenses enlarge,
they become unstable and eventually bud off into the cytoplasm. Although this process
remains debated, it most likely occurs via a dewetting mechanism driven by thermal
fluctuations [7]. Whether this budding is entirely spontaneous or protein-mediated is not
fully understood, but specific proteins appear to facilitate the process [29].

Although newly formed LDs are small compared to the overall cell volume, they can grow
significantly. Many cells contain larger LDs that either arise by fusion of smaller LDs or
by continuous local synthesis of triglycerides at the surface of existing LDs [30]. Droplet
growth requires trafficking pathways that deliver enzymes essential for triglyceride
synthesis to LDs, with both newly formed and mature LDs obtaining these enzymes
directly from the ER [31]. LD sizes vary substantially among cell types, ranging from
nanoscale droplets (~100 nm) to macro-scale droplets (~100 um). LD size can dynamically
grow or shrink in response to cellular signals [30]. For instance, in yeast, LDs typically
measure less than a micron, whereas adipocytes commonly contain a single LD that is tens
to hundreds of microns across [7]. Once synthesized, LDs generally continue to grow due
to excess intracellular fatty acids until they reach a stable final size. Proteins such as Fsp27,
seipin, FITM2, and PLIN1, as well as lipid species such as phosphatidylcholine (PC) and
phosphatidic acid, help regulate this growth process [9]. Moreover, even within the same
cell, LD sizes may vary dramatically under different pathophysiological conditions,
reflecting their highly dynamic nature [23]. Understanding how LDs grow sets the stage
for examining their structural and molecular architecture, which underpins their dynamic

functions in cells.

3.3 Structural and Molecular Architecture of Lipid Droplets

Unlike other membrane-enclosed organelles, LDs possess a distinctive structure
characterized by a hydrophobic core of neutral lipids encased in a monolayer phospholipid
membrane. This membrane serves to isolate the hydrophobic neutral lipids from the
aqueous cytoplasmic environment [32]. Within the hydrophobic core of lipid droplets
(LDs), neutral lipids, primarily triglycerides (TG) and sterol esters (SE), are stored in
varying ratios, (see fig. 1). In white adipocytes, TGs are predominantly stored in LDs as
lipid esters, whereas in steroidogenic cells, SEs are the main components [33].
Additionally, depending on the cell type, various other endogenous neutral lipids such as
retinyl esters, ether lipids, and free cholesterol are stored within LD cores [34-36].
Interestingly, in some cell types, electron microscopy has revealed membrane-like
structures containing ribosomal units extending into the core of LDs [37, 38]. In

mammalian cells, the major constituent of lipid droplet (LD) monolayer membranes is
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phosphatidylcholine (PC), comprising up to 60% of the membrane composition. This is
followed in abundance by phosphatidylethanolamine (PE), phosphatidylinositol (PI),
phosphatidylserine (PS), sphingomyelin (SM), and lyso forms of PC and PE [39-41].
Additionally, minor amounts of phosphatidic acid and free cholesterol are present on the
surfaces of LDs [32, 42].

While the phospholipid structural composition of LD monolayers is well described, less is
known about how different lipid species shape their biophysical properties. In particular,
lateral lipid mobility and interfacial (surface) tension are strongly dependent on lipid type
and composition, yet systematic quantitative insights into these dependencies remain
limited. Since these parameters are central to LD stability, dynamics, and interactions with
other organelles, understanding their molecular basis is essential. Addressing these
questions is critical for clarifying how LD surface properties influence their biological
behavior. In this thesis, these aspects were investigated experimentally by reconstituting
model LD monolayers in vitro, quantifying lipid diffusion and interfacial tension, and
examining how lipid type and composition modulate these properties.

Additionally, the LD membrane is decorated with various proteins, which can influence
the subsequent function and fate of LDs. These proteins can already exist in the ER
membrane and remain in the LD membrane after growth and budding or the proteins in
the cytosol can add and localize into the LD membrane [7].

While it is believed that LD formation occurs between the leaflets of the endoplasmic
reticulum (ER), the phospholipid composition of the LD monolayer membrane may differ
from that of the ER and other organelles [32]. This unique phospholipid composition
significantly influences LD synthesis, maturation (size), and degradation via lipophagy
mechanisms [43-47]. Variations in the phospholipid composition of a LD monolayer
membrane under different physiological conditions across various cell types suggest that
the regulation of phospholipid composition is critical for maintaining the homeostasis of
these organelles [23]. The surface composition is crucial in controlling LD size and their

capacity to interact with other LDs or organelles, such as the ER and mitochondria [48].
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Fig.1. Schematic image of LD structure

In addition to the phospholipid composition of LD membranes, the surface proteins
contained in the monolayer surrounding LD play a crucial role in regulating their
homeostasis and intracellular interactions. The LD membrane is decorated with various
structural and functional proteins that contribute to regulatory processes, and their
composition can vary among LDs of different sizes or lipid compositions within the same
cell [30, 49]. Several dozen proteins have been identified as LD proteins, which occur in
bacteria, plants, yeasts, insects, and mammals, each contributing to a variety of cellular
functions [23]. Many of these proteins are involved in lipid metabolism, including the
synthesis and trafficking of phosphatidylcholine (PC), sterols, and triglycerides (TG).
Additionally, certain proteins that do not directly participate in lipid metabolism play a
role in regulating the surface properties of LDs [49, 50].

In mammalian lipid droplets (LDs), the most prominent group of proteins belongs to the
PAT family, also known as the perilipin (PLIN) protein family. This family includes
perilipin (PLIN1), adipocyte differentiation-related protein (ADRP), also known as
adipophilin or PLIN2, tail-interacting protein of 47 kDa (TIP47) or PLIN3, as well as
PLIN4 and PLINS [51]. These proteins share sequence similarity and have the capacity to
bind intracellular LDs, indicating a common ancestral gene origin [52]. PLIN proteins are
primarily expressed in adipose tissue and play key roles in regulating lipid homeostasis by
controlling access of lipases to the neutral lipid core of LDs [53]. For example, PLINs have

been proposed to protect LDs from lipolysis by shielding the triacylglycerol (TG) core
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from lipase activity, and adipocytes from PLIN knockout mouse models exhibit elevated
basal lipolysis levels [54, 55].

Although the general role of PLIN2 in LDs is well established, it remains unclear how this
protein affects the mobility of phospholipids at the LD surface and their exchange with
surrounding membranes. LD dynamics and contact site formation depend not only on lipid
composition but also on protein-mediated modulation of surface properties. Therefore,
clarifying the influence of PLIN2 on lipid diffusion is essential. In this thesis, these aspects
were investigated experimentally by reconstituting bilayer-embedded LDs in a
microfluidic setup and quantifying phospholipid diffusion and lipid exchange in the
presence of PLIN2.

Each PLIN family member has a distinct function. PLIN1 acts as a gatekeeper for
lipolysis, regulating access of lipases to LDs. PLIN2 and PLIN3 are widely expressed
across different tissues and are associated with smaller LDs. The PLIN2 protein plays a
permissive role in lipolysis. PLIN4 is mostly expressed in white adipose tissue and is
involved in LD formation [56, 57]. PLINS, the most extensively studied and last member
of the family, is highly expressed in tissues with elevated energy demands (including liver,
heart, and skeletal muscle) and its amino acid sequence, which is conserved across species,
underscores its crucial role in mediating contacts between LDs and other organelles [56,
58]. PLINS also supports intramyocellular lipid (IMCL) accumulation and oxidation,
making it important in the adaptation of skeletal muscle to physical activity [59].
Moreover, PLINS promotes LD-mitochondria interactions, facilitating fatty acid
trafficking from LDs to mitochondria for B-oxidation [60]. In the heart, overexpression of
PLINS can cause cardiac steatosis and mild mitochondrial dysfunction and hypertrophy,
while PLINS knockout mice exhibit cardiac dysfunction [56], emphasizing the protein's
essential role in energy metabolism. Understanding PLINS’s roles at LD contact sites may
offer therapeutic targets for metabolic diseases characterized by disrupted lipid
homeostasis [61].

Beyond the PLIN family, lipid droplets also host other classes of proteins that contribute
to lipid homeostasis, including those involved in lipid biogenesis, intracellular lipid
metabolism, and lipid degradation [62]. In addition, several “refugee proteins,” not directly
linked to traditional LD functions, have also been identified on LDs. These include
signaling proteins such as mitogen-activated protein kinase (MAPK), phosphatidylinositol
3-kinase (PI3K), and Lyn kinase, as well as membrane trafficking proteins and chaperones
[63-65].

Caveolins constitute another class of LD-associated proteins. Caveolin-1 and caveolin-2
localize to the surface of LDs and help form caveolae, characteristic membrane

invaginations that regulate endocytosis, cholesterol transport, signal transduction, and
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cellular growth [44, 66-68]. In addition, a diverse group of membrane trafficking proteins,
such as small GTPases, motor proteins (e.g. kinesin, myosin), SNAREs, and vesicular
trafficking proteins (e.g. ADP-ribosylation factors and COPs), also mediate dynamic
interactions between LDs and other cellular compartments [69].

Finally, seipin (Berardinelli-Seip congenital lipodystrophy type 2 protein, BSCL2) is an
integral ER protein that plays a central role in lipid droplet biogenesis and maintenance.
This highly conserved protein is enriched at LD-endoplasmic reticulum contact sites and
is critical for lipid droplet formation. Mutations in seipin cause severe lipodystrophies and
other disorders such as distal hereditary motor neuropathy and Silver syndrome [2, 70, 71].
In yeast, seipin proteins localize to LD-ER junctions, marking sites where new LDs
emerge, while enzymes that catalyze triglyceride synthesis, such as diacylglycerol
acyltransferases 1 and 2 (DGAT1 and DGAT?2), also accumulate at these junctions to drive
droplet formation [28, 72].

3.4 Lipid Droplets Function in the Cell

LDs are dynamic cellular organelles that act as important lipid reservoirs. The lipids they
store not only provide energy but also serve as building blocks for membrane synthesis,
making LDs central hubs of cellular metabolism [30]. Many enzymes involved in the
synthesis of phospholipids (PLs), triacylglycerols (TGs), and their intermediates, along
with lipases and lipolytic regulators, are localized on the surfaces of LDs. Beyond their
well-established role in lipid metabolism, growing evidence indicates that LDs also
participate in protein degradation, the response to endoplasmic reticulum (ER) stress,
protein glycosylation, and defense against pathogen infections [73-76].

In many cell types, including adipocytes and hepatocytes, lipids accumulate within lipid
droplets so they can provide energy when the cell requires it. Lipid droplets play an
important role in maintaining homeostasis and energy balance during periods of nutrient
stress. Moreover, LDs are recognized as major phospholipid precursors and thus contribute
significantly to cell growth and proliferation [6, 77]. Several studies have shown that the
lipid core of LDs can also store fat-soluble vitamins (A, D, E, and K) [6]. For example, in
liver cells, vitamin A (retinol) can be esterified and stored in the core of LDs to buffer
periods of dietary insufficiency [78]. Likewise, excess vitamin D can accumulate in LDs
in an inactive form and, when needed, is mobilized, activated, and released into the
bloodstream to help maintain adequate circulating levels and support physiological
functions [79].

The number of LDs increases in various diseases characterized by altered or dysfunctional

lipid metabolism, such as non-alcoholic fatty liver disease and cancer. A common factor
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driving the accumulation of LDs in non-adipose tissues is cellular stress, which can be
triggered by an excess of free fatty acids, nutrient deprivation, or redox imbalances. Under
these conditions, LDs appear to contribute to stress reduction by sequestering potentially
harmful or excess lipids and preserving lipid homeostasis within cellular membranes [6,
80].

In addition to these metabolic and protective functions, LDs are increasingly recognized
as hubs of protein quality control. They can transiently sequester aggregation-prone or
misfolded proteins. This prevents cytotoxic accumulation and facilitates their degradation
via proteasomal or autophagic pathways [1,6]. Furthermore, LDs act as signaling platforms
by supporting the synthesis of bioactive lipids such as eicosanoids, which are key
mediators of inflammation and immunity [6, 81]. These additional functions underscore

the multifaceted roles of LDs as both metabolic and regulatory organelles.

3.5 Lipid Droplets Communication in the Cell

LDs must establish connections with other organelles to fulfill their diverse functions such
as their significant role in regulating cellular metabolism. Furthermore, LDs also supply
essential lipids for membrane biogenesis in response to cellular demands, making their
contact and communication with other organelles critical [82].

To form a contact site between two organelles within a cell, they must be closely apposed,
typically at a distance of about 10-70 nm (with many researchers emphasizing 30 nm).
This nanoscale spacing is critical, as it enables direct protein-protein or protein-lipid
interactions across organelles without fusion, allowing regulated communication while
preserving compartmental identity [83]. The main structures that bring organelles into
contact are called molecular tethers Like other tethering proteins, these tethering proteins
play a central role in mediating lipid droplet interactions with other organelles [2]. These
protein tethers promote close organelle apposition and include well-characterized
examples such as perilipins and seipin, which regulate lipid droplet contacts with
mitochondria and the ER, respectively [84, 85]. Specifically, PLIN5 anchors mitochondria
to lipid droplets to facilitate fatty acid trafficking during metabolic demand, thereby
supporting energy production under nutrient-limited conditions [61, 86] (see Fig. 2).
Figure 2 illustrates three possible scenarios: (A) a free LD positioned near a membrane
without direct connection, (B) a protein-mediated tether, where proteins such as perilipins
or seipin bridge the LD to another organelle membrane, and (C) a lipid-mediated contact,
where the LD monolayer connects directly with the bilayer of another organelle through a

hemifusion-like structure. These different modes of communication highlight how LDs
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can either remain independent, establish transient interactions, or form more intimate
structural connections.

Some studies have shown that these modes of communication are not mutually exclusive,
and in some cases, protein-mediated tethering and lipid-mediated connections may occur

simultaneously, providing both stability and direct lipid exchange capacity [2].

Lipid Droplet

. e Protein
Phospholipid Bilayer

A B C

Fig. 2. (A. B & C) Schematic image of possible ways of LD contact sides with
and without protein connection

Beyond these established protein tethers, lipid droplet contact sites are highly dynamic and
adapt to the cell’s metabolic state. Proteins such as Mdm1 in yeast and its human homolog
Snx14 can bridge lipid droplets with multiple organelles at once, for instance, linking lipid
droplets with the ER and vacuoles or the plasma membrane [87, 88]. These multitether
proteins not only position organelles together but also concentrate lipid-synthesizing or
lipid-remodeling enzymes at these junctions, creating specialized microenvironments that
optimize lipid metabolism [88].

Interestingly, although protein tethers are the primary focus in the field of contact-site
research, lipidic structures forming connections between LDs and the endoplasmic
reticulum (ER), and in some cases other organelles, have also been frequently observed
[88, 89]. These findings have drawn attention to the possible involvement of lipidic bridges
in facilitating the formation of LD contact sites. Due to the unique structure of lipid
droplets, which possess a monolayer rather than a bilayer like most other organelles,
specialized physical interactions can occur (especially at ER contact sites) via hemifusion
intermediates known as lipidic bridges. These bridges connect the phospholipid monolayer
of the LD to the outer leaflet of the bilayer membrane of the neighboring organelle. It is

still uncertain whether these lipidic connections are rigid and stable, or whether they exist
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only transiently alongside protein tethers [90-93]. In addition to ER-LD contact sites,
where these connections can arise through biogenesis or de novo reconnection, similar
lipidic bridges have also been observed between LDs and peroxisomes [94]. Lipidic
bridges enable the exchange of materials, including lipids and proteins between organelles
[2]. Both hemifusion and full fusion of these lipidic bridges incur energetic costs, and the
stability of these bridges depends largely on the surface tension of the lipid droplet. Unlike
bilayer membranes, which generally have low surface tension, the surface tension of the
LD monolayer is highly dependent on its phospholipid composition, a factor that may also
influence the formation of tethering complexes [7].

Together, these findings highlight that lipid droplets do not exist in isolation but instead
integrate into the cellular landscape through a combination of protein- and lipid-mediated
connections that are essential for their biological functions. Despite these insights, the
nature of lipidic bridges at LD contact sites remains poorly understood. It is still unclear
whether such connections are inherently stable or predominantly transient, how their
formation is influenced by the lipid composition of the LD monolayer, and how they
coexist or compete with protein tethers such as PLINS. Furthermore, the energetic and
structural factors determining whether lipidic bridges persist long enough to facilitate
substantial lipid transfer have yet to be clarified.

Addressing these questions is critical for understanding the balance between lipid- and
protein-mediated organelle interactions. In this thesis, I investigated these aspects
experimentally by reconstituting LD contact sites in vitro, quantifying lipid transfer via
lipidic bridges, and examining how surface tension and tether proteins like PLINS

modulate their formation and stability.

3.6 Experimental Approaches to Model Lipid Droplets

Studies of LDs have been greatly advanced by a range of both in vivo and in vitro
approaches. In vivo models enable the study of LDs under physiologically relevant
conditions and across tissues and developmental stages. Transparent vertebrate models like
transgenic zebrafish expressing fluorescently tagged LD proteins, e.g. PLIN2-tdTomato,
allow real-time imaging of LD formation and turnover in response to dietary,
pharmacological, or genetic perturbations. These models have revealed tissue-specific
regulation of LD dynamics for example, rapid LD expansion under high-fat diets and
shrinkage under fasting and have been critical for testing small-molecule regulators of lipid
storage [95]. Mouse models and cell-type-specific knockouts of key LD proteins such as
PLINs, enzymes of neutral lipid metabolism, have further linked LDs to systemic

processes including lipid homeostasis, ER stress, and inflammatory responses [81].
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In parallel, in vitro methods provide precise experimental control, enabling detailed
mechanistic studies that are difficult to achieve in vivo [96, 97]. These approaches allow
the manipulation of lipid composition, protein decoration, and physical environment,
facilitating investigations into LD formation, growth, membrane curvature, surface
tension, and protein binding dynamics. In vitro systems have revealed how the interplay
between proteins and lipids affects LD stability, asymmetry, and interaction with other
organelles, linking LD behavior to cellular metabolic states, diet, or pathological
conditions [98]. For instance, studies using surface-adhered TAG droplets, droplet
interface bilayers, or microfluidic-generated lipid droplet models have demonstrated that
phospholipid composition and associated proteins strongly influence droplet morphology
and interfacial dynamics [99].

Below, we describe common in vitro techniques reported in the literature to generate model
lipid droplets for in vitro studies, some of which were specifically adapted or developed
for this dissertation. These methods allow systematic manipulation of LD composition,
size, and protein decoration, providing a well-controlled platform for studying lipid-
protein interactions, interfacial dynamics, and LD contact sites under controlled
conditions. Several in vitro strategies have been developed to generate model LDs, each

with unique advantages and limitations depending on the experimental question.

3.6.1 Spherical Model LDs

A commonly reported technique for producing model lipid droplets involves
generating spherical oil-in-water or water-in-oil droplets by dispersing neutral
lipids and phospholipids in an aqueous buffer through sonication or vigorous
vortexing [96, 100-102]. These emulsified droplets, although artificial, mimic the
fundamental biophysical principles of cellular LD formation, where neutral lipids
phase-separate and become stabilized by a surrounding phospholipid monolayer.
This phospholipid coating acts as a surfactant, lowering interfacial tension and
preventing the droplets from fusing immediately after formation. Sonication
typically produces more uniform and stable droplets than vortexing, but
experimental conditions must be carefully optimized to prevent either coalescence
due to over-sonication or incomplete droplet formation when insufficient energy is
applied [96, 101]. The produced droplet size depends strongly on the lipid
composition and mixing method. Increasing the neutral lipid content yields larger
droplets with less surface area per unit volume of lipid, while increasing the
phospholipid content promotes smaller droplets with greater surface coverage.

Thus, by tuning lipid ratios and mixing intensity, researchers can reproducibly
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3.6.2

generate droplet populations suited to different experimental needs, from single-
droplet imaging to bulk biophysical assays. The relative volumes of buffer and oil
also determine whether water-in-oil or oil-in-water droplets form: when the buffer
volume exceeds the oil volume, oil-in-water droplets predominate; the opposite
volume ratio favors water-in-oil droplets, which are less amenable to fluorescence
imaging and further surface modifications due to restricted exchange between the
encapsulated aqueous core and the external aqueous environment. To facilitate
microscopy observation of oil-in-water droplets, droplets can be trapped between
a glass slide and a coverslip separated by microspheres, which restricts vertical
movement and stabilizes them against buoyancy effects so that their equatorial
monolayer plane can be imaged with minimal distortion. However, protein-induced
aggregation can complicate cytometric measurements of droplet shape and protein

binding [96].

Droplet-Embedded Vesicles (DEVs)

In the literature-reported technique of Droplet-Embedded Vesicles, triacylglycerol
(TAG) is introduced into giant unilamellar vesicles (GUVs) to produce droplets
embedded within GUV bilayer [103, 104]. These droplet-embedded vesicles
(DEVs) feature two types of lipid environments, the phospholipid monolayer
surrounding the oil droplet and the phospholipid bilayer of the enclosing GUV,
making them a useful model for mimicking the contact interface between lipid
droplets and the endoplasmic reticulum. Bright-field microscopy readily
distinguishes the refractive index contrast between the GUV and the embedded
lipid droplet, and confocal microscopy enables selective imaging of different focal
planes. Typically, the buoyant oil droplet rises toward the top of the GUV lumen,
allowing clear optical sections through the monolayer and bilayer surfaces. The
density of the surrounding buffer and of the GUV interior can be tuned to control
droplet buoyancy, for example, GUVs filled with high-molecular-weight solutes
(e.g. sucrose) will sink when placed into a physiological buffer.

Electroformation is often used to produce GUVs. However, the resulting vesicle
population can be heterogeneous, with some vesicles nesting inside others [96,
103]. This nesting can complicate fluorescence quantification because overlapping
bilayers contribute additive intensity signals. Imaging also depends on the
orientation of the membrane relative to the focal plane: a perpendicular bilayer
appears bright, while a bilayer parallel to the focal plane (e.g. at the top or bottom
of the GUV) yields a much dimmer signal.
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3.6.3

Overall, droplet-embedded vesicles provide a versatile and well-characterized
platform for studying lipid droplet-membrane interactions under controlled
conditions. However, issues such as GUV heterogeneity, complex 3D imaging
requirements, and overlapping bilayers require careful attention during quantitative

analyses [103].

Surface-adhered LD caps

Surface-adhered lipid droplet caps provide a simple and stable model for studying
lipid droplets under controlled buffer conditions [96]. It is another literature-
reported method that triacylglycerol (TAG) is first deposited as small droplets on a
glass coverslip, and then a phospholipid-containing buffer is added to mimic
physiological conditions. This setup allows high-resolution imaging of LD surfaces
and simplifies buffer exchange and long-duration observations, see fig. 3. To
prepare surface-adhered caps, approximately 3 mL of TAG, which is thoroughly
vortexed or sonicated, is pipetted onto the center of a cleaned glass-bottom Petri
dish. The oil is dispersed across the coverslip by directing a focused stream of
nitrogen gas onto the surface, producing a uniform array of microdroplets.
Successful formation of small droplets can be verified by visual inspection of the
coverslip prior to buffer addition. Once the TAG droplets are deposited, buffer is
gently added to the dish. This exchange does not disturb the shape of droplets
smaller than approximately 80 um in diameter. In the absence of phospholipids or
surfactants, buffer exchange has negligible effect on the droplet morphology. In the
presence of surfactants and under static buffer conditions, droplets larger than
40 pm in diameter may detach and float away over a period of hours. Smaller
droplets (<40 pm) remain firmly attached to the glass, are not displaced during
buffer exchanges, and can be readily imaged or analyzed by optical and scanning
probe microscopy for extended timescales.

The contact angle and long-term stability of these caps depend on the cleanliness
of the glass surface. Excessively hydrophilic surfaces (e.g. achieved by aggressive
plasma or piranha cleaning) prevent stable adherence of TAG. In contrast,
insufficiently cleaned surfaces can make the glass too hydrophobic, causing the
TAG to spread excessively without forming discrete caps. Phospholipid monolayer
formation on the caps can be achieved by adding fluorescently labeled large
unilamellar vesicles (LUVs) to the buffer and monitoring the increase in monolayer
fluorescence over time. Within as little as 5 minutes of exposure to Cy5-labeled

LUVs, the monolayer fluorescence on the oil-water interface saturated, indicating
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rapid adsorption of phospholipids from the vesicles. Importantly, the rate and
extent of exchange depended on the lipid species present; for example, mixtures
containing phosphatidylethanolamine (PE) or phosphatidylinositol (PI) led to
faster LUV binding and exchange rates than phosphatidylcholine (PC)-only
vesicles. This surface-adhered lipid droplet caps method requires careful
calibration of sonication or vortexing to achieve uniform droplet sizes and
complete phospholipid monolayer coverage. Other disadvantages of this method
are droplet stability and imaging that can be limited by the coverslip’s surface
properties and by potential fluorescence bleaching or labeling artifacts during long-

duration measurements [96].

Phospholipid Monolayer

Aqueous Buffer

- Triacylglycerol -

&= ~

Fig. 3. Schematic image of coverslip bounded LD which provides optical

accessibility by inverted microscopy

LD Formation using Microfluidic Devices

Although surface-adhered caps offer optical simplicity, microfluidic systems
provide higher control over droplet size, composition, and dynamic manipulation,
making them particularly suited for mechanistic studies. Microfluidics is a
multidisciplinary field focused on the manipulation of fluids at the microscale,
typically within channels measuring tens to hundreds of micrometers. This scale-
specific regime exhibits characteristics such as laminar flow, high surface-to-
volume ratios, and diffusion-dominated mixing, all of which enable the precise
handling of small volumes. These unique properties have made microfluidic
platforms invaluable across physics, chemistry, engineering, and life sciences,
especially for applications requiring high-throughput, minimal reagent use, and
finely controlled microenvironments [105].

In this thesis, microfluidic approaches were employed to generate model lipid
droplet systems, making it useful to provide a more detailed description of the
technique. In the context of biological and biophysical research, microfluidic
devices, often referred to as "lab-on-a-chip" systems, are frequently fabricated

using soft lithography. This process involves photolithographic patterning of a
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master mold followed by casting elastomeric materials such as
polydimethylsiloxane (PDMS). The resulting chips are optically transparent,
biocompatible, and capable of forming microchannels and chambers with precise
geometries. Microfluidics has become particularly important for studying model
biomembranes due to its ability to generate stable droplets, emulsions, and
interfaces under controlled conditions [106]. The predictable flow behavior and
compartmentalization achievable in microfluidic systems have enabled significant
advances in mimicking cell membranes, including the formation of lipid vesicles,
bilayer networks, and monolayer-coated droplets. These systems serve as platforms
to study membrane protein dynamics, interfacial tension, lipid diffusion, and
compartmentalized biochemical reactions. Among these applications, the modeling
of LDs has emerged as a growing area of interest [107].Among various strategies
in the literature, microfluidic generation of lipid monolayer-coated water-in-oil
(w/o) droplets has been proposed as a simplified model for cellular LDs, which
consist of a neutral lipid core enclosed by a phospholipid monolayer. These systems
are typically realized using flow-focusing or T-junction geometries within
microfluidic chips, where aqueous droplets are formed in a lipid-containing oil
phase. Phospholipids spontaneously assemble at the oil-water interface during
droplet formation, creating monolayer-coated structures. While these droplets often
contain aqueous cores, they effectively replicate the surface organization of LDs.
In modified versions, neutral lipids such as triolein are incorporated into the droplet
core, producing hydrophobic interiors that closely resemble endogenous lipid
droplets. These microfluidic models offer high reproducibility, monodispersity, and
compatibility with fluorescence and interfacial tension studies [108]. However,
microfluidic LD models also present certain limitations, including droplet stability
compromised by evaporation-driven shrinkage (especially in PDMS devices),
which can limit lifetimes for micrometer-sized droplets [109]. Also, handling and
optimization of fluidic circuits can be intricate, requiring precise control over flow
rates and device geometry, this complexity makes the technique less feasible for
industrial scale-up and routine lab use [110].Another related literature-reported
technique involves the creation of nanoliter-scale lipid-coated droplets via
microfluidic devices and their deposition onto open substrates patterned with
microcavities. In this method, droplets are generated in a lipid-rich oil phase (such
as a hexadecane-squalane mixture) and spotted on SU-8 patterned glass substrates
with micrometer precision. As the droplets come into contact, their lipid
monolayers can form droplet interface bilayers (DIBs) [111]. While originally used

to mimic inter-compartmental communication, this system can also be adapted for
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LD modeling by using oil-phase droplets containing neutral lipids surrounded by
phospholipids. Such a configuration enables label-free detection (e.g., via matrix-
assisted laser desorption/ionization mass spectrometry or so called MALDI-MS)
and long-term monitoring of membrane permeability and diffusion. While both
microfluidics-related strategies offer versatile platforms for artificial cell and LD
research, they are not employed within the experimental framework of this thesis
but are included here to provide a broader perspective on state-of-the-art
microfluidic approaches for LD mimicry [112]. Later in the method section, the
adapted techniques that were used in this dissertation to form the model LDs will

be described thoroughly.
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4. Materials and Methods
4.1 Materials

A variety of phospholipids and related molecules were used in this study to model lipid
monolayers and lipid droplet (LD) interfaces. These molecules were selected to reproduce
the compositional and physicochemical diversity found in biological LDs and cellular
membranes. Phospholipids are amphiphilic molecules consisting of a hydrophilic
headgroup and two hydrophobic fatty acid tails. Their dual nature enables them to
spontaneously orient at oil-water interfaces, forming stable monolayers where the
headgroups face the aqueous phase and the tails extend into the oil phase. These
monolayers are fluid and dynamic, in contrast to crystalline self-assembled monolayers,
and their molecular packing is influenced by both chemical composition and molecular
geometry [113].

In the current study, the LD monolayer was mainly composed of 2-dioleoyl-sn-glycero-3-
phosphocholine (DOPC) and 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine (DOPE),
chosen to closely mimic the composition of cellular membranes. To tune monolayer
motility and packing, additional unsaturated phospholipids such as N-methylated DOPE
(N-DOPE), 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC), and
lysophosphatidylcholine (LPC) were used. Saturated phospholipids, including 1,2-
dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) and 1,2-distearoyl-sn-glycero-3-
phosphate (DSPA), were introduced to explore the effects of tighter molecular packing.
These lipids typically form more rigid, ordered films, although DSPA, with its negatively
charged headgroup, can exhibit looser packing due to electrostatic repulsion.
Sphingomyelin (SM), a saturated sphingolipid with a cylindrical geometry, was also tested
because it contributes to the formation of rigid domains in membranes.

Sterols were further included to probe how non-phospholipid species modulate LD
interfaces. Cholesterol, which intercalates between phospholipids and disrupts tight
packing, increases surface tension and lipid mobility when mixed into monolayers [113,
114]. In contrast, cholesteryl ester, which resides mainly in the neutral lipid core, has little
effect on monolayer properties [ 114, 115]. Together, these components allowed exploration
of how both interfacial and core composition contribute to LD stability and dynamics.
Triglyceride-based oil, glyceryl trioleate (triolein), was used to create the LD core,
reproducing the neutral lipid environment found in natural LDs [116]. For comparative
experiments, squalene served as an alternative oil phase. The chemical structures of all

lipid species, cholesterol, and oil phases used are summarized in Fig. 4.
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Fig. 4. Chemical Structures of Lipids, Cholesterol and Squalene oil used in the experiments

[117].

After establishing the molecular compositions, the behavior of phospholipids at interfaces
can be better understood through their geometry and packing characteristics. The geometry
of a phospholipid molecule, defined by the relative size of its hydrophilic headgroup and
hydrophobic tails, determines its packing parameter, which governs how molecules
arrange themselves at an interface [113]. Depending on these proportions, phospholipids
can be cylindrical, conical, or inverted-conical in shape (Fig. 5). Cylindrical lipids such as
phosphatidylcholine (PC) pack tightly and form flat interfaces. Inverted-conical lipids such
as phosphatidylethanolamine (PE) promote negative curvature and higher fluidity, whereas
conical lipids such as lysophosphatidylcholine (LPC) induce positive curvature and disrupt
ordered packing.

These shape-dependent variations control packing density, curvature, and lateral mobility
within the monolayer, parameters crucial for LD stability and lipid-protein interactions.
Cylindrical lipids maximize van der Waals attractions between their hydrocarbon chains,

forming relatively ordered films, while conical or inverted-conical lipids introduce steric
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hindrance and electrostatic repulsion, reducing packing density and increasing fluidity.
Consequently, lipid geometry determines interfacial properties such as curvature elasticity,

surface pressure, and molecular diffusion, all of which influence LD behavior [113].

Shape of the Lipid Examples
i i Cylindrical Phosphatidylcholine (PC)
i : Sphingomyelin (SM)

_____

Inverted Conical ~ Phosphatidylethanolamine (PE)
Phosphatidic acid (PA)

Lysophosphatidylcholine (LPC)
Oleic acid
Lysophosphatidic acid (LPA)

Conical

Fig. 5. Schematic representation of lipids with different shapes and their examples

Unsaturation further contributes to interfacial dynamics. In unsaturated lipids, the cis-
double bonds introduce kinks in the acyl chains that hinder tight packing. This reduces van
der Waals interactions, increases the effective cross-sectional area, and shifts the molecular
geometry toward more conical shapes. As a result, unsaturated chains remain disordered
and fluid under physiological conditions, whereas saturated chains readily align into
tightly packed, gel-like states [113].

Fluorescently labeled lipids were employed for visualization and fluorescence recovery
after photobleaching (FRAP) studies. These included 1,2-dioleoyl-sn-glycero-3-
phosphoethanolamine labeled with fluorescein (FITC-DOPE), rhodamine (Rhod-PE),
Atto647N (Atto647N-DOPE), and DOPE-Cy5.5. The fluorescent lipid concentration was
typically 1-2 mol% of total lipid content. In some experiments, BODIPY 493/503 labeled
the LD core, and Cy5-labeled dextran served as a water-soluble dye to assess molecular
transport. These probes were selected for their compatibility with the imaging system, as
described later [118].

Recombinant proteins used for lipid-protein interaction studies included human perilipin-

2 (PLIN2) and bovine perilipin-5 (PLINS), both well-established LD-associated proteins
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[56]. PLIN2 and PLINS were purchased from Abcam and Cusabio Technology LLC,
respectively, and purified according to supplier protocols.

Unless otherwise stated, all experiments were performed in buffer solution containing 150
mM KCI prepared with ultrapure Milli-Q water. All phospholipids and lipid-related
molecules were obtained from Avanti Polar Lipids (Alabaster, AL, USA) unless otherwise
noted. Triolein (T7140) and squalene (S3626) were from Sigma-Aldrich, FITC-DOPE

from Santa Cruz Biotechnology (ChemCruz), and Cy5-dextran from Creative Biolabs.

4.2 Methods

4.2.1 pChip and Microfluidic Platforms for Lipid Droplet Studies

To investigate the properties and interactions of lipid droplets (LDs), this thesis
employed a series of custom-designed microfluidic platforms developed in our
laboratory. Unlike more complex systems reported in the literature, our method
aims to mimic the native architecture of lipid droplets and their properties [119].
To differentiate between them, the term “pChip” refers to experiments with free-
standing LD membranes (artificial LD monolayers), whereas “microfluidic
device” refers to those used for LD contact site experiments. A third setup, the free-
standing bilayer device, allowed studies of LD-bilayer interactions and lipid
exchange.

The devices were fabricated using soft lithography, a replica-molding technique in
which an elastomer (typically polydimethylsiloxane, PDMS) is cast against a
master mold to generate micro- and nanoscale features. This method is widely
applied in microfluidics because it is inexpensive, rapid, and enables highly
accurate replication of channel geometries [119]. The main steps include mold
preparation (via 3D printing or photolithography), PDMS casting and curing,
demolding, and finally bonding the PDMS structure to glass substrates. Regardless
of the final application, all structures were designed in AutoCAD and fabricated
using the silicone elastomer kit Sylgard 184 (Dow Corning) to produce PDMS
microfluidic devices and the final bonding was strengthened by baking at 90-95°C
for 1 h.

For the pChip device, which was used for planar monolayer studies, a 3D-printed
cylindrical well (3 mm diameter) was placed at the center of a glass Petri dish, and
a degassed PDMS mixture was poured to a thickness of ~3 mm, partially

embedding the cylinder, cf. Fig. 6. The mold was fabricated using UltiMaker tough
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PLA (polylactic acid), a modified PLA-based 3D printing filament designed to
provide enhanced mechanical performance while retaining the ease of use of
standard PLA. Compared to conventional PLA, tough PLA offers higher impact
strength and improved resistance to deformation, making it particularly suitable for
functional prototyping and structural applications requiring durability. The PDMS
was cured for 6-7 hours at 60 °C, a temperature well below the softening point of
UltiMaker tough PLA (150-160 °C), which ensured that the PLA mold maintained
its structural integrity during curing and enabled precise replication of the
microchannel geometry. After curing, the PLA mold was carefully removed. Then,
a square PDMS blocks containing the cylindrical cavity were cut, removed and
bonded to PDMS-coated glass coverslips (spin-coated at 3000 rpm for 5 min) using
oxygen plasma treatment (Diener Electronics), followed by incubation at 90-95 °C
for 1 hour to enhance sealing (see Fig. 6 for production steps). The resulting
shallow wells provide a stable and optically, accessible oil-water interface for

planar monolayer formation.

Tough PLA Cylinder i
PDMS i \

Positioning the cylinder and curing PDMS Detaching the cylinder
PDMS

Covering the glass cover slip with PDMS Bonding the molded PDMS with PDMS
covered glass cover slip

Fig. 6. Schematic representation of steps for pChip production

For lipid droplet model assembly, phospholipids (DOPC, DOPE, or a 1:1 mixture)
were dissolved in ethanol, dried under vacuum, and rehydrated with triolein. The
mixture was ultrasonicated to a final concentration of 2% w/w phospholipid in
triolein, supplemented with 2 mol% FITC-DOPE for fluorescence visualization
[120]. This concentration is slightly above the critical threshold required to form
stable droplet interface bilayers. In order to model LD’s monolayer membrane, 6
uL of the lipid-in-oil phase was pipetted into the PDMS well, followed by the
gentle addition of 20 pL of 150 mM KCI buffer. This lipid-in-oil phase mimics the
lipid composition of the LD core (DOPC and DOPE), providing a realistic oil

environment for monolayer formation at the oil-water interface. Upon addition of
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the aqueous buffer, a phospholipid monolayer spontaneously assembles within
seconds at the interface between the two immiscible phases, see fig. 7. The order
of layering, placing the denser aqueous phase above the less dense oil phase, was
deliberately chosen to ensure a stable and well-defined oil-water interface. In this
configuration, the higher-density buffer remains positioned above the lighter
triolein phase, while the cylindrical well confines both liquids within a controlled
geometry. The small dimensions of the well (3 mm in diameter, millimeter-scale
depth) are critical to maintaining interfacial stability and preventing phase
inversion, in which the less dense oil could otherwise rise and spread over the
buffer. This design not only preserves a stationary and optically accessible interface
but also provides the practical advantage of allowing subsequent addition of buffer-
dispersed vesicles or proteins without disturbing the underlying oil phase. Such
geometric and compositional considerations were essential to achieving
reproducible and stable monolayer formation in the pChip. This minimal system is
reproducible, optically accessible, and well-suited for studying protein-lipid
interactions, lipid diffusion dynamics (e.g., via FRAP), and the influence of lipid
composition [ 123, 124].

This puChip system was used to study both the biophysical properties of lipid
monolayers and the effects of PLIN2 (ADRP) on phospholipid diffusion.
Incorporating fluorescently labeled lipids allows quantitative analysis of lateral
mobility, providing insights into diffusion dynamics under various lipid

compositions [121, 122].

A) Microfluidic Scheme B) Artificial Lipid Droplet
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Fig. 7. (A) Sketch of the microfluidic device. (B) Schematic of the phospholipid

decorated triolein-buffer interface.

In addition to the pChip, a 3D microfluidic device was fabricated to investigate
interactions between lipid droplets (LDs) and large unilamellar vesicles (LUVs)
(Fig. 8). The device consisted of a straight microchannel with dimensions of 15

mm X 1 mm x 100 pm. The master mold was produced using standard
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photolithography: SU-8 photoresist was spin-coated onto a 2-inch silicon wafer to
achieve the targeted 100 um channel height. Spin-coating was performed under
optimized conditions (500 rpm for 20 s with 100 rpm/s acceleration, followed by
1500 rpm for 60 s with 300 rpm/s acceleration), yielding a uniform resist layer.
After soft-baking (65 °C for 15 min, 95 °C for 45 min), the wafer was exposed to
UV light (400 nm, 15 mW/cm?, 20 s) through a photomask and post-baked (65 °C,
1 min; 95 °C, 5 min). Development in acetone, ethanol, and distilled water
produced a well-defined negative channel mold.

PDMS (Sylgard 184) was poured onto the SU-8 master, degassed for 30 min to
remove air bubbles, and cured with the standard protocol. After demolding, inlet
and outlet ports were punched, and the PDMS channel was plasma-bonded to a
glass coverslip. The assembled device was baked at 90-95 °C for 1 h to strengthen
the bond and partially restore PDMS hydrophobicity. This 3D microfluidic chip
provides a controlled, optically accessible environment for studying droplet-

vesicle interactions [121, 122].

PDMS

Dispensing photoresist on a silicon wafer Curing PDMS on top of the channel

Spin coating and soft bake

Detaching the PDMS from the mold

Mask aligning

ZTIZITEREEED.

Exposure with a UV light

Punching the inlet and outlets to the channel

Post exposure and development Bonding the PDMS with glass cover slip

Fig. 8. Schematic representation of steps of photolithography (A) and soft-
lithography (B)

The 3D microfluidic device was used to study LD-LUV contact-site formation
under well-defined conditions. Lipid droplets of controlled size and composition
were prepared using a spherical model droplet technique [96]. Specifically,
phospholipids (DOPC or DOPE, 25 mg/mL in chloroform) were diluted to 2 wt%
in chloroform, dried under vacuum for 60 min to remove the solvent completely,
and rehydrated with 250 pL of triolein. When required, proteins such as PLINS

were incorporated by adding 4 uL of a 0.1 mg/mL protein solution in reconstitution
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buffer (Tris-HCI, EDTA, trehalose, 5% glycerol) at this stage. The lipid-oil mixture
was dispersed into 8-10 mL of 150 mM KCIl buffer by magnetic stirring at 250 rpm
for 5 min. Stirring speed and duration were optimized to produce droplets with
diameters of ~5-20 um, suitable for fluorescence microscopy. Large unilamellar
vesicles (LUVs) were prepared from DOPC:DOPE (60:40 molar ratio), containing
2 mol% Rhod-PE and Dextran-Cy5 to label the vesicle surface and core,
respectively. Lipids and dyes (1 mg/mL in chloroform) were vacuum dried for 1 h
and rehydrated in 150 mM KCI buffer by pipetting and vortexing. The suspension
was extruded 10 times through a 1 pum polycarbonate filter at 50 °C. A 1:100
dilution yielded optimal visibility and minimal background, corresponding to a
final vesicle concentration of 8.67 % 10® vesicles/mL. For contact-site assays, 10
pL of LUV suspension was incubated with 60 pL of LD dispersion for 1 h at room
temperature before loading into the microfluidic observation chamber. Time-lapse
fluorescence microscopy allowed visualization of LD-LUV interactions and
enabled quantitative analysis of protein-mediated tethering, lipid exchange, and
dynamic remodeling at the monolayer interface.

In addition to the pChip and 3D microfluidic platforms, a dedicated device for free-
standing bilayer formation was employed to investigate lipid droplet (LD)-bilayer
interactions and lipid/protein exchange (Appendix II, Puza, Asfia et al., [IMS
2023). The device consisted of a PDMS block containing a narrow rectangular
aperture (200-300 pm wide) in the middle of a channel, fabricated using the same
soft lithography techniques described for the other platforms. The PDMS block
was plasma-bonded onto a glass coverslip to create a stable, optically accessible
chamber for bilayer formation and microscopy. The geometry of the aperture
enabled reproducible formation of free-standing bilayers, with stability ranging
from 10 min to several hours depending on lipid-oil composition, providing a
platform for quantitative measurements such as FRAP and protein-lipid interaction
assays.

Bilayers were assembled by sequential deposition of a phospholipid-oil mixture
(DOPC:DOPE, 3:1 in squalene) and buffer. Opposing monolayers gradually zipped
together to form a stable bilayer across the aperture. ADRP-coated LDs could then
be deposited onto the bilayer, where they spontaneously docked and inserted,
enabling studies of lipid and protein exchange at the LD-bilayer interface. The
approach, developed and optimized in collaboration with S. Puza, allowed
quantitative comparison of lipid diffusion with and without protein decoration.
The main application of this device is to provide a controlled platform to examine

diffusion and partitioning of lipids and proteins between a bilayer and bilayer-



41

4.2.2

embedded LDs. This design ensures high optical accessibility for microscopy, and
compatibility with quantitative assays such as FRAP, making it suitable for studies
of LD-bilayer interactions under well-defined conditions.

Together, the pChip and 3D microfluidic device constitute robust, reproducible
platforms for modeling lipid droplets, enabling both simplified monolayer studies
and dynamic contact site experiments under well-defined conditions.

Together, the pChip, the 3D microfluidic device, and the free-standing bilayer
platform provide a robust and reproducible suite of tools for investigating lipid
droplet (LD) biology under well-defined conditions. Collectively, these devices
bridge the gap between minimal and more complex in vitro systems, offering
versatile platforms for mechanistic studies of LD properties, interactions, and

protein-mediated dynamics.

Interfacial Tension Measurement

The pendant drop method is a standard technique for measuring interfacial tension,
and in this work it was applied at the triolein-buffer interface decorated with
phospholipids, using a contact angle measurement system (OCA 20, DataPhysics,
Germany), cf. Fig. 9 as an example. In this method, a transparent cuvette with
optical grade surfaces is first filled with the lighter phase, in our experiments the
phospholipid-containing triolein solution (density: 0.91 g/cm?®). Subsequently, a
pendant droplet of the denser aqueous buffer (density: 0.998 g/cm?) is formed at
the tip of a hollow needle submerged in the oil phase [125, 126].

Once the pendant droplet is formed, its shape is governed by the balance of
gravitational, buoyancy, and interfacial (surface) forces. The effective weight of
the droplet causes it to elongate due to gravity, while the interfacial tension acts to
minimize its surface area and maintain a rounded shape. The final equilibrium

shape reflects this balance:

1 1

P(2) = Papex — Apgz =y (K1 + k2) = V(_ + _) = AP
R, " R

Here in this balance, p(z) is the local pressure at height z (the vertical distance
measured downward from the droplet apex), papex is the pressure at the droplet apex,
Ap = p putter - P oil 1S the density difference between the aqueous and oil phases, and
g is the gravitational acceleration. The term y denotes the interfacial tension, and
Ri and R: are the principal radii of curvature at a given point on the droplet surface.

The local curvatures k: = 1/R: and x2 = 1/R. together define the total curvature k =
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K1 + K2 of the interface [127]. While the classical Young-Laplace equation describes
only the mean curvature of a free interface in the absence of gravity and buoyancy,
for pendant droplets under gravity, the droplet profile is determined by an extended
version of the Young-Laplace equation that also accounts for hydrostatic pressure
resulting from gravitational and buoyancy forces. This results in a description
where both pressure and curvature vary along the rotationally symmetric interface
as a function of height, and the shape can be calculated numerically by solving the
modified Young-Laplace equation for the specific system [128].

In the pendant drop method, this equation is applied by fitting the observed droplet
profile to a theoretical shape derived from the Young-Laplace equation. The
measurement software (SCA 20) captures high-resolution images of the droplet and
analyzes its contour. From this analysis, the radii of curvature and volume are
extracted, and the interfacial tension is calculated by solving the extended Young-
Laplace equation for y.

To ensure precise and reproducible measurements, the droplet volume was
maintained at (2.0 +0.5) pL. Volumes outside this range may lead to inaccuracies:
droplets that are too small exhibit minimal deformation, as the surface forces
dominate over gravitational forces, limiting the sensitivity of the analysis, while
overly large droplets are prone to detachment or instability and may even fall off
during the measurement, which can distort the shape and reduce the precision of
the interfacial tension fitting [129, 130].

All measurements were carried out at room temperature (23 + 1) °C, with each
droplet allowed to equilibrate until its shape stabilized at a plateau, giving sufficient
time for phospholipids or other surfactants to diffuse and fully decorate the
liquid/liquid interface before acquisition. For each experimental condition, at least
three independent droplets were analyzed, and the reported interfacial tension
values represent averaged results. Calibration of the system was verified against

pure water-air measurements (72 mN/m at 23 °C) to confirm accuracy.
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4.2.3

Fig. 9. Pendant drop image as it used for interfacial tension measurement

Optical Microscopy

Optical microscopy was employed to observe lipid droplet (LD) membrane
models, characterize LD and large unilamellar vesicle (LUV) dispersions, and
monitor LD-LUYV interactions in microfluidic devices. Prior to incubation, LD and
LUV samples were imaged separately to confirm size distribution, fluorescence
labeling, and dispersion stability. For interaction experiments, 10 pL of LUV
suspension was incubated with 60 uL of LD dispersion for 1 h at room temperature
before being introduced into the microfluidic observation chamber.

Most experiments were performed using widefield fluorescence microscopy on an
inverted Axio Observer 7 (Carl Zeiss Microscopy GmbH) equipped with a Colibri7
LED light source and a CMOS camera (Axiocam 712). Images were acquired with
a 40x objective (NA 0.95), and 14-bit depth. Fluorescent phospholipids (FITC-
DOPE, Rho-DOPE, Atto647-DOPE) were visualized with the appropriate filter
cubes. FITC fluorescence was excited with filter sets in the range of 390-530 nm
and emitted between 460-605 nm. Fluorescence from Rhodamine and Cy5 was
collected using filter sets with excitation at 538-562 nm and 614-647 nm, and
emission at 570-640 nm and 659-759 nm, respectively. This system was used
mainly for LD monolayer imaging, z-stack acquisitions, and FRAP experiments.
To achieve higher spatial resolution and optical sectioning, spinning disk confocal
microscopy was employed using an inverted Nikon Ti-Eclipse microscope
equipped with a LU-NV laser unit and a Yokogawa CSU-W1 spinning disk head.

Excitation lasers at 481 nm, 561 nm, and 643 nm, combined with emission filters
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at417-477, 515-540, 589-625, and 665-705 nm, enabled simultaneous detection of
bilayer regions, LDs, and fluorescently tagged proteins. A 40% oil-immersion

objective (working distance 220 pm) was used.

Diffusion Investigation based on the Fluorescence Recovery

After Photobleaching (FRAP) Technique

Fluorescence recovery after photobleaching (FRAP) was employed in this study
both to investigate the lateral diffusion of different phospholipids at the LD surface
and to examine how the LD-associated protein PLIN2 modulates lipid mobility.
FRAP is a widely used biophysical technique that allows the quantification of
molecular mobility within membranes and monolayers by monitoring the rate at
which fluorescently labeled molecules move back into a photobleached region.
This approach not only provides the diffusion coefficient (D) but also reveals
dynamic heterogeneity, potential diffusion barriers, and the effects of protein
binding or crowding at the interface. In the context of lipid droplets, FRAP is
particularly informative for understanding how proteins such as PLIN2 influence
lipid packing, monolayer fluidity, and lateral organization. FRAP experiments were
conducted on the same widefield (Axio Observer 7) and confocal (Nikon Ti-
Eclipse) systems described above, with bleaching and recovery protocols adapted
to each optical configuration.

On the Axio Observer 7 widefield microscope, photobleaching was performed
using the LED illumination system at maximum output (~25 mW at the sample
plane, corresponding to ~8 mW/mm?). A circular bleaching region was defined by
a 50 um pinhole aperture projected onto the LD monolayer and illuminated for ~30
s until fluorescence was nearly abolished. Fluorescence recovery was then
monitored at low LED intensity (<I mW at the sample plane) to minimize
secondary bleaching. Imaging was performed with 150 ms exposure time, and
time-lapse acquisition continued until recovery reached a plateau.

On the Nikon Ti-Eclipse spinning disk confocal, bleaching was performed within
software-defined circular ROIs ranging from 5-50 pm in diameter, depending on
LD size. Each measurement began with a 20-second pre-bleach acquisition phase.
Photobleaching was carried out by applying maximum laser power (70 mW for
481 and 561 nm; 125 mW for 647 nm) for 20 s, divided into 10 loops repeated
three times. Recovery was then monitored for at least 5 minutes under reduced

illumination to capture the complete dynamics.
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All experiments were performed at room temperature (23 °C). Recovery curves
were normalized by dividing intensity values by the maximum pre-bleach
fluorescence, thereby setting the pre-bleach intensity to unity and allowing
comparisons across experiments. The normalized curves were fitted to the

Soumpasis equation [131] using Python:

2

r
D =0.224. —
T1/2

where D is the diffusion coefficient, » the radius of the bleached area, and t1/2 the
half-time of recovery. This model assumes negligible diffusion during the
bleaching step and provides a robust estimate of lipid mobility within the
monolayer [48].

The results consistently showed that FITC-DOPE, Rho-DOPE, and Atto647-DOPE
displayed comparable recovery dynamics in pure DOPE monolayers, confirming
the reproducibility of the approach. The bleaching region was carefully controlled
to remain constant within each setup (50 um pinhole for the Axio Observer, 5-50
pm ROIs for the Nikon system). Interestingly, Rho-DOPE exhibited markedly
higher photostability compared with FITC-DOPE and Atto647-DOPE. Although
this did not alter the diffusion coefficients calculated from the recovery data, it
resulted in more stable fluorescence signals during repeated acquisitions.
Therefore, Rho-DOPE was preferentially used as the fluorescent probe in
subsequent imaging experiments whenever possible to ensure higher signal

reliability and minimize photobleaching artifacts.
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5. Results and Discussions

This chapter presents the results of three projects forming the core of this thesis. Two are
published in peer-reviewed journals, and the third has been submitted at the time of thesis
submission. Across these studies, microfluidic platforms (which are introduced already in the
method part) were employed to investigate lipid droplet (LD) dynamics, phospholipid mobility,
and protein-mediated interactions with organelles. All three publications are attached in
Appendices I-111.

In the first project (Asfia et al., BBA - Biomembranes, 2023), a planar LD model was established
to quantify lipid diffusion using FRAP. The results demonstrated that lipid mobility is strongly
governed by molecular packing, with conical or charged lipids promoting higher diffusion and
cylindrical or saturated lipids restricting it. In the second study (Puza, Asfia et al., IJMS, 2023),
perilipin-2 (PLIN2) was shown to reshape the morphology of bilayer-embedded LDs while
exerting minimal effects on lipid mobility, linking protein binding to interfacial mechanics. The
third project (Mohammadian, Asfia et al., Biochemistry and Biophysics Reports, 2025)
extended this framework to LD-organelle communication, showing that perilipin-5 (PLINS)
facilitates contact formation and lipid transfer between LDs and large unilamellar vesicles
(LUVs).

The following sections provide a detailed discussion of these results in the context of LD

biophysics and microfluidic modeling.

5.1 Biophysical Properties of Lipid Monolayers at the Lipid Droplet

Interface: Influence of Lipid Type and Composition

Lipid droplets (LDs) originate in the endoplasmic reticulum (ER) and are covered by a
phospholipid monolayer enriched with proteins and sterols [132, 133]. The composition
and physical properties of this monolayer strongly influence LD behavior, including
packing, interfacial tension, and lateral diffusion. To explore these effects, planar LD
models were generated at a triolein-buffer interface, and lipid mobility was quantified
using FRAP for the categorized saturated, unsaturated, and sterol lipids. The results are
published in Asfia et al., Biochimica et Biophysica Acta - Biomembranes (2023) and
summarized here. For further details on materials, methods, and results, refer to Appendix
L.

Unsaturated phospholipids generally promote looser packing and higher lateral mobility,
consistent with their molecular geometry. For example, cone-shaped DOPE reached
diffusion coefficients of ~17 pum?s, while cylindrical DOPC displayed ~8 pum?/s.
Intermediate lipids, such as POPC and N-DOPE, showed diffusion values between these
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extremes, illustrating how both molecular shape and resulting packing density influence
monolayer dynamics. Surface tension measurements were consistent with these
observations: monolayers containing more conical lipids exhibited higher surface tension,
indicative of lower packing density (Fig. 10). LPC, a single-tailed inverted cone lipid,
displayed similar diffusion to DOPC and POPC, further supporting the link between

molecular shape and lateral mobility.
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Fig. 10. FRAP-derived diffusion constants (green) and surface tension values
(yellow) for selected unsaturated phospholipids at the triolein—buffer interface.
Schematic representations illustrate lipid geometry (cone vs. cylinder).
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Saturated phospholipids, such as DPPC and sphingomyelin (SM), formed densely packed
monolayers with reduced mobility (~5-8 pm?*s), consistent with their cylindrical shapes
and tighter packing. DSPA, a negatively charged saturated lipid, displayed higher diffusion
(~20 pm?s) primarily due to electrostatic repulsion between headgroups rather than
packing. Mixtures of DOPC with DSPA, or of other saturated/cylindrical lipids with
charged lipids, yielded intermediate mobility and surface tension, demonstrating how both
geometric packing and electrostatic interactions jointly influence monolayer properties
(Fig. 11). These findings highlight the central role of lipid type and composition in
determining the biophysical landscape of the LD interface.
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Fig. 11. FRAP-derived diffusion constants (green) and surface tension values (yellow)
for saturated phospholipids and DOPC-DSPA mixtures. Schematic representations
indicate the combined effects of molecular shape and charge on packing and lateral

mobility.

Moreover, sterols were also explored to study their influence on LD monolayer biophysics.
Cholesterol at 10% molar fraction increased both lipid diffusion and surface tension,
consistent with its ability to disrupt packing and create free volume at the interface. In
contrast, cholesteryl esters, which partition into the neutral lipid core, had minimal effect
on monolayer properties. Monolayers containing up to 15% cholesteryl ester showed
diffusion and surface tension values essentially identical to pure DOPC or DOPE
monolayers. These results suggest that sterols can selectively modulate interfacial
dynamics depending on their localization: membrane-inserting sterols affect packing and
diffusion, while core-localized esters do not.

In summary, the lateral mobility and surface tension of lipid monolayers decorating LDs
depend on lipid molecular shape, packing, charge, and mole fractions. Unsaturated, cone-
shaped lipids favor looser packing and faster lateral diffusion, while saturated, cylindrical
lipids pack more densely and diffuse more slowly. Sterols can further modulate these
properties by changing the effective packing density at the interface, although cholesteryl
esters, which localize in the neutral lipid core, do not affect the monolayer. This consistent

reasoning clarifies how molecular structure, packing, and electrostatic interactions jointly
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define LD monolayer biophysics, providing a foundation for interpreting LD-protein and

LD-organelle interactions.

5.2 Effect of PLIN2 (ADRP) protein on the Phospholipid Diffusion

Properties of an LD Embedded in a Bilayer

To investigate how ADRP (also known as PLIN2) influences the mobility of phospholipids
on lipid droplets (LDs) and the exchange of lipids between LD monolayers and
surrounding bilayers, we employed two complementary microfluidic approaches. The
results presented in this section have been published in Puza, Asfia et al., International
Journal of Molecular Sciences, 2023, and the complete experimental details can be found
in Appendix II.

In the first approach, we used a simplified LD model by forming a phospholipid monolayer
at the buffer-triolein interface inside a microfluidic chamber which is thoroughly described
in the method section. The monolayer consisted of DOPC and DOPE in a 3:1 molar ratio
with 2 mol% DOPE-Cy5 as a fluorescent probe. Using FRAP, we quantified lateral
diffusion with and without the presence of ADPR protein. For total phospholipid
concentrations in triolein at or above 1 wt% (defined as the weight percentage of
phospholipids relative to the triolein phase), the monolayer exhibited a concentration-
independent diffusion coefficient of =8 um?/s. At lower phospholipid concentrations, the
diffusion coefficient increased, consistent with reduced monolayer packing and incomplete
surface coverage. Upon addition of the fluorescently labelled protein ADRP-Alexa488 (1
uM), the protein decorated the interface and formed micrometer-scale clusters,
corresponding to the patchy distribution observed in Fig. 12, A (bottom row). Because
ADRP organizes into clusters rather than remaining uniformly distributed, its markedly
lower diffusion coefficient is consistent with confined or collective motion of these
assemblies. Interestingly, the presence of ADRP did not significantly alter the phospholipid
diffusion, which remained within experimental error of the control condition. By contrast,
ADRP itself exhibited much slower lateral motion, with a diffusion coefficient of =0.3
um?/s, over twenty times lower than that of the surrounding lipids. This constitutes the first
direct quantification of ADRP mobility on a lipid monolayer and indicates that while the
protein remains mobile, it diffuses in a fundamentally different regime compared with
phospholipids (Fig. 12, B). These results show that ADRP decorates LD surfaces in a
clustered yet partially dynamic manner, without creating a detectable steric barrier to lipid

motion.
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Fig. 12. (A) Fluorescence images of a DOPC:DOPE (3:1) monolayer at the buffer-
triolein interface before and after bleaching (DOPE-Cy5, 2% mol; ADRP-Alexa488,
1 uM). (B) FRAP curves showing recovery for DOPE-Cy5 (red), ADRP-Alexa488
(green), and DOPE-CyS5 on bilayer-embedded LDs (yellow). (C) DOPE diffusion versus
total lipid concentration, with and without ADRP; averages of ~30 measurements with

error bars.

Additionally, the lipid exchange between ADRP-coated LDs and a free-standing
DOPC:DOPE (3:1) bilayer were examined. Upon deposition, LDs spontaneously inserted
into the bilayer and remained stably positioned at the interface, allowing direct observation
of lipid dynamics across the LD-bilayer contact. FRAP experiments were performed on
DOPE-Cy5 within both the LD monolayer and the bilayer to quantify lateral diffusion and
potential lipid transfer between them. DOPE-Cy5 fluorescence on ADRP-coated LDs
recovered rapidly after photobleaching, with kinetics comparable to those of monolayers
and bilayers in the absence of ADRP. This indicates that the LD-bilayer boundary remained
permeable to lipid exchange. This behavior differs from observations in LDs lacking
ADRP, where accumulation of cone-shaped lipids such as DOPE at regions of negative
curvature has been hypothesized to form a stabilizing, curvature-supporting ring that may
act as a partial diffusion barrier [121, 138, 139].

The morphology of ADRP-coated LDs further supports this interpretation. 3D confocal
imaging revealed a characteristic “pancake-like” flattening of the LD at the bilayer
interface. Because such morphology requires altered wetting behavior at the three-phase
contact line, based on wetting theory and prior literature [140], we infer that ADRP protein
accumulates there. Such enrichment would help explain the increased lipid exchange we
observe, by localizing to regions of highest curvature and interfacial tension, ADRP likely
disrupts any DOPE-enriched ring that could otherwise act as a barrier, allowing lipids to
move more freely between the LD and the bilayer. Consistent with this interpretation, our
measurements also confirm that while ADRP forms micrometer-scale clusters on LD
surfaces, it remains mobile, even though with a diffusion coefficient significantly lower
than that of phospholipids (~0.3 pm?/s versus ~8 pm?/s), highlighting a distinct dynamic

regime for the protein.
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In summary, our findings demonstrate that ADRP organizes into micrometer-scale clusters
on LD surfaces that remain mobile, as quantified by FRAP, without restricting
phospholipid diffusion. By accumulating at regions of high curvature at the LD-bilayer
interface, ADRP promotes lipid exchange and supports the characteristic flattened,
“pancake-like” LD morphology. These results provide a mechanistic link between ADRP’s
structural organization on LDs and its functional role in facilitating lipid redistribution,
illustrating how the protein modulates both LD surface dynamics and LD-bilayer

interactions to maintain lipid homeostasis.

5.3 Role of PLINS and lipid composition in LD’s Contact Sites with

LUVs as a model for organelle membranes

To investigate how lipid composition and the presence of PLINS influence interactions
between lipid droplets (LDs) and organelle membranes, we modeled LDs coated with
either DOPE or DOPC and incubated them with large unilamellar vesicles (LUVs) to
mimic organelle bilayer membranes, observing their interactions in a microfluidic device.
Details of the LD and LUV model systems, as well as the microfluidic setup, are provided
in the Methods section. This study is described in the manuscript “Influence of PLIN5 and
Lipid Composition on Lipid Droplet Contact Sites with Other Organelles” (under review
in Biochemistry and Biophysics Reports), and additional information on lipid
compositions, fluorescent labeling, and imaging protocols is available in Appendix III.

In the first series of experiments, LDs coated with either DOPE or DOPC were incubated
with DOPC/DOPE LUVs. After the incubation time, many previously non-fluorescent
LDs acquired a distinct orange signal, indicating the transfer of rhodamine-labeled
phospholipids from the LUV membrane into the LD monolayer (Fig. 13). No fluorescence
from the aqueous core dye of the LUV was detected on LDs, confirming that these events
did not result from full vesicle fusion. Instead, the data indicates the formation of transient
lipidic bridges that allow phospholipid transfer while maintaining the integrity of both
compartments. Although only transient lipidic bridges were observed regardless of
whether LDs were coated with DOPE or DOPC, the type of phospholipid significantly
influenced fusion efficiency. DOPE-coated LDs exhibited a high proportion of fusion
events (<95%), whereas DOPC-coated LDs showed substantially fewer fusions (=35-40%)
over the same incubation period. These statistics were obtained by analyzing at least 150
LDs in each set of experiments. This difference aligns with the distinct properties of the
two monolayers. DOPE, being conical and less tightly packed, generates higher surface
tension (~2.3 mN/m) and faster lipid mobility (~18 um?/s), which favor the initiation of
lipid bridges. In contrast, the more cylindrical and tightly packed DOPC monolayers (~1.5



mN/m, ~8 um?/s) present a less permissive interface. These observations emphasize that
lipid packing geometry is a key determinant of LD contact behavior, with more loosely
packed monolayers enabling efficient transient interactions. These findings are consistent
with our earlier study on LD monolayer dynamics, which demonstrated that phospholipid

geometry and packing strongly influence lateral mobility and the tendency for fusion.
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Fig. 13. Fusion behavior of LD's monolayer with LUVs after the incubation time. LD's

monolayer consists of DOPC (top row) and DOPE (bottom row). The different columns show
the same spot of one sample with different microscopy contrast methods, respectively
fluorescent wavelengths. (left) Bright field micrographs, (middle) rhodamine dye channel and
(right) Cy5 dye channel.

To investigate the contribution of perilipin-5 (PLINS), a similar set of experiments was
carried out with PLINS incorporated into the LD monolayer. The presence of PLINS
reduced phospholipid transfer: the fusion rate of LDs showing rhodamine uptake decreased
by ~1.3 times for DOPE-coated LDs and ~8 times for DOPC-coated LDs. Although lipid
exchange was reduced, additional interaction behaviors were observed. LDs frequently
displayed discrete, punctuate fluorescence signals corresponding to LUVs that remained
stably attached for extended periods of time (Fig. 14). These puncta were showing the
signals for both the membrane-associated dye (rhodamine) and the core dye (Cy5),
indicating that intact LUVs had been attached to the LD surface. Unlike the transient
lipidic bridges observed in the absence of PLINS, these events represent protein-mediated

tethering, where LUVs are anchored at the LD surface without undergoing fusion.
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Fig.14. Fusion behavior of PLINS5-decorated LDs with LUVs after the incubation time.
LD's monolayer consists of DOPC (top row) and DOPE (bottom row), plus PLINS.

Different columns show bright field images (left), rhodamine dye channel (middle) and
CyS5 channel (right). The different columns show the same spot of one sample with

different microscopy contrast methods, respectively fluorescent wavelengths.

Together, these experiments demonstrate that lipid composition and PLINS cooperatively
regulate LD-membrane interactions. DOPE-coated LDs favor efficient lipid transfer
through transient lipidic bridges, while DOPC-coated LDs show lower transfer efficiency
due to tighter packing. PLINS limits lipid exchange, particularly on DOPC-coated LDs,
and promotes the formation of stable, long-lived contacts via protein-mediated tethering.
These findings highlight how both lipid geometry and protein decoration jointly determine
the nature and efficiency of LD contact sites with organelle membranes, extending the

mechanistic understanding of LD interactions established in our prior studies.
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6. Summary and Outlook

This thesis presents a comprehensive investigation into the dynamics, biophysical properties,
and inter-organelle interactions of lipid droplets (LDs) using microfluidic platforms. The
motivation behind this research was to develop reproducible, optically accessible, and precisely
controlled model systems that model the unique architecture and functional complexity of LDs
in living cells. By systematically studying LD composition, protein association, and membrane
contact behavior, this work contributes fundamental insights into lipid biology and organelle
communication.

The first part of the research focused on establishing a well-controlled microfluidic model of
the LD interface, where a triolein-buffer system formed a planar lipid monolayer mimicking
the phospholipid-coated surface of intracellular LDs. By varying lipid composition, particularly
between cylindrical (DOPC) and conical (DOPE, DSPA) molecules, it was demonstrated that
lipid packing geometry plays a dominant role in controlling both diffusion dynamics and
surface tension. These results, quantified using FRAP and pendant drop methods, revealed that
unsaturated, conical lipids enhance molecular mobility and interfacial tension, while saturated
or densely packed lipids restrict diffusion.

In the second part, the role of perilipin-2 (PLIN2/ADRP) in regulating the morphology and
behavior of bilayer-embedded LDs was investigated. PLIN2-coated LDs consistently adopted
a pancake-like morphology, in contrast to the spherical shape of protein-free droplets. This
altered geometry was attributed to an inhomogeneous surface tension distribution caused by
localized PLIN2 accumulation, particularly near the three-phase contact line. Importantly,
while PLIN2 did not affect phospholipid diffusion on the LD surface, it disrupted the diffusion
barrier between the LD monolayer and the surrounding bilayer, thereby facilitating lipid
exchange across the interface.

The final part explored LD contact sites with model organelles, using large unilamellar vesicles
(LUVs) as models for cellular organelles. Dual labeling revealed the formation of lipidic
bridges that enabled phospholipid transfer and membrane fusion, suggesting transient
hemifusion-like states as a mechanism of lipid communication. Furthermore, perilipin-5
(PLINS) was found to stabilize these contact sites, supporting its known role in tethering LDs
to mitochondria and other organelles.

Taken together, the three studies provide a stepwise and complementary view of LD dynamics:
lipid composition defines baseline surface properties, PLIN2 introduces protein-mediated
regulation of LD geometry and exchange, and PLINS promotes inter-organelle connectivity.
Beyond these biological insights, the work demonstrates the adaptability of microfluidic
platforms for dissecting LD biology under controlled conditions. By bridging molecular-scale

mechanisms (lipid packing and protein decoration) with organelle-level interactions (tethering
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and lipid transfer), this thesis establishes a cohesive framework that links the physicochemical
principles of LD organization to their biological roles.

Looking ahead, the flexible design of the microfluidic systems developed here allows for future
integration of complex organelle geometries, multi-organelle assemblies, or energy-coupled
processes that better mimic cellular metabolism. Mutational analysis or post-translational
modifications of LD-associated proteins such as PLIN2 and PLINS5 represent promising
directions for linking molecular changes to disease phenotypes. Moreover, the platforms could
serve as a basis for studying drug interactions, lipid trafficking inhibitors, or nanocarrier

systems targeting LD-related pathways in cancer and metabolic disorders.
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Appendix (I) Phospholipids diffusion on the surface of model lipid droplets
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Abstract:

Lipid droplets (LD) are organelles localized in the membrane of the Endoplasmic Reticulum (ER) that
play an important role in metabolic functions. They consist of a core of neutral lipids surrounded by a
monolayer of phospholipids and proteins resembling an oil-in-water emulsion droplet. Many studies
have focused on the biophysical properties of these LDs. However, despite numerous efforts, we are
lacking information on the mobility of phospholipids on the LDs surface, although they may play a key
role in the protein distribution. In this article, we developed a microfluidic setup that allows the
formation of a triolein-buffer interface decorated with a phospholipid monolayer. Using this setup, we
measured the motility of phospholipid molecules by performing Fluorescent Recovery After
Photobleaching (FRAP) experiments for different lipidic compositions. The results of the FRAP
measurements reveal that the motility of phospholipids is controlled by the monolayer packing

decorating the interface.
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ARTICLE INFO ABSTRACT

Keywords: Lipid droplets (LD) are org: localized in the of the Endoplasmic Reticulum (ER) that play an

Phaspholipid imp role in boli i They consist of a core of 1 lipids sur ded by a 1 of

"‘_""‘.’“’P‘“ hosphoplipids and pi bling an oil-i t Ision droplet. Many studies have focused on the

DiAwion blophysncal propemes of these LDs. Hi despi efforts, we are lacking information on the
mobility of phospholipids on the LDs surface, al(hough they may play a key role in the protein dlstnb\mon ln
this article, we developed a microfluidic setup that allows the formation of a triolein-buffer interf:
with a phospholipid monolayer. Using this setup, we measured the motility of phospholipid molecules by
performing Fluorescent Recovery After Photobleaching (FRAP) experiments for different lipidic compositions.
The results of the FRAP measurements reveal that the motility of phospholipids is ¢ lled by the lay
packing decorating the interface.

1. Introduction In addition to the equilibrium shape determined by a force bal-

Lipid droplets are organelles present in the Endoplasmic Reticulum
(ER) membrane [1,2]. They attract many interest due to their role in
several diseases like cancer and metabolic problems [3-5]. One of their
functions is to store lipids and to regulate their cc ption based
on mechanisms that are not yet understood [6]. Lipid droplets (LDs)
are composed of a core of neutral lipids and are surrounded by a
phospholipid monolayer [7,8]. Their biogenesis is assumed to occur
in three consecutive steps [2,9]. First, neutral lipids are synthesized in
the ER membrane. Then, they accumulate and segregate into the ER
bilayer core and form a lenticular droplet [2,10,11]. And finally, they
grow through the accumulation of lipids until budding and sometimes
pinch-off from the ER membrane [2,12-15). Many of the biophys-
ical properties of LDs have been investigated over the last decade
using model systems [6]). As example, droplet interface bilayers (DiB),
advanced free-standing bilayer (AFB), and giant unilamellar vesicles
(GUVs) have been extensively used to reconstitute artificial and natural
LDs in such lipid membranes [16-21]. After successful reconstitution of
LDs in a bilayer, the morphology of LDs was studied as function of the
phospholipidic compaosition of the DiBs, GUVs or AFB systems [18-20].
It has been shown that the shape of LDs in a bilayer is determined by
the balance of surface forces at the contact line between the embedded-
LDs and the bilayer [18-20]. Thus, the associated contact angle of LDs
Gn be predicted using welung theory [11,22]. Accordingly, numerical

lati based on co dels were able to confirm many
experimental results obtam:d on microscopic LDs [15,18,23-27].

* Corresponding author.

E-mail address: jean-baptiste.fleury@physik.uni-saarland.de (J.-B. Fleury).
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ance, non-equilibrium phenomena related to LDs have also attracted
attention in recent years. A key example is protein partitioning, which
is used to understand the dynamic distribution of specific proteins
between the monolayer covering the LD and the bilayer in which the
LDs are embedded [6,16]. Indeed, protein partitioning seems highly
dependent of the physical properties of the lipid monolayer (packing,
fluidity) that surrounds the LD surface [17 18]. However, to the best of
our knowledge, there are no experi on phospho-
lipid properties such as motility at the LD surface. One reason for this
lack of knowledge could be the small size of the reconstituted LDs in
the artificial systems (DiB, AFB, GUVs), which make FRAP experiments
and extraction of precise diffusion coefficients challenging [17,28]).
As a consequence, there are only a few experimental studies in the
literature that address diffusion [24]. Interestingly, this fact is not
limited to experimental studies but also occurs in theoretical studies
with numerical simulations [18,25,29].

In this article, we experimentally investigate the motility of phos-
pholipids covering the interface between an aqueous and an oily phase.
For this purpose, we have developed a microfluidic setup that enables
the formation of a triolein-buffer interface decorated with phospho-
lipids and have performed FRAP experiments directly at this interface
(Fig. 1). Here, the planar phospholipid monolayer at the triolein-
buffer interface mimicks the surface of a LD. We used triolein as
neutral lipid because it is an important component of the biological
LD [5] and varied the molecular composition of the monolayer to

Received 1 July 2022; Received in revised form 13 October 2022; Accepted 15 October 2022
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assess the influence of the most common molecules that make up the
LD surface in living cells. These molecules are mainly phospholipids
and cholesterol. Because native biological LDs may contain cholesterol
ester [30,31], we also investigated the influence of LD-core composition
on phospholipid motility by adding some cholesterol ester (chol-ester)
to the neutral lipid (triolein). Our measurements show that the motility
of amphiphilic lipids is directly influenced by the packing of these
molecules coating the interface.

2. Results and discussion

Liquid droplets (LDs) originate in the ER membrane, and the phos-
pholipid monolayer that decorates LDs is therefore composed mainly
of phospholipids, sterols and proteins [32-37], with phosphohplds
making up the vast majority and proteins and sterols being present in
only a small percentage. The decorating phospholipids can be distin-
guished in two families, saturated and unsaturated. Accordingly, we
start our discussion with the most common lipids and presented the
results sorted by lipid families: unsaturated phospholipids, saturated

phospholipids, and sterols.

Unsaturated phospholipids: DOPC, DOPE, N-DOPE, POPC, LPC. A rel-
evant biophysical composition for a phospholipid monolayer cover-
ing LDs localized in the ER membrane can be approximated by a
DOPC/DOPE mixture with a molar ratio between 1:1 and 3:1 [7,8,17,
18]. For completeness, we vary the composition from pure DOPC to a
pure DOPE monolayer. The extracted diffusion constants are presented
in Fig. 2 and Table 1. The diffusion constant of a pure DOPC monolayer
is D~ 8 pm? 5™, i.e. close to, or slightly lower than, the DOPC fluidity
observed in giant vesicles [37] and in free-standing bilayer [28]). For
increasing DOPE content, the fluidity monotonically increases reaching
D = 17 pm? s™! for a pure DOPE monolayer.

To also compare the observed motility of a DOPE monolayer with
that of a bilayer, bilayer motility was determined using a free-standing
DOPE bilayer as described in [28]. The formed free-standing DOPE/
DOPC bilayers (with a 1:1 molar ratio) were formed using a 3D mi-
crofluidic chip as described in detail in Ref. [28]. Interestingly, the dif-
fusion constant determined by FRAP on a free di
DOPE/DOPC (1:1) bilayer with 2% DOPE-Atto647 (in molar rauo)
reveals ~11 pm? /s, which is very close to the diffusion constant in giant
vesicle (=10 pm?/s) but lower than that of a DOPE monolayer [38]. So
in contrast to monolayer, no clear dependence on the bilayer motility
was observed for different lipids.

The observed dependence of monolayer motility on the type of lipid
can be easily understood considering the lipid packing that results from
the geometry of these two molecules. DOPC can be approximated as a
cylinder, while the shape of DOPE is closer to a truncated cone [39]).
Assuming a cylindrical shape, the volume of a single phospholipid
molecule can be approximated by the cross sectional area of its head
ag and its tail length 1, as Vpope = 1 - ag for DOPC and 1 - {ao < Vpope <
I - a, for DOPE. Thus, the corresponding critical packing parameter
p = V/a,-1is ppope = 1 for a monolayer consisting only of DOPC
molecules and 0.5 < ppoee < | for a monolayer consisting only of
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Fig. 2. FRAP experiments yislded diffusion constants D (green bars) and surface
rension values (yelkow bars) for several ssturated phospholipids (DOFC, DOPE, N-DOPE,
POPC, LPC) and mixtures of DOPC and DOPE at a triolein=buffer interface. Schematic
representations of the variows lipids are provide for PE (red head), PC (yellow head)
where pink tails indicate one unsaturation.

DOPE molecules [39]. For a flat interface, a DOPC monolayer obviously
has a higher lipid packing than a DOPE monolayer. In consequence,
at equivalent surface coverage, the average motility of a single DOPE
molecule is larger than that of a single DOPC molecule. Accordingly,
packing density and mobility of DOPC and DOPE mixtures interpolate
between the limits of a pure DOPC and DOPE monolayer, respectively.

As the increased lipids density at the triolein-buffer interface lowers
the surface tension, differences in surface coverage can also be con-
firmed by differences in surface tension measured by the pending drop
method as ypope = 1.5 m N/m and jpope = 2.3 m N/m, for DOPC
and DOPE, respectively. These surface tension values are consistent
with expectations based on geometry dependent lipid packing and the
experimentally observed lipid motility.

To confirm the influence of the lipid packing on lipid motility
in a monolayer, we repeated the experiments described above with
monolayers consisting of N-DOPE, POPC and LPC molecules. Compared
to DOPE, has N-DOPE an additional methyl group in the PE head, thus
this molecule is slightly less conical than DOPE but also less cylindrical
than DOPC (Fig. 2). The measured diffusion constant for a pure N-
DOPE monolayer is D = 17.5 pm” s=! and the corresponding surface
tension is = 2 m N/m. As expected from the N-DOPE geometry, are
both diffusion constant and surface tension rather comparable to pure
DOPE monolayer.

POPC has the same hydrophilic head as DOPC and the same length
of the hydrophobic tail, but only one unsaturation in its tail [34,35].
Thus, due to this little difference, a POPC monolayer is expected to
present a similar packing than a DOPC monolayer [27,33,40,41]. And
consistently with the geometry of the molecules and the expected
monolayer packing, we measured the diffusion constant and the surface
tension of POPC as D = 7 pm® s™' and y = 1.3 mN/m, that are very
similar to those of a pure DOPC monolayer, see Fig, 2.

LPC is a single tail lipid with one unsaturation in its tail and an
inverted conical geometry. The measured diffusion constant for a pure
LPC monolayer is D = 7 pm? s=! and its surface tension is y = 1.3 m
N/m, see Fig. 2. Thus, this LPC appears to have a motility close to
POPC and DOPC. This result is a little surprising, as a priori, we may
have expected to measure a stronger difference between a monolayer
composed of lipids with a single tail or a double tail. However, the
correlation between low surface tension resembling high lipid packing
and low lipid motility still holds true.
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Fig. 3. From FRAP experiments, diffusion comstants D (green bars) and surface tersion
walues [yellow bars) for unsaturated phospholipids (DSPA, DPPC, and 5M) and mixtures
of DOPC and DSPA were extracted and compared to DOPC values A schematic
representation is provided for PC lipids (red bead), SM {green bead) and the charged
PA {light blue hesd).

Saturated phospholipids (DPPC, DSPA) and sphingolipids (SM). The
maotility of unsaturated lipids that make up the majority of the lipids
covering LDs [42] was explored in the previous section. In this section,
we continue our study by exploring the motility of saturated phospho-
lipids on the surface of model lipid droplets. Due to the absence of
unsaturations, the packing of unsaturated (neutral) phospholipids may
be expected to be denser than that of unsaturated phospholipids. Fol-
lowing our findings for unsaturated lipids, the corresponding motility
of saturated lipids, like DPPC, is generally expected to be lower than
that of DOPC. However, the degree of saturation is not the only inter-
action that controls the monolayer packing. As example, electrostatic
interactions can also strongly influence the packing of lipid monolayers.
For this reason, we also explored mixtures between saturated DSPA
molecules having an negatively charged hydrophilic head group and
uncharged and unsaturated DOPC molecules. In addition to saturated
lipids, we also consider the case of sphingolipids (SM).

DFPC is a saturated lipid with a cylindrical shape that self-assembles
in an highly packed monolayer [43]. The measured diffusion constant
for a pure DPPC monalayer is D = 5.5 um® 5™, which is a little slower
to that of unsaturated DOPC and POPC phospholipids, that are also
expected to be densely packed (see, Fig. 3). The high DPPC packing at
the triolein-buffer interface also coincides with a low surface tension,
¥ = L1 m N/m, which is also very similar to surface tension values for
DOPC and POPC.

DSPA is a saturated double-tailed lipid with a head that is negatively
charged with a conical shape. Due to electrostatic repulsion, the lipid
packing of a pure PA monolayer is smaller than that of other lipids
[44). In addition to a large motility of D = 20 pm” s~ of a pure
DSPA monolayer, the comparatively low packing density also leads to
a comparatively large surface tension at the triolein-buffer interface,
which was measured to be y = 2.6 m N/m, see Table 1. Mixtures
of DOPC and DSPA molecules show motilities intermediate between
those of a pure DOPC and a pure DSPA monolayer. Presumably due to
the repulsion of the charged DSPA molecules, the measured diffusion
constants are already quite large at a DSPA content of 25% and increase
even further with increasing DSPA content, see Fig. 3.

Sphingolipids are a family of lipids that are synthesized in the (ER)
membrane, where they can be found in low amounts, as well as at
the trans Golgi [45-47). Due to the possible role of sphingolipids in
the LD biogenesis, they have attracted a growing attention in recent
years [45-47]. Sphingomyelin (SM) has a PC head with a fatty acid
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group and a tail that has a single saturation in contact with the head.
Thus, we study this lipids with other saturated lipids. SM molecule has a
slightly conical geometry close to a cylindrical molecule. The relatively
low diffusion constant of a pure SM monolayer of D = 8 pm? s=!, and
the corresponding low surface tension y = 1.2 m N/m, Fig. 3, indicate
that despite of the slightly conical shape of the SM, the associated lipid
packing is dense, similar to an assembly of cylindrical molecules, in
agreement with literature [39,48].

Sterol and sterol ester.  Sterols like cholesterol (chol) and cholesteryl
ester (chol ester) are also important components of LDs [7,8]. However,
these molecules differ from previous lipids, as they are unable to form
a lipid bilayer on their own. As example, chol ester is not a surface
active molecule, it is a component of the LD core and not of the LD
surface. Nevertheless, these sterols are important lipids and it is inter-
esting to investigate their influence on the properties of phospholipid
monolayers,

Cholesterol (Chol) is present in the ER membrane only in small
amounts, namely below 6% percent. Nevertheless, Chol may play a role
in metabolic diseases that are involving LDs [4,49]. Chol drastically
alters the biophysical properties of the plasma membrane and thus,
it is interesting to investigate the case of a lipid monolayer enriched
with Chol. It is known that Chol increases both the bilayer tension
and the bilayer fluidity, at least at low temperatures [50-52]. The
measured surface tension for a DOPC monolayer with 10% Chal is
= 1.7 m N/m, while the surface tension of a DOPE monolayer with 10%
Chol is = 2.5 m N/m, i.e. the surface tension for both phospholipids are
increased by about 10% compared to pure DOPC or DOPE monolayer,
respectively, see Table 1. The observed increase in surface tension
indicates a reduced packing density of lipids, which is expected to
increase lipid diffusion. In fact, the measured diffusion constant for a
DOPC monolayer with 10% Chol gives a value of = 10 pm?® 5™, while
that of a DOPE monolayer with 10% Chal gives = 20 pm? s=1, see
Fig. 4, i.e. the diffusion constant also increased by about 10% compared
to pure DOPC or DOPE monolayer. This suggests that the increase in
surface tension and lipid diffusion is indeed due to decreased lipid
packing.

Chaolesteryl ester, a dietary lipid, is an ester of cholesterol found
in LDs [53]. This molecule differs from the previous molecules in
that it is not localized at the surface of LDs but it is only present
in the LD core. This is interesting because cholesterol ester appears
to affect the recruitment of some LD proteins when they enrich the
LD composition [30,31]). The surface tension of a DOPC monolayer
at the interface between triolein-buffer with 15% cholesteryl ester in
triolein was measured to be ¢ = 1.5 m N/m, ie. the same value as
for triolein not containing cholesteryl ester. Similarly, we also mea-
sured the surface tension for a DOPE monolayer to be =23 m N/m
no matter if the triolein contains 15% cholesteryl ester or not. The
corresponding measured diffusion constant yields a value of D = 8 pm?
5=! for a DOPC monolayer with 15% cholesteryl ester in triolein, and
a diffusion constant D = 17 pm? s=' for DOPE monolayer with 15%
chalesteryl ester in triolein, see Fig. 4. From this, we can conclude
that cholesteryl ester molecules remain in the triolein phase and hardly
change the surface properties of the lipid decorated triolein—buffer
interface. Similarly, we observed no measurable change in the surface
tension of the phospholipid-decorated triolein-buffer interface or in the
corresponding diffusion constant compared to a pure DOPC or a pure
DOPE monolayer, respectively (ef. Fig. 4).

3. Conclusion

We investigated the diffusion properties of lipids on the surface
of model lipid droplets. For that, we produced a model lipid droplet
interface made of a triolein-buffer interface in a microfluidic chamber
that is decorated with a lipid monolayer of variable composition.
FRAP experiments were conducted directly at this interface and the
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Fig. 4. Diffusion coefficients D (red barg) are derived from FRAP experiments and
surface tension values (yellow bars) for cholesterol-containing DOPC, DOPE, POPC,
and DPPC monalayers at the trioleinebuffer interface, as well as DOPC and DOPE
monolayers at the cholesterolester interface. Schematic representation is provide for
cholesterol and DOPC.

corresponding diffusion constants for the lipids were obtained as func-
tion of the molecular composition of the lipid monolayer. Based on
geometrical (cylindrical, conical) and chemical (electrostatic charge,
saturation) properties of the respective lipids, we argue that the lipid
packing is the key parameter to understand the measured results. In this
context, monolayers with high lipid packing have low lipid motility.
And monolayers with low lipid packing have high lipid motility. This
reasoning is supported by surface tension measurements as high lipid
packing means low interfacial tension and low lipid packing means high
interfacial tension. By extrapolation, this study provides an estimate of
defect density on the LD surface for the lipids composition tested. This
point is important because defects seem to play a key role in protein
partitioning on LD surface [17].

4. Methods

Molecules. For the preparation of molecular monolayer that cover the
model lipid droplets, ie. the triolein-buffer interface, the following
molecules were purchased from Avanti Polar Lipids: 1,2-dioleoyl-sn-
glycero-3-phosphocholine (DOPC), 1,2-dioleoyl-sn-glycero-3-phosphoe-
thanolamine (DOPE), 1,2-distearoyl-sn-glycero-3-phosphate  (sodium
salt) (DSPA), 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC),
1-(10Z-heptadecenoyl)-2-hydroxy-sn-glycero-3-phosphocholine  (LPC),
1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), 1,2-dioleoyl-sn-
glycero-3-phosphoethanolamine-N-methyl (N-DOPE), cholesteral (Ch-
ol), MN-stearoyl-D-erythro-sphingosylphosphorylcholine (SM), 1,2-dip-
almitoyl-sn-glycero-3-phosphocholine (DPPC), Cholesteryl ester (Chol
ester). Glyceryl trioleate (triolein) and squalene were purchased from
Sigma-Aldrich. Recombinant human denatured perilipin 2 protein (PL2)
was purchased from Abcam (abl81932). To allow for FRAP experi-
ments, the following fluorescent labeled lipids were used: (FITC-DOPE)
1,2-dioleoyl-sn-glyeerol-phosphoethanolamine  Fluorescein  purchased
from ChemCruz (Santa Cruz Biotechnology), 1,2-dioleoyl-sn-glycero-3-
phosphoethanolamine-N-(lissamine rhodamine B sulfonyl)
{(ammonium salt) (Rho-DOPE) purchased from Avanti Polar lipids,
and 1,2-Dioleoyl-sn-glycero-3-phosphoethanolamine labeled with Atto
647N [(Atto647N-DOPE) purchased from Sigma-Aldrich.
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Interfacinl tension measurements. The interfacial tension of phospho-
lipid decorated triolein-buffer interfaces was determined by the pen-
dant drop method using a contact angle measurement device OCA 20
(DataPhysics, Germany). For this method, a transparent cuvette is filled
with the lower density fluid, here the triolein-phospholipid mixture
(py = 091 g/em?) and a pendant drop containing a defined volume
of the denser fluid, here the buffer solution (,pu”‘, = (L998 g/em?), is
produced from a hollow needle immersed in this iquid. While gravity
drags the droplet down, buoyancy and surface forces keep the droplet
in place. Based on a contour fit to the pendant droplet, the software
SCA 20 extracts both size and shape of the droplet and automatically
computes the corresponding interfacial tension. This procedure is most
reliable when the droplet size is close to detachment from the needle,
and we thus set the droplet volume to (2.0 +0.5) pl

pChip fabrication and monolayer formation. Using computer software
(Autocad), we created a drawing in the form of a cylinder with 3 mm
diameter, which was produced using a 3D printer. This cylinder was
positioned in the center of a glass Petri dish. After setting up the mold,
mixed and degassed PDMS (Sylgard 184 — Dow Corning) was poured
onto the mold with a resulting layer thickness of about 3 mm so that the
eylinder is not fully immersed in the FDMS. After curing the PDMS at
60 °C for 6-7 h, the cylinder was removed and square pieces with the
cylindrical hole in the center were cut from the PDMS and removed
from the Petri dish. The final device was fabricated by attaching the
square PDMS piece to a PDMS coated glass cover slip (Sylgard 184
spin coated for 5 min at 3000 rpm) using plasma bonding (Diener
electronics). The thus fabricated device was placed on a hot plate at
60 *C for 1 h to achieve higher bonding strength.

To produce the triolein-lipid mixture, a specific amount of lipid
was dissolved in Ethanol. This solution was then dried under vacuum.
Triolein was added to the dried components and mixed in an ultrasonic
bath. The resulting phospholipid concentration in triolein is always
equal to 2% w/w, which is above the critical concentration needed to
form stable droplet interface bilayers in triacylglycerol oil [17,54]. A
2% molar ratio of FITC-DOPE as a fluorescent probe. Such concentra-
tions are typically employed for the production of stable artificial lipid
droplets in literature [18,55].

To form a monolayer, & pl of the as-prepared triolein-lipid mixture
was first placed in the cylindrical opening of the PDMS micro chip,
and then 20 pl of 150 M KCI buffer was added on top. Within seconds,
a phospholipid monolayer forms at the triolein-buffer interface, with a
composition similar to the lipid compesition of the originally prepared
triolein solution.

FRAP experiments. Confocal images were acquired with an inverted
microscope (Nikon Ti-Eclipse) with an Intensilight Epi-fluorescence
light source and a laser unit (LU-NV, Nikon). The confocal microscope
was equipped with a Yokogawa spinning disk head (CSU-W1; Andor
Technology) and a fluorescence recovery after photo-bleaching mod-
ule (FRAPPA; Andor Technology). Confocal imaging was conducted
using excitation wavelengths of 481 nm (for FITC-DOPE 495/515)
and 561 nm (for Rho-DOFE 560,583, Atto647-DOPE 643/665). The
used emission filters have the wavelengths/bandwidths of 525/30 nm,
607/36 nm and 685/40 nm, respectively. For the FRAP experiments,
a pinhole size of 50 pm was used with 40% oil objective having a
working distance of 220 pm. Prior to bleaching, a circular stimulation
area with diameter ranging between 5 and 50 micrometer was selected
inside the bilayer (to increase measurements quality). Prior to a FRAP
measurement, fluorescence imaging was performed for 20s for each
individual experiment. Then, bleaching was performed by increasing
the laser power on the stimulation area to the maximum laser power
for 205 (70 mW for 481 and 561 nm, 125 mW for 647 nm) including
10 loops that were repeated for three times. During the recovery, image
acquisition was continued for at least 5 min to be able to observe all
the changes after recovery. Then, the obtained fluorescence recovery
(FRAP) data are directly fitted with the Soupmasis equation using
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Python. All the experiments were performed at room temperature of
23°C.

Interestingly, similar FRAP curves (and identical bleached area) and
fits were obtained for three types of dves on a pure DOPE monolayer:
FITC-DOPE, Rho-DOPE and Atto647-DOPE (see Fig. 1). A notable dif-
ference between these dyes is that Rho-DOPE appeared more difficult
to bleach than Atto647N-DOPE or FITC-DOPE.
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play an important role in many biological functions. Free LDs that have been released from the ER
membrane and are present in the cytosol resemble an oil-in-water emulsion. The surface of an LD is
coated with a phospholipid monolayer, and the core of an LD is composed of neutral lipids. Adipose
differentiation-related protein (ADRP), also known as perilipin-2, is a protein that surrounds the LD,
together with the phospholipid monolayer. ADRP molecules are involved in assisting in the storage of
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LDs. For this study, we employed two different microfluidic setups: one to produce and explore bilayer-
embedded LDs and a second one to mimic the surface of a single LD. Using the first setup, we
demonstrate that ADRP molecules stay preferentially localized on the surfaces of bilayer-embedded
LDs, and we study their 3D-shape in the presence of ADRP. Using the second setup, we performed
FRAP experiments to measure the phospholipid diffusion on a model LD surface as a function of the
ADRP concentration. Although the presence of proteins on the LD surface minimally affects the
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Abstract: Lipid droplets (LD) are organelles localized in the membrane of the endoplasmic reticulum
(ER]) that play an important role in many biological functions. Free LDs that have been released from
the ER membrane and are present in the cytosol resemble an oil-in=water emulsion. The surface of an
LD is coated with a phospholipid monolayer, and the core of an LI is composed of neutral lipids.
Adipose differentiation-related protein (ADREFP), also known as perilipin=2, 15 a protein that surrounds
the LD, together with the phospholipid monolayer. ADRP molecules are involved in assisting in
the storage of neutral ipids within LDs. In this article, we focus our interest on the influence of
ADEFP molecules on the 3D shape of bilayer-embedded LDs and the diffusion of phospholipids in
the monolayer covering LDs. For this study, we employed two different microfluidic setups: one
to produce and explore bilaver-embedded LDs and a second one to mimic the surface of a single
LD. Using the first setup, we demonstrate that ADREFP molecules stay preferentially localized on the
surfaces of bilayer-embedded LDs, and we study their 3D-shape in the presence of ADRF. Using the
second setup, we performed FRAP experiments to measure the phospholipid diffusion on a model
LD surface as a function of the ADRP concentration. Although the presence of proteins on the LD
surface minimally affects the phospholipid and protein motility, ADRT appears to have a significant
effect on the 3D structure of LDs embedded in the bilayer.

Keywords: lipid droplet; diffusion; FRAP; phospholipid; ADRP

1. Introduction

In recent years, lipid droplets {(LDs) have attracted attention due to their roles in
several diseases, metabolic disorders, and atherosclerosis [1-3]. LDs are organelles that
are produced by the endoplasmic reticulum (ER) membrane [4,5] and are composed of
a core made of neutral lipids, such as triglycerides and sterol esters, surrounded by a
phospholipid monolayer [4,5]. The origin of their biogenesis is still under debate [6].
However, it is generally accepted that their biogenesis occurs in three steps [6,7]. First,
neutral lipids are synthesized in the ER membrane [8]. In a second step, these neutral lipids
diffuse in the membrane and agglomerate to produce nanometer-size oil inclusions. These
nanometric hydrophobic inclusions are LDs that are supposed to have an initial diameter
of approximately 50 nm [9,10]. The growth and enlargement of these LDs are caused by the
ongoing production of neutral lipids inside the ER membrane. The LDs can spontaneously
bud in the ER membrane as they grow, and are released into the cytosol when they pinch
off from the membrane in the final step [11]. After release, the LDs can be observed via
fluorescent microscopy, or by transmission electron microscopy. It appears that LDs are
relatively spherical, having diameters ranging from 0.1 to 5 to 100 um, depending on
the cell type [12]. Aside from phospholipids, the surfaces of these LDs are decorated
with either peripheral proteins or integral membrane proteins that adopt a monotopic
topology and that are involved in metabolic and other biclogical functions [13]. Proteins
of the perilipin family are known to be associated with the surfaces of LDs [14]. Adipose
differentiation-related protein (ADEP or perilipin-2), is a lipid droplet protein from the
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perilipin family that is found in most cells and tissues [15]. Perilipin controls important
intracellular lipases, although to a very different degree [16]. Perilipin-2 has been proposed
to play a role in LD budding [17]. Studies on the subcellular localization of LDs suggest
that the budding of LDs from the ER may take place in perilipinZ-enriched domains in
the ER membrane [17,18]. This is a crucial step, as the budding step precedes the release
of the LDs into the cytosol, where they can transport material to other organelles in the
cell [19,20].

The full-length perilipin-2 protein is made of 437 amino acids and is self-assembled in
several a-helices. Its secondary structure available from the AlphaFold openlA database [21].
It is supposed that ADRT plays a key role in the management of neutral lipid stores [15,22].
How perilipin-2 proteins target and bind to lipid droplets (LDs) is poorly understood,
even if alpha helices seem to play a key role in the targeting mechanism [23,24]. In living
cells or in artificial LDs, ADRF has been found to barely affect the phospholipid diffusion
properties [25].

In this manuscript, we investigate the effects of ADRF on phospholipid diffusion and
the 3D shape of lipid droplets embedded in a bilayer. For that, we used two different
microfluidic setups: One for the fabrication of bilaver-embedded LDs and a second to
mimic the surface of a single LD [26,27]. Using the first setup, we found that ADRP remains
preferentially localized on the surfaces of bilayer-embedded LDs and investigated the
impact of ADRF on the 3D geometry of bilayer-embedded LDs. In addition, we measured
the effect of ADRP concentration on the exchange rate of phospholipid molecules between
the monolayer and bilayer [26] by performing fluorescent recovery after photobleaching
(FRAT) experiments. With the second setup, we determined the phospholipid diffusion on
an artificial LDV's surface as a function of ADRF concentration [27] by FRAT measurements.

2. Results and Discussion
2.1. LD Insertion and ADRPs" Localization in a Free-Standing Bilayer

We employed a 3D microchip [26] that enables the formation of a free-standing hor-
izontal lipid bilayer at a desired position (see Figure 1, as detailed in the Section ). The
bilayer consisted of DOPC:DOPE with a molar ratio 3:1, which can be considered as a model
endoplasmic reticulum membrane [25]. After lipid bilayer formation, we dispensed protein
containing LDs through the bottom channel of the chip. From now on, LDs always refer to
lipid droplets enriched with some high concentration of ADRP protein, if not mentioned
otherwise (see Section 3). Due to their preparation, the LDs were normally about 15 pm in
size. Fluorescent visualization of the LDs in buffer revealed that the protein was present
throughout the entire LD, and not only on the surface. The same observation was made for
several type of LDs coated with perilipins [23-25]. The estimated diffusion coefficient of a
freely dispersed LD of about 15 um is =0.03-0.04 um?-s~! [29]. This diffusion coefficient
is sufficient for the LDs to diffuse freely and to finally reach the lipid bilayer. A LD in
contact with a bilayer can insert into the bilayer core, creating an inclusion with a distinctive
shape [26,30], and stops moving [26]. This insertion into the bilayer was verified by 3D
confocal scans; see Figure 2. The absence of any detectable fluorescent signal from ADRP
in the bilayer demonstrates that the proteins stay localized in and on the bilayer-embedded
LD. However, it might still be possible that some negligible amounts of protein move in
the bilayer. To test this, we bleached the proteins present in the core and on the surface of a
single bilayer-embedded LD and waited 1 h for any fluorescent protein signal ko recover.
However, no fluorescence recovery was observed during that time, indicating that there is
in fact neither ADRI in the bilayer nor any measurable protein transport between different
bilayer-embedded LDs. This point is interesting, as it was also observed in living cells [25].
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Figure 1. (A) Schematic of the microfluidic system to form a free-standing bilayer containing Proteo-
LDs. (B) The secondary structure of ADRP was provided by the AlphaFold Al database. ADRP
is reconstituted in the PC:PE monolayer covering the LD. (C) A bilayer is formed at the aperture
between the channel and the cone, and LDs containing ADRP protein are introduced from the bottom
channel and insert into the bilayer. (D) Schematic of the microfluidic device to form the free-standing
monolayer. A phospholipid monolayer is formed at the buffer-triolein interface.

2.2. Influence of ADRP on the Shape of Bilayer-Embedded LD

Having inserted LDs into a free-standing lipid bilayer, we explored their 3D shape in
view of the acting surface forces. The LDs were consequently divided into two groups: tiny
drops and pancakes. Tiny droplets are too small to have their geometry analyzed in detail.
In consequence, we ignored these tiny droplets in the following analysis. Pancake droplets
have a diameter of about 20 um and a height of about 5 um, which was sufficiently large to
resolve that their shapes escaped slightly from the expected ideal lens shape with spherical
interfaces (Video S1). LDs without proteins, however, revealed a larger contact angle,
and the shape of the two lens surfaces was spherical; see Figure 2B and Table 1 [10,30,31].
Indeed, surface-tension measurements revealed that ADRP is highly surface active. For
example, a triolein-buffer interface with 1 uM of ADRF, directly dispersed into the buffer,
revealed a surface tension of =10 mN/m, which is only one third of the surface tension
of a triolein-buffer surface (=30 mN/m) not containing and surface active molecules (as
determined by pendant-droplet method). Thus, the reduced contact angle and the slightly
flattened LD shape with ADRP molecules being present of the LD surface might have
resulted from an inhomogeneous distribution of the surface active ADRP molecules (see
Section 3 and Table 1), which might have an increased presence close to the circumference
of the LD, lowering the local surface tension.

To check the shape of the LDs’ and their influence on the wetting properties in some
more detail, we measured the shapes of the LDs with bilayers having different cholesterol
concentrations. The usage of cholesterol is not biorelevant, as ER membranes do not
contain cholesterol. However, it allowed us to tune the surface forces applied to the
LDs [26]. Interestingly, cholesterol appears to increase the LD surface tension as measured
by the pendant-droplet method and also increased the contact angle of the LDs (see Table 1).
However, the pancake-like shape in the presence of ADRP molecules remained and seemed
even more pronounced; the larger the cholesterol concentration, the larger the contact angle
a. This may suggest that the inhomogeneous distribution of ADRP on the LD’s surface is
even enhanced in the presence of cholesterol.
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Figure 2. (A) Top view of a free-standing bilayer containing LDs. A side view of a 3D scan is
provided in the top panel. The right panel provides the corresponding side view with only the
protein channel. All the proteins are labeled in green (Alexa 488) and 2% (molar ratio) DOPE is
labeled in red (Cy5). (B) 3D reconstructions of individual bilayer-embedded LDs for 0%, 20%, and
40% cholesterol, respectively (with 1 uM ADRP). For comparison, the 3D reconstructions of a bilayer-
embedded LD with 0% cholesterol are given, and no ADRP was added. In the latter case, the neutral
lipids were stained with BODIPY. (C) Scheme of the surface forces acting on a bilayer-embedded
LD with an ideal lens shape (upper panel). Scheme of the surface forces acting on the bilayer (lower
paner). (D) Comparison between wetting theory and the balance of surface forces as extracted from
the symmetric 3D LD geometry.

The shape of embedded LDs is defined by the balance between the bilayer tension T’
and the tensions applied by the horizontal components of the surface tensions of the upper
LD leaflet TyLp = yuLp - cos(ayr) and the lower leaflet I' 1 p = 711D - cos(ar) close to the
three-phase contact line, such as:

I' = yyLp - cos(ay) + yrp - cos(ay ). 1)

where ay, ay. are the angles measured from the 3D images, as defined in Figure 2C. In
equilibrium, the bilayer tension can be determined by the Young-Dupré law, I' = 23 -
cos(#) [31], where g is the surface tension of a monolayer-decorated oil-water interface
and 26 is the contact angle of the plateau border; see Figure 2C (measured by scanning
directly the contact angle via confocal microscopy). As ADRP is partially soluble in the core
of the LD, after a short equilibration time, it can be assumed that the amount of proteins at
the interface of the LDs and thus the surface tension of both droplet interfaces are equal
on average. As a reasonable simplification, we can thus assume vy p = 7 p = 7p and
reformulate Equation (1) to

me _ cos(ay) + cos(ar) @)
7D 2cos(#) ’ B
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From the independently measured angles a and # and the measured surface tensions
values g and 7 p (see Table 1), we could verify that these values satisfy Equation (2),
as plotted in Figure 2D. It results that the measured pancake shapes correspond to an
equilibrium wetting morphology, and the reduction of the insertion angle with increasing
cholesterol concentration appears to be a consequence of increased bilayer tension as a func-
tion of increasing cholesterol concentration, which is consistent with some literature [32,33].
It also indicates that ADRP proteins qualitatively change the surface properties of bilayer-
embedded LDs, as they do not exhibit a lens-like shape but a pancake shape (see Figure 2).
In view of the quantitative agreement of the measured LD shape with bulk surface-tension
measurements, it can be even assumed that the LD surface remote from the three-phase
contact line is depleted of ADRP molecules.

Table 1. Physical characterization of a symmetric bilayer and LDs inserted in it. The phospholipids
diffused between the monolayer covering the LD and the bilayer, so the LD monolayer’s phos-
pholipidic composition was the same as that of the bilayer after a long time. LD surface tension
7LD was obtained from pendant drop measurements, bilayer tension I was obtained from optically
determined contact angles 6 and 7y, p using Equation (2), and LD contact angles were obtained from
3D confocal micrographs. Each value was obtained by averaging 30 different measurements.

Protein Chol Bilayer LB Contact LD Tension LD Contact LD Contact
(uM) (%) Tension T’ Angle 0 YLD Angle ay Angleag
1 0% 2mN/m (64 = 3)° 1.06 mN/m (42 & 3)° (35 + 3)°
1 20% 24mN/m (67 = 3)° 201 mN/m (65 £ 3)° (55 + 3)°
1 40% 3.1mN/m (69 = 2)° 39mN/m (75 £ 3)° (65 £+ 3)°
0 0% 2mN/m (63 = 2)° 1.6 mN/m (49 £3)° (51 £ 3)°

2.3. Effect of ADRP on the Phospholipid Diffusion Properties of an LD Embedded in a Bilayer

In this section, we study the phospholipid diffusion properties in the presence of
ADRPs. In this context, there are two aspects of particular interest to us: the influence of
ADRP on the phospholipid exchange rate between the LD monolayer and the bilayer (in
the case of a bilayer-embedded LD) and the influence of phospholipid diffusion on the LD
monolayers themselves.

We begin our discussion by studying the phospholipid diffusion on an artificial
LD surface. For this purpose, we realized a model LD surface using the microfluidic
setup described in Figure 1D. The model LD surface was covered with a phospholipid
monolayer at the buffer-triolein interface composed of DOPC:DOPE with a molar ratio
of 3:1. As DOPE contains 2 w% of the fluorescent phospholipid DOPE-Cy5, we can
perform FRAP experiments on this monolayer (see Figure 3) [27]. The diffusion coefficient
extracted from the FRAP data is =8 um?s~" when the total phospholipid concentration
in triolein used to form the monolayer is equal or above 1 w%; see Figure 3 [34]. Smaller
phospholipid concentrations lead to an increased diffusion constant, which is expected for
a monolayer with incomplete surface coverage. When these experiments were repeated
with 1 uM ADRP, we observed that the ADRP molecules were slightly inhomogeneously
distributed and seemed to cluster, showing granularity on the length scale of about 1 um
and 5 um in fluorescent images. This indicates that the ADRP proteins do not remarkably
affect the motility of a phospholipid monolayer. This feature seems to be consistent
with results reported in the literature [23]. We also performed FRAP measurements on
fluorescently labeled (ADRP-Alexa488) proteins (c = 1 uM) present on the lipid monolayer.
The thus extracted ADRP diffusion coefficient is 0.3 um?-s~! when the total phospholipid
concentrations used to form the monolayer were equal or above 1%w. This diffusion
coefficient was more than 20 times smaller than that of the phospholipids, indicating slow
motility of the proteins on the LD surface; however, this motility is still not negligible.
Interestingly, to the best of our knowledge, this manuscript offers the first measurements of
ADRP diffusion in a lipid monolayer.
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The diffusion coefficient of PE in a bilayer is about 10 um?:s ™! [26]—i.e., very close to
the diffusion coefficient of about 8 um?-s~! measured for a densely packed DOPC/DOPE
monolayer with or without ADRP present in the monolayer. However, despite the similar
motilities in the bilayer and monolayer, it was found in previous experiments that a
diffusion barrier between monolayer and bilayer exists in this system [26], which reduces
the molecular transport rate between the bilayer and the monolayer. This was shown
in [26] by the cone-shaped DOPE lipids, which are able to stabilize the negative membrane
curvature along the LD edge and provide a structural source for the diffusion barrier, in
line with other recent studies [35-37].

To test the possible existence of such a diffusion barrier also in the presence of ADRP
molecules, we performed FRAP experiments on bilayer-embedded LDs; see Figure 3B.
For that, we fabricated a free-standing bilayer composed of DOPC:DOPE with a molar
ratio of 3:1 and inserted ADRP-enriched LDs into the bilayer, as was described previously.
We bleached the fluorescent phospholipids (DOPE-Cy5) on the entire surface of the LD
and measured the fluorescence recovery due to the transport of fluorescent phospholipids
coming from the bilayer. Surprisingly, in the presence of ADRP, we measured that the
DOPE-CyS5 fluorescence recovery curve is very similar to the one measured in a phospho-
lipid mono- or bilayer. This result indicates that the presence of ADRP disassembles the
hypothetic metastable PE ring and facilitates the molecular transport between the bilayer
and the monolayer. This finding agrees perfectly with a preferential presence of ADRP
molecules near the three-phase contact line, as already suspected based on the pancake-like
shape of the LDs in the presence of ADRP molecules.
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Figure 3. (A) Series of fluorescence images showing a lipid monolayer (DOPC:DOPE, 3:1) between
buffer and triolein before bleaching and during recovery. (Upper panel) DOPE-Cy5, 2% molar ratio;
(Lower panel) ADRP-Alexa488, 1 uM. (B) FRAP curves extracted from fluorescence images, such as
the one shown in (A) with the corresponding Soumpasis fits for DOPE-Cy5 (red dots) and ADRP-
Alexa488 (green dots). Yellow dots correspond to the recovery of the DOPE-Cy5 fluorescence obtained
by bleaching the entire bilayer-embedded LD surface, with same bilayer composition as in (A).
(C) Diffusion coefficients of DOPE in the lipid monolayer, as a function of total lipid concentration
and in the presence and absence of ADRP. The error bars are presented by the continuous lines. In
(A=C), each value was obtained by averaging = 30 different measurements.

3. Materials and Methods
3.1. Molecules

1,2-Dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1,2-dioleoyl-sn-glycero-3-phosphoe
thanolamine (DOPE), and cholesterol were purchased from Avanti Polar Lipids. Glyceryl tri-
oleate (triolein, T7140) and squalene (53626) were purchased from Sigma-Aldrich. BODIPY
(493/503, D3922) was purchased from Thermo-Fisher. Recombinant human denaturated
full length perilipin-2 protein (ADRP) was purchased from Abcam (ab181932). We pur-
chased (DOPE-Cy5.5)1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(cyanine 5.5) from
Avanti Polar Lipid. Adipose differentiation-related protein (ADRP) is turned fluorescent by
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the Alexa Fluor 488 conjugation kit (Abcam-ab236553), following the procedure described
in the next section. In this manuscript, buffer solution refers to 150 mM potassium chloride.

3.2. ADRP Protein Conjugation

Prior to conjugation, a stock solution with a concentration of .5 mg/mL was prepared
by mixing the recombinant human ADRF protein with ultra-pure water (Thermo Fisher,
Waltham, MA, USA). To label the proteins with the Alexa Fluor 458 conjugation kit {Abcam-
ab236553), 5 ug of the proteins was used. For that, first, 1 uL of the modifier agent was
added to 10 uL of the ADRF stock solution (buffer) and mixed gently. The mixed sample
was pipetted into the reagent. This solution was kept standing in a dark room for 15 min,
before mixing with 1 uL of the quenching agent. The conjugated proteins were ready to
use after 5 min.

3.3. Free-Standing Bilayer Formation

A sketch of the 3D microfluidic device is shown in Figure 1A). The device consists of a
horizontal channel at the bottom with an attached truncated cone and was fabricated in
PDMS (Sylgard 184, Dow Corning) from a 3D mold following soft-lithographic protocols.
Details of the design and the fabrication of the microfluidic 3D device can be found in [26].

We employed a bilayer with a constant DOPC:DOPE composition of 3:1 {unless
mentioned otherwise), which can be considered as a model endoplasmic reticulum mem-
brane [26,37]. All the phospholipids were prepared with a concentration of 5 mg,/mL in
squalene oil. The lipid—oil solution was mixed at 50 °C for 34 h to allow the lipids to
dissolve completely in the oil. The bilayer formation in the 3D microfluidic device was
done following three steps. First, the bottom channel was filled completely with the buffer
solution. The height of the buffer was set so that its meniscus was located at the aperture
formed by the intersection of the bottom channel and the upper cone. Then, gently, a 4 uL
drop of lipid—oil mixture was pipetted into the upper cone, whereby the entire meniscus
was covered with the lipid—oil mixture to form a first water—oil interface. Subsequently, a
5 uL drop of buffer was pipetted into the cone to cover the lipid—oil mixture and to form a
second water—oil interface. The phospholipids cover the water—oil interfaces and form two
separated phospholipid monolayers. At the same time, squalene is adsorbed by the PDMS,
eventually bringing the two separate phospholipid monolayers into contact and forming a
bilayer. Depending on the amount of the lipid—oil mixture trapped between the two buffer
phases, the time required for the formation of a bilayer varies from 10 min to 2 h. When
the formation of the bilayer begins, a small circle appears in the center of the aperture.
This circle enlarges and eventually fills the entire aperture, which is the sign of complete
zipping of the two monolayers and the formation of the bilayer [38]. All experiments were
performed at a room temperature of 23 °C.

34. LD Preparation

Phospholipids (DOPC and DOPE) and triclein were used from their stock solution
(10 mg/mL). In total, 30 uL of triclein with DOPC:DOPE (1:1 in molar ratio, and 2% of
phospholipid in total weight ratio) was dried in a glass falcon under vacuum for 1 h. The
composition of the phospholipid monolayer on the LD surface was chosen to allow easy
LD insertion inside the free-standing bilayer (see [26]). For one experiment detailed in
Figure 2B, showing a LD without ADRF, BODIPY was added to triolein to stain neutral
lipids. Then, 1 uM of the conjugated protein solution was diluted in 10 uL. PB5. This
triolein-lipid mixture and 200 ul. PBS were added to a falcon tube and stored at 4 °C
overnight. Afterwards, the mixture was sonicated for 5 min to obtain LDs. The sizes of
the obtained LDs were measured to be round 15 um by optical microscopy. We injected
1 uM of ADREP into the LD dispersion and let them find and bind to the LD by diffusion. In
summary, the formed LD's were coated with a PC:PE monolayer {molar ratio 1:1) containing
ADRF proteins. Then, the LDs were dispersed around the bilayer by flowing them into the
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bottom channel of device 1; cf. Figure 1A. After (10~15) min, the spontaneous insertion of
several of these LDs into the bilayer was observed using confocal microscopy [26].

Finally, to demonstrate the presence of ADRF on the LD surface, we repeated the
formation of LDs without the use of phospholipids. Thus, we produced an emulsion of
triolein in water with only ADREP as an emulsifier. The resulting triolein droplets were
stable for at least of a few hours and presented a size in the range of 50-100 um. This finding
would be impossible to achieve if the ADRP were not surface active (as demonstrated by
the surface-tension measurements).

3.5. Free-Standing Monolayer Formation

The device used to study phospholipid monolayer was a simplified version of the
previously described one and consisted essentially of a cylindrical hole in a PDMS (Sylgard
184) matrix that was bonded to a glass substrate; cf. Figure 1D. Details of the fabrication
and chip geometry, can be found in ref. [27].

To produce the triolein-lipid mixture, a specific lipid composition (2% of phospho-
lipids in total weight ratio) was dissolved in chloroform. This solution was then dried
under vacuum. Triolein was added to the dried components and mixed in an ultrasonic
bath. The resulting phospholipid mixture also contained 2% (in molar ratio) of DOPE-Cy5
as a fluorescent probe. To form a monolayer, 6 uL of the as-prepared triolein-lipid mixture
was first placed in the cylindrical opening of the PDMS microchip, and then 20 uL of
150 M KCl buffer was added on top. This buffer also contained 1 uM of fluorescent ADRT.
Within seconds, a phospholipid monolayer formed at the triolein-buffer interface, with a
composition similar to the lipid composition of the originally prepared triolein solution.
All experiments were performed at a room temperature of 23 °C.

3.6. Cﬂnﬁ:»mf Imaging and FRAP Experiments

Confocal images were acquired with an inverted microscope (Nikon Ti-Eclipse) with
an Intensilight Epi-fluorescence light source and a laser unit (LU-NV, Nikon). The confocal
microscope was equipped with a Yokogawa spinning disk head (CSU-W1; Andor Tech-
nology) and a module for fluorescence recovery after photo-bleaching (FRAPFPA; Andor
Technology). Confocal imaging was conducted using excitation wavelengths of 4581 nm
(for Alexad88) and 647 nm (for DOPE-Cy5). The used emission filters had the wave-
lengths /bandwidths of 525,/30 nm and 685,/40 nm, respectively. For the FRAF experiments,
a pinhole size of 50 pM was used in combination with a 40 x oil objective having a working
distance of 220 um. Prior to bleaching, a circular stimulation area with diameter ranging
between 5 and 50 um was selected inside the bilayer (to increase measurement quality).
At the beginning of a FRAT measurement, fluorescence imaging was performed for 20 s
for each individual experiment. Then, bleaching was performed by increasing the laser
power in the stimulation area (defined by the pinhole size) to the maximum laser power for
20 s (70 mW for 481 and 561 nm, 125 mW for 647 nmy). During the following fluorescence
recovery, image acquisition was continued for at least 5 min to be able to observe the full
recovery. The thus obtained fluorescence recovery (FRAF) data were directly fitted with the
Soumpasis equation using Python [26,27,34]. All experiments were performed at a room
temperature of 23 °C.

3.7. Surface Tension Measurement

Surface tensions were determined by the pending-drop method using a contact
angle measurement device, an OCA 20 (DataPhysics, Filderstadt, Germany). For this
method, a droplet with a defined volume of the denser fluid, here the buffer solution
(Pbugfer = 0.998 gfcmal, is created at the tip of a needle, which is immersed in a transparent
cuvette filled with the fluid of lesser density—here, the squalene-phospholipid mixture
(poit = 0.858 g/cm?). While gravity drags the droplet down, buoyancy and surface forces
keep the droplet in place. The surface tension can then be determined based on a Young—
Laplace fit to an shadow image of the droplet, which is automatically accomplished by
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the software SCA 20. For best quality of the fitted data, the droplet volume should be
chosen to be as large as possible, yet on the other hand, the detachment droplet volume at
a fully lipid-decorated oil-water interface defines an upper limit of the droplet’s size. As
an optimum for the considered system, we set the droplet volume to 2.0 £ 0.5 uL.

From the surface tension values obtained from those pendant drop measurements
(listed in Table 1), and the bilayer contact angle 26 obtained from optical micrographs (listed
in Table 1), cf. Figure 2C, the bilayer tension can be calculated using Young's equation:

I = 27 cos(8). (3)

All those measured surface tension and contact angle values and those calculated from
them are listed in Table 1.

4. Conclusions

In this manuscript, we have extended previous works by successfully reconstituting a
full-length LD protein (ADRP) in a bilayer-embedded LD. We focused our interests on the
influence of ADRPs on the phospholipid diffusion and the 3D shape of bilayer-embedded
LDs. We observed that the surface-active ADRP molecules strongly affect the shape of the
bilayer-embedded LDs. The traditional expected lens shape is believed to have vanished
in favor of a pancake shape as a result of the non-homogeneous protein decoration on
the LD’s surface, i.e., a relative enrichment of ADRP molecules close to the three-phase
contact line and a depletion at the center of the droplet. This spontaneous asymmetry may
facilitate spontaneous droplet bulging and have consequences for LD biogenesis [39]. This
specific pancake-like droplet shape was maintained (or even enhanced) for varying surface
tension tuned by increasing cholesterol concentration. However, despite the unexpected
pancake shape, the contact angles measured locally on the three-phase contact line are in
agreement with expectations from wetting theory, assuming contact angles averaged for
several droplets and surface tensions obtained from bulk measurements. We think that
the unexpected shape of these LDs may affect how they work, how they grow, or how
they bulge.

Additionally, we also studied the diffusion properties of phospholipids and ADRP
within our system. In particular, we measured that the ADRP molecules can diffuse freely
throughout the LD's surface. Consistently, the phospholipid diffusion properties on a LD
surface were very similar to those of a bilayer and were barely affected by the presence of
ADRP. This point seems to be in agreement with the literature. However, ADRPs facilitate
the transport of phospholipids between a bilayer and a bilayer-embedded LD, presumably
by destroying the hypothesized PE-ring around an LD forming the structural origin of the
diffusion barrier [26]. These results show that all molecules may diffuse freely, proving that
the pancake shape is not the result of a diffusion-related artifact, but rather the consequence
of the accumulation of ADRP molecules close to the three-phase contact line.
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Lipid droplets (LDs) play an important role in cellular energy storage and supplying components for
the structure of organelle membranes. As the biology of lipid droplets relies on close coordination and
communication with other cellular organelles, studying their interactions is crucial. The role of the
protein perilipin 5 (PLINS), known to mediate the regulation of LD dynamics and metabolism in cells,
is of particular interest. To investigate the impact of PLINS on the formation of contact sites between
LDs and a bilayer, LDs composed of triolein and surrounded by a DOPE or DOPC monolayer with or
without PLINS are brought in contact with large unilamellar vesicles (LUVs) composed of a DOPC and
DOPE mixture close to the ER membrane composition. To detect different contact interactions of the
LUVs with the monolayer coating the LDs, the LUVs were double fluorescence labeled, on the one
hand, with a rhodamine-labeled phospholipid in the bilayer and, on the other hand, with water-soluble
Cy5-labeled dextran in the core. When spots with both fluorescence dyes are observed on the surface
of the LDs, the LUVs stay in contact with the LDs and protein tethers can be assumed to have formed
between LUVs and LDs. When instead a uniform colored 'thodamine signal' appears on the surface of
the LDs, the fluorescent phospholipid of the LUV's merged with LDs monolayer. Our study investigates
the influence of lipid composition and protein interactions on the formation of lipid bridges and protein
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Abstract

Lipid droplets (LDs) play an important role in cellular energy storage and supplying compo-
nents for the structure of organelle membranes. As the biology of lipid droplets relies on chose
coordination amd communication with other cellular organelles, studying their interactions is cre
cial. The role of the protein perilipin 5 (PLING), known to mediate the regulation of LD dynamics
amd metabolism in cells, is of particular interest. To investigate the impact of PLING on the for-
mation of contact sites between LDs and a bilayer, LDs composed of triolein and surrounded by a
DOPE or DOPC monolayer with or without PLINSG are brought in contact with large unilamellar
vesicles (LUVs) composed of a DOPC and DOPE mixture close to the ER membrane composi-
tion. To detect different contact interactions of the LUTVs with the monolayer coating the LDs, the
LUVa were double fluorescence labeled, on the one hand, with a rhodamine-labeled phospholipid
in the bilayer and, on the other hand, with water-soluble CyS-labeled dextran in the core. When
apots with both Huorescence dyes are observed on the surface of the LDs, the LTUTVa stay in contact
with the LDs and protein tethers can be assumed to have formed between LUVs and LDs, When
instead a uniform colored ‘rhodamine signal’ appears on the surface of the LDs, the fluorescent
phospholipid of the LUVE merged with LDs monolayer. Our study investigates the infloence of
lipid composition and protein interactions on the formation of lipid bridges amd protein tethers
between LDs amnd the membranes of other organelles.

Keywords: Lipid droplet, Large unilamellar vesicle, Contact site, Lipidic bridge. Protein tether, Per-
ilipin &, PLING

1 Introduction

Lipid droplets (LDs) are known to serve as reservoirs for neutral lipids and play an important role
in the control of energy and lipid metabolic processes, membrane biogenesis and the synthesis of
signaling molecules. LDs consist of the nentral lipids i their core, primanly triacylglveerol [TAG)
and sterol esters (SE), which are surrounded by a phospholipid monolayver with different proteins
decorating the surface [1. 2], see Fig. 1. To fulfill their crucial function, lipid droplets are known
to interact extensively with various cellular organelles [3, 4). One of the most significant interaction
sites is the endoplasmic reticulom (ER). which serves as a key platform for LI formation, expansion,
and budding. Another important organelle in this network is the mitochondrion, where LDs supply
fatty acids derived from stored neutral lipids for oxidation and energy production[3]. Additionally,
peroxisomes establish specialized contact sites with LDs, known as pexopodia [6]. These structures
enable peroxisomal protrusions, lined by the inner bilayer leaflet of the peroxisome, to extend into
the lipid droplet core. Notably, pexopodia are enriched with components involved in 3 oxidation,
highlighting their potential role in lipid metabolism [7].

When two organelles are in close procimity (typically 10-70 mm apart) and physically linked, they
form comtact sites that enahble the efficient and rapid exchange of different molecules throngh active or
passive transport [1, 5], Fig. 2. The formed contact sites are typically protein-based structures that
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are known as "molecular tethers” [8]. These protein tethers play an important role in keeping the
interacting organelles at a specific distance, thereby establishing the framework for the architecture
of the contact site (Fig. 2) [1]. These contact sites contain various proteins, categorized as either
"effectors,” which carry out specific functions like material transfer, or "regulators.” which modulate
the contact site based on the cell's functional state [1, 8]

Although protein tethers are the main topic in the field of contact site investigation. also lipidic
structures forming connections between LDs and the endoplasmic reticulum (ER). and in some cases
with other organelles, have been frequently observed [9, 10]. These findings have drawn attention to
the possible involvement of lipidic bridges in facilitating the formation of LD contact sites [3]. Lipidic
bridges can serve as channels connecting the phospholipid membrane of LDs to the outer leaflet of the
phospholipid bilayer of the ER (Fig. 2). These architectural features have been documented across
various cell types and have been reported to establish connections between nearly all intracellular
LDs and the ER in yeast [11]. Since these lipidic bridges may not be rigid enongh for inter-organelle
contarts, they probably coexist with, rather than replacing, protein-based tethers, which are essential
for maintaining structural integrity of these contact sites [1]. Studies have shown that similar lipidic
bridges have been seen mostly in the LD-Peroxisome connections and LD-ER bridges, which can form
de novo, reconnecting LDs that were previously detached from the ER. This suggests that these bridges
have a more active role than just being leftovers from the LI biogenesis process [T, 12, 13].

In mammalian cells, the predominant component of the phospholipid monolayer covering an LD
is phosphatidylcholine (DOPC), which can make up up to 60 % of the total membrane composition.
After DOPC, the next most common phospholipid is phosphatidylethanolamine (DOPE) and, with
smaller amounts, phosphatidylinositol (DOPI), phosphatidylserine (DOPS), and sphingomyelin (SM)
[14]. The phospholipid monolayer of a LD is enriched with specific proteins [1, 2] that facilitate varions
cellular processes. So far, it has been shown that there are different types and classes of proteins
decorating LDs and two of these classes have been broadly studied. Class I proteins, which possess
hydrophobic hairpin motifs are thought to localize into LDs from the ER during their formation. Class
II proteins access the LIV's surface directly from the cyvtosol through amphipathic helices or via multiple
amphipathic and hydrophobic helices [15, 16].
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Figure 1: Schematic of a LI} including various protein classes embedded in the phospholipid monolayer
decorating the LD.

There are several proteins contained in the LI} coating that are associated with the connection
of LDs with different organelles. Among these, Seipin and Perilipin 5 (PLING) (one of the known
proteins from PLIN family protein) are both wellconserved transmembrane proteins, which show
their importance in the cellular energy homeostasis [3, 17]. Seipin, classified as a class [ LD-associated
proteins has been studied as a contact protein between LD and ER contact sites. PLING | a class 11
protein is known for the LD-mitochondria connection and recognized as a LD targeting protein [18].

PLING, on one hand, helps to stabilize lipid droplets, preventing their coalescence and fusion and
is involved in the storage of lipids within the LDs [19, 20]. On the other hand, PLING helps to
keep trighveerides and other neutral lipids safely stored inside the lipid droplet, protecting them from
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degradation [21]. Besides, PLING plays a role in regulating lipolysis, the process by which stored
triglycerides are broken down into fatty acids and released into the cell for energy produoction. It
can either promote or inhibit lipolysis depending on the cellular context and signaling pathways [22].
Moreover, PLINS in addition to having a potential role in LI budding, can interact with other proteins
imvalved in lipid metabolism and intracellular signaling pathways [23, 24]. These proteins can interact
with other proteins of the PLIN family, such as PLIN1 and PLIN2 to regulate LD function collectively
23, 245).

I Stu]d'lee; have shown that mutation and dysfunction of LD proteins such as perilipin family members
and seipin can be associated with several human diseases, including ohesity, diabetes, steatohepatitis
and lipodystrophy [26, 27, 28]. An in-depth understanding of the functionality of the LD contact site
network holds significant promise in shedding light on the underlying mechanisms of lipid-associated
pathological conditions [29, 30].

In this study, LDs were brought into contact with LUVs containing a phospholipid dye (rhodamine)
in their outer membrane and a water-soluble dye (Cy5 labeled dextran) in their core (Fig. 2). After
imcubation, the mixture was observed in a microfluidic channel with a fluorescence microscope. Car
findings reveal that LDs coated with DOPE or DOPC form lipidic bridges with LUVs, leading to mem-
brane fusion, while the probability for fusion is substantially increased for DOPE coated LDs. When
adding PLING to the phospholipid LD coating, LUVs are kept in close contact to the LDs, indicating
protein tethers and the fusion events are reduced. Furthermore, we studied different phospholipids in
LD} monolayers to investigate their role in fusion tendencies.
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Figure 2: Schematic of possible ways of LD contact sides with and without protein connection. (A)
LDs and Phospholipid bilayer in close proximity (B) Protein tethers connecting LDs with phospholipid
bilayer () Lipidic bridge connecting LDs with phospholipid bilaver (DY) in vitro method to model LDs
contact sites with LTUVs.

2 Results and Discussion

2.1 Lipidic bridge in LI)'s contact sites with LUVs

Figure 3 shows results of the first set of experiments where DOPE or DOPC covered LDs were brought
in contact with LUVs composed of DOPC and DOPE with a molar ratio of G0:40. After the incubation
time of 60 min, a certain fraction of the initially invisible LDs turned orange showing a rhodamine fluo-
rescent signal. A parallel Cy5 Anorescent signal from the core of the LTUVs could not be observed. This
indicates that lipidic bridges between LDs and LUVs were formed and rhodamine-PE was transferred
into the LD's monolayer. In our experiments, it remains unclear whether the LUVs fully fused with
the LDs. completely donating their phospholipid bilayer to the LIV monolayer, or if they only made
short contact, exchanged some phospholipids, and then detached. However, the lack of Cy5 signal on
the surface of the LDs clearly indicates that the LUVs do not remain attached, sugzesting that the
formed lipidic bridges are transient.
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To evaluate how lipid composition affects the formation of lipidic bridges. defined here as the
transfer of rhodamine-PE from LUVs to the LD monolayver. we compared LDs coated with DOPC
and DOPE monolavers. After 60 minutes of incubation, only about 35=40% of the DOPC-coated
LDs displayed rhodamine fluorescence, indicating phospholipid uptake from the LUVs. In contrast,
approximately 95% of DOPE-coated LDs showed strong rhodamine signals, suggesting a significantly
higher fusion efficiency. see Fig. 4. This difference in fusion probability of the LDs aligns with the larger
surface tension of a DOPE covered triolein-water interface with respect to a DOPC covered triolein-
water interface of &~ 2.3 mN/m and 1.5mN/m, respectively, and the higher diffusion rate of DOPE
phospholipids in comparison with DOPC phospholipids of & Spm?/s and 18 um?/s, respectively
[31, 32].
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Figure 3: Fusion behavior of LD's monolayer with LUVs after the incubation time. LD’s monolayer
consists of DOPC (top row) and DOPE (bottom row). The different columns show the same spot of
one sample with different microscopy contrast methods. respectively fluorescent wavelengths. (left)
Bright field micrographs. (middle) rhodamine dye channel and (right) Cv5 dye channel.

2.2 Role of PLINS in LD contact sites

To additionally investigate the role of PLINS proteins in forming contact sites between LDs and
LUVs, a similar set of experiments was conducted but with PLINS contained in the phospholipid
monolayer covering the LDs. Similarly to the previous experiments, we also find LDs that show a
fairly homogeneous rhodamine signal after the incubation time, Fig. 5. But the probability of finding
LDs with a homogeneous rhodamine signal dropped to 5%. and 70%. respectively. In the presence
of PLINS, the total probability of phospholipid uptake from LUVs decreased by factors of 1.3 for
DOPE-coated LDs and 8 for DOPC-coated LDs. respectively.

In this set of experiments with PLINS, in comparison to the previous condition without PLING, we
additionally find LDs with distinct individual fluorescence spots with both rhodamine and Cy5 signal,
which are not visible in the bright field micrographs. These bright spots can thus be identified as
LUVs that remain attached to the LDs by so-called protein tethers without undergoing fusion. While
in previous observations lipidic bridges formed only transiently. protein tethers remained stable over
a longer period of time.

The qualitative observation of these LUVs that are attached to the LDs, together with the quanti-
tative observation of a smaller percentage of LDs that fused with LUVs suggests that PLINS stabilizes
LUV-LD contacts without promoting fusion. or even prevents fusion of LUVs with LDs. This obser-
vation strongly supports the interpretation of PLIN5-mediated interactions at LD-LUV contact sites,
known as protein tethers (see Fig. 5) that keep the LUVs at a certain distance and thus rather prohibit
unspecific fusion.
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Figure 4: Prohability of LD} and LUV fusion as function of the LDV's monolayer. Leff LDs coated
with DOPC (orange) and DOPE (blue), right LDs coated with DOPC (orange) and DOPE (blue) and
with PLING. These statistics were obtained by counting the observed LDs in all experiments.

3 Conclusion and Outlook

In this study, we introduced a mode] system to investigate the contact sites of LDs and LUVs, repre-
senting the interaction of LDs with the bilayer membrane of cell organelles. To test the effect of the
LIVs membrane, respectively phospholipid composition, we conducted experiments with two differemnt
phospholipid compositions (DOPC and DOPE) with and without additional PLING. While DOPE
enhances the formation of transient lipidic bridges and thus the fusion probability of LUVs with LDs,
FLING leads to the formation of protein tethers that keeps the LUVs at a fixed distance and strongly
reduces the fusion probability of the LUVs with LDs. Onr observations also demonstrate that lipidic
bridges form more often or faster with LDs composed of DOPE compared to DOPC, which can be
attributed to the characteristics of DOPC and DOPE phospholipids. The inereased fusion probability
for DOPE covered LDs can be attnbuted to the higher lipid mobiality and reduced packing density
compared to DOPC [33]. These differences in mobility or packing density, respectively, can be under-
stood by the truncated conical geometry of DOPE and the cylindrical geometry of DOPC [31, 53]
Their impact on the fusion probability emphasizes the significance of the biophysical properties of lipid
monolayers in mediating inter-organellar communication and stroctural interactions. According to onr
results, the presence of PLING in the LDs" monolayer clearly enables protein-mediated tethering, which
keeps vesicles in close contact with the LDVs surface but prevents their fusion.

Chir findings thus support the idea that PLING plays a regulatory role in forming functional connec-
tions between LDs and other organelles, such as mitechondria, potentially influencing lipid metabolism
and energy homeostasis. These insights advance our nnderstanding of the molecular mechanisms reg-
ulating LD interactions and provide a foundation for future research into the dynamic regulation
of organelle communication. Finally, understanding how these molecular interactions contribute to
broader cellular processes, such as lipid metabolism, energy homeostasis, and signal transduction,
could pave the way for therapeutic interventions targeting metabolic disorders and related diseases.
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Figure 5: Fusion behavior of PLINS-decorated LDs with LUVs after the incubation time. LD’s mono-
layer consists of DOPC (top row) and DOPE (bottom row). plus PLIN5. Different columns show
bright field images (left). rhodamine dye channel (middle) and Cy5 channel (right). The different
columns show the same spot of one sample with different microscopy contrast methods. respectively
fluorescent wavelengths.

4 Materials & Methods

4.1 Molecules

1.2-Dioleoyl-sn-glycero-3-phosphocholine  (DOPC), 1.2-dioleoyl-sn-glycero-3-phospho-ethanolamine
(DOPE) and 1.2-dioleoyl-snglycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl)
(rhodamine-PE) were acquired from Avanti Polar Lipids and Cy5 labeled dextran was purchased
from Creative Biolabs. Glyeeryl trioleate (triolein, T7140) and squalene (S3626) were purchased from
Sigma-Aldrich. Recombinant Bovine Perilipin-5 (PLIN5) were ordered from Cusabio Technology LLC.
For microfluidic device preparation, Sylgard 184 Silicone Elastomer Kit (PDMS) was obtained from
Dow Corning. In this manuscript, buffer solution refers to 150 mM potassium chloride (KCl) purchased
from Sigma-Aldrich. All the phospholipid stocks were dissolved in chloroform and stored at —20°C.

4.2 3D-Chip Fabrication

The layout of the microfiuidic structure was designed using AutoCAD software. The design consisted
of one straight channel with dimensions 15 mmx1 mmx 100 um (length x width x height). The pos-
itive mold of this structure was fabricated by standard contact photolithography using the negative
photoresist SU-8 on 2 inch Si-wafer. Sylgard 184 was prepared following the instructions of the manu-
facturer including a thorough mixing and degassing period of 15 minutes. Subsequently. the degassed
PDMS mixture was poured directly onto the SU-8 photoresist master and cured at a temperature of
100 °C for a duration of 2 hours. Upon completion of the curing process, the cured PDMS material
was separated from the SU-8 mold and inlet and outlet holes were punched into the PDMS at the two
ends of the bottom channels. The thus prepared PDMS microchip was sealed with a glass cover slip
using plasma bonding (Diener Electronics). The assembled microfluidic device was heated at 95 °C
for 1 hour to increase the bonding strength between PDMS and glass.

4.3 Large unilamellar vesicle (LUV) preparation

Large unilamellar vesicles (LUVs) were prepared using DOPC and DOPE in a 60:40 molar ratio,
incorporating two fluorescent dyes (Rhod-PE and Dextran-Cy5) at 2% of the total phospholipid con-
centration. to facilitate monitoring the vesicles and distinguishing different interaction pathways with
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LDs. rhodamine-PE is a fluorescent-labeled phospholipid and Dextran-Cy5 is a fluorescent-labeled
sugar, which enable them to locate on the surface and in the core of LUVs, respectively. Lipids and
fluorescence dves were mixed with the previously mentioned molar ratios and with a total concentra-
tion of 1 mg/mL in chloroform and vacuum dried for about one hour to ensure complete evaporation
of the solvent. The dried lipid powders were re-suspended in 150 mM KCl buffer by pipetting and
vortexing. Using an Avanti mini extruder, the suspension was snbsequently passed 100 times through
a 1 pm polycarbonate filter (Avanti) at 50° C, according to the company's instructions. To optimize
the mumber of vesicles for each experiment, serial dilutions of LUVs were prepared and tested prior to
the experiments. A 1:100 dilution of the original solution showed better visibility of the LUVs with
minimal background noise and resulted in a final concentration of 8.67 % 10* vesicles per mL of KCl
buffer.

4.4 Lipid droplet (LD) preparation

For the preparation of the lipid droplets, a chloroform droplet containing 2 w' of phospholipid (DOPC
or DOPE phospholipid based on the experiment) was dried in a glass falcon under vacunm for 60
minutes to fully evaporate the existing chloroform in the sample. To the dried phospholipids, 250 p L
triolein oil and for some cases, where PLING was tested in the experiments, 4 gL of 0.1 mg fm L protein
solution (prepared as recommended by the company instroctions) were added. In the next step, the
mixture was diluted with (8-10)mLl K1 buffer, then a solution of lipid=oil droplets in buffer was
formed by mixing the suspension with a magnetic stirrer for abont 5 mimutes at 250 rpm. The size
of lipid droplets was controlled by the intensity and the speed of the stirrer: longer and faster stirring
resulted in smaller sizes of LDs. To be able study the LDs individually and more conveniently under
our fluorescence microscope, the mentioned time and speed were chosen that resulted in LDs with a
size range of Spm - 20 pm. To observe the lipid droplets in contact with LUVs under the fluorescence
microscope, 10 pl of the LUV solution was added to 60 pf of LDs dispersion in a vial (6:1 volume
ratio) and incubated for 60 minutes. Afterwards, the LD-LUV solution was njected by pipetting mto
the microchip channel and observed by optical fluorescence microscopy.

4.5 Inverted fluorescence microscopy

Fluorescence microscopy images were acquired with an inverted AXIO Observer T microscope (Carl
Zetss Microscopy GmbH) equipped with a Auorescence LED (ColibnT) and a CMOS camera { Axiocam
712). The fluorescence imaging was conducted using the filter excitation wavelengths of 538562 nm
(for Rhodamine) and 614-647 nm (for Cv5) and the filter emission wavelengths of 570-640 nm and G59-
7589 nm, respectively. The images were obtained with a 40x objective (NA: 0.95) and 150 mas exposure
time. It s worth mentioning that all experiments were performed at a room temperature of 23 %C.

5 Credit authorship contribution statement

Shima Asfia & Mahsa Mohammadian: Investigation, Formal analyvsis, Software, Writing = original
draft. Ralf Seemann: Conceptualization, Funding acquisition, Supervision, Writing = review and
editing.

6 Declaration of competing interest

The authors declare that they have no known competing financial interests or personal relationships
that could have appeared to influence the work reported in this paper.

7 Acknowledgments

We would like to thank Jean-Baptiste Fleury, who came up with the idea for this project. Financial
support is acknowledged by the Deutsche Forschungsgemeinschaft (DFG), Germany, SFBL02T (project
Bi).



101

References

[1] M. Schuldiner and M. Bohnert, *A different kind of love=lipid droplet contact sites,” Biochimiea
et Biophysica Acta (BRA )-Molecular and Cell Biology of Lipids, vol. 1862, no. 10, pp. 1188=1196,
2017. doi: 10.1016 fj. bhalip. 2017 .06.005.

[2] M. F. Renne and H. Hariri, “Lipid droplet-organelle contact sites as hubs for fatty acid metabolism,
trafficking, and metabolic channeling,” Frontiers in cell and developmental biology, wol. 9,
p. T26261, 2021, doi: 103380 feel 2021, T26261.

[3] M. Bohnert, “Tethering fat: tethers in lipid droplet contact sites” Comfact, wvol 3,
p. 2515256420908142, 2020, doi: 10.1177/2515256420908142.

[4] C. J. Stefan, W. 5. Trimble, 5. Grinstein, G. Drin, K. Reinisch, P. De Camilli, 5. Cohen,
A. M. Valm, J. Lippincott-Schwartz, T. P. Levine, ef al, “*Membrane dynamics and organelle
bingenesis=—=lipid pipelines and vesicular carriers.” BMO biology, vol. 15, pp. 1=24, 2007, doi:
10,1186,/ 51201 501 T-0:432-0.

[5] P-C. Liao, E. J. Yang, T. Borgman, [. R. Boldogh, C. N. Sing, T. C. Swayne, and L. A. Pon,
“Touch and go: membrane contact sites between lipid droplets and other organelles,” Frontiers
in Cell and Developmental Biology, vol. 10, p. 852021, 2022, doi: 1003389/ feel 2022 852021,

[6] M. A. Kalutsky, T. R. Galimzyanov, and R. J. Molotkovsky, “A model of lipid monolayer—
bilayer fusion of lipid droplets and peroxisomes.” Membranes, vol. 12, no. 10, p. 992, 222, doi:
10,3300/ membranes 12100092,

[7] D. Binns, T. Januszewski, Y. Chen, J. Hill, V. 5. Markin. ¥. Zhao, C. Gilpin, K. D. Chapman,
R. G. Anderson, and J. M. Goodman, *An intimate collaboration between peroxisomes and lipid
bodies,” The Journal of cell Hology, vol. 173, no. 5, p. 719, 2006. doi: 10.1053/jcbh. 200511125,

[8] M. Eisemberg-Bord, N. Shai, M. Scluldiner, and M. Bohnert, *A tether is a tether is a tether:
tethering at membrane contact sites,” Developmental cell, vol. 39, no. 4, pp. 395=-109, 2016. doi:
10100 6§ deveel. 2016100022,

[9] E. Quon and C. T. Beh, “Membrane contact sites: complex zones for membrane association and
lipid exchange.” Lipid Insights, vol. 8, pp. LPI=S37190, 2015. doi: 10.4137/LPLS37190.

[10] V. Choudhary and R. Schneiter, “A unique junctional interface at contact sites between the
endoplasmic reticulum and lipid droplets,” Frontiers in cell and developmental biology, vol. 9,
p. 650186, 2021, doi 103380 feel_ 2021650186

[11] M. Jacquier, V. Choudhary, M. Mari, A. Toulmay, F. Reggiori. and R. Schneiter, “Lipid droplets
are functionally connected to the endoplasmic reticulim in saccharomyces cerevisiae.” Jouwrnal of
cell seience, vol. 124, no. 14, pp. 2424=-2437, 2011. doi: 10,1242 fjes 0T6R36.

[12] F. Wilfling, A. R. Thiam, M.-J. Olarte, J. Wang, R. Beck, T. J. Gould, E. 5. Allgeyer, F. Pincet,
1. Bewersdorf, R. V. Farese Jr, ef al, “Arfl fcopi machinery acts directly on lipid droplets and
enahles their connection to the er for protein targeting” elife, vol. 3, p. eDlGOT, 2014, doi:
10.7554 feLife 01607.

[13] A. R. Thiam, B. Antonny, J. Wang, J. Delacoite, F. Wilfling, T. C. Walther, K. Beck, J. E. Roth-
man, and F. Pincet, “Copi buds 60-um lipid droplets from reconstituted water=phospholipid=
triacylglycende interfaces, suggesting a tension clamp function,” Proceedings of the National
Academy of Sciences, vol. 110, no. 33, pp. 13244=1324%, 2013, doi: 10,1073/ pnas. 13076851 10.

[14] K. Tanchi-Sato, 5. Ozeki, T. Houjou, R. Taguchi, and T. Fujimoto, “The surface of lipid droplets is
a phospholipid monolayer with a unique fatty acid composition.” Jouwrnal of Bielogical Chemistry,
vol. 277, no. 46, pp. 44507=14512, 2002. doi: 10.1074/jbc M207T12200.

[15] N. Kory, R. V. Farese, and T. C. Walther, “Targeting fat: mechanisms of protein local-
ization to lipid droplets.” Tremds in cell biology. wol. 26, no. 7, pp. 535=0546, 2016. doi
10100 6§ teb. 200602007



102

[16]

[17]

[15]

[19]

[20]

[21]

[22]

(23]

[24]

(23]

[26]

[27]

(2]

K. Bersuker and J. A. Olzmann, “Establishing the lipid droplet proteome: Mechanisms of lipid
droplet protein targeting and degradation,” Biochimica et Biophysica Acta (BBA )-Molecular and
Cell Biology of Lipids, vol. 1862, no. 10, pp. 1166=1177. 2017, doiz 1001006/ bbalip. 200 7 (6006,

5. Y. Dejgaard and J. F. Presley, “Interactions of lipid droplets with the intracellular transport
machinery,” [Internafional Jowrmal of Malecular Sciences, vol. 22, no. 5, p. 2776, 2021, doi:
103300/ 1jms2 20527 T6.

H. Wang, 17. Sreenivasan, H. Hu, A. Saladino, B. M. Polster, L. M. Lund, D.-w. Gong, W. C.
Stanley, and C. Sztalryd, “Perlipin 5, a lipid droplet-associated protein, provides phvsical and
metabolic linkage to mitochondria.” Jowmal of lipid research, vol. 52, no. 12, pp. 2159=2168, 2011.
dob: 10,1194,/ {lr. MO 1 T30,

S. R Bartholomew, E. H. Bell, T. Summerfield, L. C. Newman, E. L. Miller, B. Patterson, Z. P.
Nidayv, W. E. Ackerman IV, and J. T. Tansey, “*Distinct cellular pools of perilipin § point to roles
in lipid trafficking.” Fiochimica ef Miophysica Acta (BBA)-Molecular and Cell Biology of Lipids,
vol. 1821, no. 2, pp. 268=278, 2012, doi: 10.1016/j.bbalip. 20011.10.017.

X. Zhang, W. Xn, R. Xn, £ Wang, X. Zhang, P. Wang. K. Peng. M. Li, J. Li, ¥. Tan, et al.,
“PlinG hidirectionally regulates lipid metabolism in mddative tissues.” Oridative Medicine and
Cellular Lomgevity, vol. 2022, no. 1, p. 45904956, 2022, doi: 10011552022 /4504956,

J. K. Skinner, T. M. Shew, D. M. Schwartz, A. Tzekov, C. M. Lepus, N. A. Abumrad, and N. E.
Wolins, “Diacylglycerol enrichment of endoplasmic reticulum or lipid droplets recruits perilipin
3/tipd7 during lipid storage and mobilization,” Jowrmal of Biological Chemistry, vol. 284, no. 45,
pp. S0O41=30945, 2004, doi: 1001074 jbe MI0S.013095.

V. L. Gallardo-Montejano, G. Saxena, C. M. Kusminski, C. Yang, J. L. MeAfee, L. Hahner,
K. Hoch, W. Dubinsky. V. A. Narkar, and P. E. Bickel, “Nuclear perilipin 5 integrates lipid
droplet lipolysis with pge-lofsirtl-dependent transcriptional regulation of mitochondrial func-
tion,” Nature communications, vol. T, no. 1, p. 12723, 2006, doi: 10,1038/ neomms]1 2723,

A, R, Kimmel and C. Sztalryd, “Perilipin 5, a lipid droplet protein adapted to mitoechon-
drial energy utilization,” Cwrrend opinion in fipidelogy. vol. 25, no. 2, pp. 110=117, 2014. doi:
10L 10T SO L. 0000000000005 .

H. Wang, M. Bell, 1. Sreenevasan. H. Hu, J. Lin, K. Dalen, C. Londos, T. Yamaguehi, M. A. Rizeo,
R. Coleman, ef al., *Unigue regulation of adipose triglyceride lipase (atgl) by perilipin 5, a lipid
droplet-associated protein,” Jowrnal of Diological Chemistry, vol. 286, no. 18, pp. 15707=15715,
2011, doi: 10.1074/jbe.M110.207779.

F. Chandrasekaran, 5. Weiskirchen, and R. Weiskirchen, “Perilipins: A family of five fat-droplet
storing proteins that play a significant role in fat homeostasis,” Jowmal of Cellular Biochemistry,
vol. 125, no. 6, p. 30579, 2024, doi: 1001002/jch. 30579,

M. Bosma, L. Sparks, G. Hooiveld, J. Jorgensen, 5. Hounten, P. Schrauwen, 5. Kersten, and
M. Hesselink, “Owerexpression of plind in skeletal muscle promotes oxidative gene expression and
intramyocellular lipid content without compromising insulin sensitivity,” Biochimica ef Diophysica
Acta {BBA}-Molecwlar and Cell Biology of Lipids, wol. 1831, no. 4. pp. 844=852, 2013. doi:
10.1016/j. bbalip. 200 3.01.007.

5. Gandotra, C. Le Dour, W. Bottomley, P. Cervera, P. Giral, ¥. Reznik, . Charpentier, M. Au-
clair, M. Delépine. . Barroso, et al., "Perilipin deficiency and autosomal dominant partial ipodys-
trophy,” New England Journal of Medicine, vol. 364, no. 8, pp. TA0=T48, 2011. doi: 10,1056 /NE-
JMoal(MKT457.

E. Gianazza, ;. GG. Papaianni, L. Brocea, C. Banfi, and A. Mallia, “Ohmics approaches to study
perilipins and their significant biological role in cardiometabolic disorders,” Infermational Jowrnal
of Molecular Sciences, vol. 26, no. 2, p. 557, 2025, doi: 10.3390)/ijrms26020557.



103

[29] C. Wang, Y. Zhao, X. Gao, L. Li, Y. Yuan, F. Liu, L. Zhang, J. W, P. Hu, X. Zhang, et al., “Per-
ilipin & improves hepatic lipotoxicity by inhibiting lipolysis.” Hepatology, vol. 61, no. 5, pp. 870=
BR2. 20145, doi: 10,1002 hep. 27409,

[#0] J. Magré, M. Delépine. E. Khallouf, T. Gedde-Dahl, L. Van Maldergem. E. Scbel, J. Papp,
AL Meter, A. Mégarbané, M. Lathrop, ef al, “Identification of the gene altered in berardinelli=
seip congenital lipodystrophy on chromosome 11137 Nafure genetics, vol. 28, no. 4, pp. 365=370,
2001. doi: 10,1038 /mgH85.

[31] 5. Asfia, R. Seemann, and 1.-B. Fleury, “Phospholipids diffusion on the surface of model lipid
droplets.” Biochimica et Biophysica Acta (BEA )-Homembranes, vol. 1865, no. 1, p. 184074, 2023.
dot: 10,1016/ bbamem. 2022_184074.

[32] M. Jan Akbunzada, F. D'Autilia, B. Chandramouli, ¥. Bhattacharjee, A Catte, R. Di Rienzo,
F. Cardarelli, and . Brancato, “Interplay between lipid lateral diffusion, dyve concentration and
membrane permeability wmveiled by a combined spectroscopic and computational study of & model
lipid hilayer,” Scientific Reports, vol. 9, no. 1, p. 1508, 2019, doi: 10.1038 /54 1508-018-3T814-x.

[33] J. M. Israclachvili, Infermolecular and surface forces. Academic press, 2011, doi: 10L1016/C2008-
O-215060-1.

10



Appendix (IV) Deposit of Red Blood Cells at low concentrations in

evaporating droplets is dominated by a central edge growth

Authors:

Vahideh Sardari 2 °, Mahsa Mohammadian ®, Shima Asfia ®, Felix Maurer °, Dia
na Oriim ®, Ralf Seemann °, Thomas John °, Lars Kaestner " ¢, Christian Wagner
bd Maniya Maleki ?, Alexis Darras °

 Department of Physics, Institute for Advanced Studies in Basic Sciences (IASBS), Zanjan, 45137-
66731, Iran

b Department of Experimental Physics & Center for Biophysics, Saarland University, Saarbruecken, D-

66123, Germany

¢ Department of Theoretical Medicine and Biosciences, Saarland University, Homburg, D-66421,

Germany

4 Physics and Materials Science Research Unit, University of Luxembourg, Luxembourg, L-4365,

Luxembourg

https://doi.org/10.1016/j.jcis.2024.10.039

Author contributions:

V. Sardari: Writing - review & editing, Writing - original draft, Visualization, Validation, Software,
Methodology, Investigation, Formal analysis, Data curation, Conceptualization. M. Mohammadian:
Writing - review & editing, Investigation, Data curation. S. Asfia: Writing - review & editing,
Investigation, Data curation. F. Maurer: Writing - review & editing, Sofiware, Investigation, Formal
analysis, Data curation. D. Oriim: Writing - review & editing, Investigation, Data curation. R.
Seemann: Writing - review & editing, Resources. Thomas John: Writing - review & editing, Software,
Formal analysis. L. Kaestner: Writing - review & editing, Resources, Methodology. C. Wagner: Writing
- review & editing, Resources, Funding acquisition. M. Maleki: Writing - review & editing, Formal
analysis. A. Darras: Writing - review & editing, Writing - original draft, Supervision, Project
administration, Methodology, Investigation, Funding acquisition, Formal analysis, Data curation,

Conceptualization.

104


https://doi.org/10.1016/j.jcis.2024.10.039

Abstract:

Evaporation of blood droplets and diluted blood samples is a topic of intensive research, as it is
considered a potential low-cost diagnostic tool. So far, samples with a volume fraction down to a few
percent of red blood cells have been studied, and these were reportedly dominated by a “coffee-ring”
deposit. In this study, samples with lower volume fractions were used to investigate the growth of the
evaporative deposit from sessile droplets in more detail. We observed that blood samples and salt
solutions with less than 1% volume fraction of red blood cells are dominated by a central deposit. We
characterized the growth process of this central deposit by evaporating elongated drops and determined
that it is consistent with the Kardar-Parisi-Zhang process in the presence of quenched disorder. Our
results showed a sensitivity of the deposit size to fibrinogen concentration and the shape of red blood
cells, suggesting that this parameter could be developed into a new and cost-effective clinical marker

for inflammation and red blood cell deformation.
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1. Intreduction

The formation of a dried blood stain is a phenomenon that has gar-
nered significant research interest, with applications ranging from low-
cost diagnostic methods, e.g., for tuberculosis, thalassemia, and neona-
tal jaundice [1,2], to forensic investigations [3,4]. In the soft matter
community, the evaporation of colloidal droplets resting on a substrate,
Le., a sessile droplet, has been an area of intensive research in recent
decades, following the seminal work of Deegan et al. [5]. Various mech-
anisms have been highlighted as fundamentally important for the final
structure of the deposits, with the coffee-ring effect being omnipresent.
The coffee-ring effect refers to the fact that, for a small sessile droplet
of a wetting liquid with a pinned contact line, an outward flow near
the contact line typically drags the particles toward the pinned edge
of the droplet due to the inhomogeneous evaporation rate along the
droplet’s surface [5]. However, when a sufficiently high salt concentra-
tion is considered, the dominant mechanism becomes solutal Marangoni
recirculation due to the gradient of salt concentration. Indeed, a signif-
icant increase in salt concentration also leads to an increase in surface
tension, and concentration gradients can therefore induce a substantial
gradient in surface tension, which can create a central deposit of the
particles [6—8].

In the case of blood evaporative deposits, the roles of temperature [9],
ambient humidity [10], the substrate’s nature, and the ions and proteins
present in the plasma [11,12] on the final structure have been exten-
sively studied. Moreover, seminal studies have shown the effects of red
blood cell (REC) properties by comparing rigidified cells or spheres with
healthy RBCs [13], while others have highlighted the effect of dilution
by studying patterns obtained from diluted whole blood in distilled wa-
ter and Phosphate Buffered Saline (PBS), down to blood concentrations
of around 107 [14]). However, the detailed influence of RBC proper-
ties, such as shape and aggregability, on the deposit growth and final
state remains unclear. This is particularly relevant, as previous studies
have demonstrated that, in the case of solid particles, the anisotropy
of colloids can modify particle aggregation regimes, reverse the deposit
pattern [15], and dictate their growth dynamices [16].
As RBCs aggregate into mostly linear structures called rouleaux in the
of certain proteins [17-19], one can hypothesize that the
length of these rouleaux acts as an effective particle eccentricity, in-
fluencing the structure of the evaporative deposit. The aggregability of
RBCs, i.e., their tendency to form longer rouleaux and networks with
wider gaps, is known to be heavily influenced by cell rgidity and fib-
rinogen concentration [18,20,21].
Thus, the main objective of this study is to determine whether evapora-
tive deposits of dilute REC suspensions show sensitivity to RBC aggrega-
bility and shape, which could be leveraged to develop low-cost sereening
methods for pathological changes in RBC aggregability and shape. We
focus on droplets with volume fractions ¢ < 1% of RBCs (compared to
the physiological level of ¢ & 45%) in plasma- and PBS-based solutions.
Wi observed a central deposit for the various suspending liquids with
isotonic osmolarities. Building on this result, we created line-shaped
droplets and studied how cell shape and aggregation modify the growth
and final central linear deposit. We mixed plasma with serum to modify
RBC aggregation [20], while varying the osmolarity of the PBS-based
suspensions to alter RBC shape. All conditions led to growth consistent
with the Kardar-Parisi-Zhang process in the presence of quenched dis-
order (KPZQ) [16,22). However, the final sizes of the deposits varied
as a function of cell shape, volume, and aggregability, indicating that
studying these patterns could potentially serve as low-cost screening in-
dicators for deformed RBCs or abnormal aggregation levels.

2. Methods
2.1, Ethics statement

Human blood withdrawal from healthy volunteers was performed
after explicitly obtaining their informed consent. Blood withdrawal and
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handling were conducted in accordance with the Declaration of Helsinki
and approved by the ethics committee “Aerztekammer des Saarlandes™
(reference No. 176/21)

2.2, Experimental protocol

Fresh blood was drawn from healthy donors via venous blood sam-
pling into tubes containing Ethylenediamine tetraacetic acid (EDTA)
and a tube for serum (5-Monovette, Sarstedt, Numbrecht, Germany).
Cells were separated from the plasma by centrifuging the EDTA tubes
for 7 minutes at 3000 rcf using a fixed-angle centrifuge (Hermle Z 36
HE, Hermle, Wehingen, Germany). The unit ref stands for Relative Cen-
trifugal Field, expressing the centrifugal acceleration as a multiple of
gravitational acceleration g. Plasma was then obtained as the super-
natant and was transferred immediately after centrifugation into a clean
1.5 mL Eppendorf tube using a micropipette. Serum was collected in a
similar fashion, except that the blood was allowed to clot by leaving the
collection tube undisturbed at room temperature for 30 minutes, accord-
ing to the serum-tube manufacturer's guidelines (S-Monovette, Sarstedt,
Niimbrecht, Germany). Clotted components were then removed by cen-
trifuging with the same protocol as for the plasma. Serum was obtained
as the supernatant. Afterwards, | mL samples with volume fraction
¢ =3x 107" of RBCs were prepared by suspending the packed cells
in PBS ((Fibeo, U 5 A), plasma and/or serum. Samples were kept at room
temperature for the duration of the experiments (less than 6h).

In order to investigate whether changes in RBC shapes can lead
to a different growth class of the edges obtained in the deposits, we
also suspended RBCs in solutions of various osmolarities. In healthy
individuals, RBCs at rest typically possess a biconcave disk shape.
However, the osmolarity of the surrounding medium can change the
shape of the RBCs according to the stomatocyte-discocyte-echinocyte
(SDE) sequence [23-25]. To that end, solutions with osmolarities of
(130,200, 300, 550, 800 mOsmol /L), with 5 mg/mL of fibrinogen to en-
sure aggregation between RBCs, were prepared according to the proto-
cols described in the next paragraphs. Washed RBCs were then resus-
pended in each solution with the same volume fraction ¢=13x 107 as
earlier. Representative shapes of RBCs as observed under the confocal
microscope are shown in Fig. A6,

To prepare the RBC suspensions with osmolarity lower than physi-
ological and PBS values (= 300mOsmol/L), we first diluted fibrinogen
from human plasma (Product code F3879-5G, 50-70% protein, (= 80%
of protein is clottable) Sigma Aldrich, Burlington, Massachusetts, United
States) in a solution of physiological esmolarity. For stability reasons,
human plasma fibrinogen is typically stored as a powder containing
around 60% protein by mass, stabilized with 15% sodium citrate and
25% NaCl. We experimentally determined that an iso-osmotic solution
of fibrinogen in PBS can be reproduced by using 5% distilled water for
each 1 mg/ml of fibrinogen (i.e., for each 1/0.6 = 1.67mg/mL of the
powder). However, due to possible heterogeneity in the powder, the
osmolarity of this solution was always checked with a freezing-point os-
mometer (Osmomat 3000basic, Gonotec, Berlin, Germany). Since this
first step may require repetition to achieve the desired concentration of
fibrinogen at the comrect osmolarity, and because fibrinogen dissolves
faster at 300 mOsmol/Lthan in solutions of lower osmolarity, we always
first prepared an iso-csmotic solution with a fibrinogen concentration of
F,# Osmy, /Osm,. Here, F, =35mg/mL is the target fibrinogen concen-
tration, Osm,, = 300 mOsmol /L is the osmolarity of the isotonic solu-
tion, and Qsmy < Osmry, is the target osmolarity. The isotonic solution
was then diluted with distilled water, using proportions of Osm, /Osm,
of the isotonic fibrinogen solution and 1 = Osm, fOsmy,, of distilled wa-
ter. Finally, 45 + Smg/mL of Bovine Serum Albumin (BSA) (= 96%,
Sigma Aldrich, Burlington, Massachusetts, United States) were added
to the solution, both to prevent deformation of RBCs due to the glass
effect and to limit salt erystallization at the end of the evaporation pro-
cess. Red blood cells were then suspended in each solution following the
previously described protocol.
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(b)

Fig. 1. Experi 1 setup: (a) Sch
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(c)

ic of the inverted transmission microscope, and (b) the T-shaped drying chamber where the sample drop is placed on a

microscopic slide. The slide’s contact with the chamber is sealed with petroleum jelly. (c) Schematic of the solutal Marangoni flow inside the evaporating droplet,
which transports the cells and gathers them in the center of the droplet. Such a flow pattern is observed in solutions with high salt concentration [6,26].

To prepare the RBC susp with larity higher than physio-
logical (and PBS) values (550,800 mOsmol /L), isotonic solutions with
Smg/mL of fibrinogen and 45mg/mL of BSA were prepared as de-
scribed previously. Afterwards, a mass m= ACV M /2 of NaCl (>99.5,
VWR, Radnor, Pennsylvania, USA) was added to the solution, where AC
is the required increase in ity, V is the vol of the soluti
and M = 5844 g/mol is the molar mass of NaCL
The final osmolarity of the solutions was always checked with a

ing-point and only used if the deviation was lower than
10% from the target value.

To create the deposits, a 5 ul. pendant drop of the sample was formed
at the tip of an adjustable 2-20 pL vol micropipette (Eppendorf,
Hamburg, Germany). The pendant droplet was then placed on a glass
slide (Microscope cover glass, ECN 631-1586, VWR, Radnor, Pennsyl-
vania, USA), which had been previously cleaned with isopropanol and
dried with compressed air (contact angle at rest of PBS was measured
to be 52 + 3°). To start an experiment with an elongated droplet, the
5 ul-drop was spread along 7 mm on the glass slide, using the same ad-
justable micropipette and a marked distance below the glass slide. To
suppress the airflow and control the humidity of the environment in
which the drop was placed for drying, a T-shaped hood was used. Both
top sides of the hood were filled with completely dry blue silica gels to
absorb humidity, as described in earlier works [7,8,27] (see Fig. 1). The
glass slide with the droplet was placed under the microscope, and the
T-shaped hood was adjusted on top of the glass slide with petroleum
jelly (KORASILON-Paste, Kurt Obermeier GmbH, Bad Berleburg, Ger-
many) on its base. The petrol jelly d firm coh between
the chamber and the glass slide and prevented the passage of airflow
into the chamber. The drop was observed under an inverted transmis-
sion microscope (Nikon Eclipse T E200, Nikon, Tokyo, Japan) using a
4x objective. White light was sent through a short-pass filter with a cut-
off wavelength of 450 nm (FESH0450, Thorlabs, Newton, New Jersey,
USA). The filter was used to increase the contrast between the RBCs,
whosc absorpdon peak is at 415nm due to hcmoglobm and the sur-

g envi Images of the evaporating drop were taken at
intervals of 1s using a CMOS camera (DMK 37BUX250, The Imaging
Source, Charlotte, North Carolina, USA) attached to the microscope. Im-
ages were recorded until the droplet was completely dried and cracks
appeared (see Appendix Fig. A.1), i.e., around 40 minutes. Examples of
the obtained pictures are depicted in Fig. 2.

f

2.3. Image analysis

Using a homemade MATLAB code, the images of elongated droplets
(see Fig. 2 (d-f)) were processed to binarize and isolate the central
particle deposit. For each image, the code first averages the intensity
perpendicularly to the main axis of the droplet, i.e., along y, and as-
sesses the central position of the droplet as the y-coordinate with the
minimal averaged intensity (since the RBCs have an absorption maxi-

Fig. 2. Pictures of droplets from various suspensions of RBCs (¢ = 3107%),
shortly before pl ion and the apy of cracks (see Supp
Fig. A1 for completely drled deposits). (a-f) Whole drops were reconstructed
by stitching series of pictures at higher zoom levels. (a-c) Spherical cap droplets
of 5ul; (d-f) Elongated droplets of 5 ul. spread along 7mm on the glass slide.
(d) The inset shows the area of a single picture, where the deposition of red
blood cells was i gated over time. Sup were (a and d) autologous
plasma, (b and e) 4.5mg/mL BSA solution in PBS, and (c and f) 5mg/mL fib-
rinogen solution in PBS with 4.5 mg/mL BSA. The images were stitched together
using Imagel.

mum at 420 nm, i.e., for blue light). The central deposit is then divided
into two parts, splitting the picture at this central position, i.e., defining
y=0, as illustrated in Fig. 3(a). This effectively converts the central de-
posit into two growing edges. Analyzing both sides independently made
it possible to monitor possibl y in the droplet and/or deposit
shape, which was used to reject data when significant differences were
observed. The pictures were then binarized using an Otsu threshold on
pixel intensity. Afterwards, only the connected components in contact
with the central edge at y = 0 are considered as the growing edge, while
other cells are discarded in further analysis. Furthermore, to ensure that
only stable parts of the edge are considered, only pixels preserved in
at least 9 out of 10 consecutive images are kept in the final picture.
These final pictures, exemplified in Fig. 3(a), were analyzed to extract
the properties of the deposit.

Deposits are characterized by their spatial extension, conventionally
called profile height h(x.r) measured as the distance between the center
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Fig. 3. Mustration of the image analyzis process. (a) Snapshot of the central deposit with the raw experimental picture split at the detected center (for the resulting
pattern of (L3% volume suspension of RBCs in a 50-50 mixture of autologous serum and plasma), with overlaid final edges and the final binarized edges. This picture
was taken 35 minutes after placing the drop on the slide. The x. y axes and the length of the system L are also indicated for further reference. (b) Scaling of the
interface roughness width with average profile height for the superposition of the left side of the pattern and the right side of the pattern. Distances are normalized
by the characteristic cell radius Rgg =4.48 um, in order to compare samples with possible radius changes (when various osmolarities are used). Solid lines are the
fits used to obtain the parameter from Eq. (3). The slope of the first linear part, before saturation is reached, is the beta value. Color bars indicate the elapsed time
based on the frame number after placing the drop on the surface of the microscope slide. (For interpretation of the colors in the figure(s), the reader is referred to

the web version of this article.)

line and the farthest white pixel along y, at a given x (see Fig. 3(b)). The
profile height is initially computed independently on the left and right
sides of the center line. The growth of the central edge is then described
through the relationship between R}, the average of f(x, 1) along x, and
wit)]y, the standard deviation of kix, 1) evaluated on a system of size L
along x, conventionally called the (roughness) width of the deposit (see
Fig. 3(b) for graphical definitions).

2.4 Edge growth statistics

Usually, in order to describe the deposit growth quantitatively, both
its mean profile height R(r) and roughness width wi(r)] ;, which is the
standard deviation of surface fluctuations around its mean value, are
studied. For a discrete system, as our experimental pictures made of
pixels, these two quantities are defined as [28,29]:

L
- 1 )
h(r}:IZhu.:J (1

=l
where fii. 1) indicates the profile height of the deposit at the i-th pixel
along x at the time f, and L is the size of the system in pixels (see
Fig. 3(a)). If the deposition rate (the number of particles reaching the
surface per unit of time) is constant, the mean profile height increases
linearly with time (F ~ 1). To quantify the growth process, the roughness
width is investigated as a function of time

(2)

L
wif)|g = %E [h{:‘,r}-i:{.r;]z_

i=1

For many phenomena [30-37], the roughness width w increases as a
power of time

(3)

where f is called the growth exponent and determines the time-
dependent dynamics of the growth process. In experimental contexts,
since defining the time zero is often difficult or arbitrary to some extent,
a commaon approach consists in assuming that the scaling between w and
1 also translates between w and h: u'i}l}l;_ -~ L"_fl%}. In our experi-
ments, this beta coefficient was then obtained by fitting an piece-wise
function, defined as an arbitrary straight line, continuously connected
to a horizontal line (see Fig. 3(b)). The slope of the first line was con-
sidered to be the § parameter. The final horizontal line was used in the
fit, because the roughness width eventually saturates at a value that
increases as a power law of the system size:

wit)]y o L

(4)

. [
Wy o L

The exponent a is the roughness exponent of the saturated surface. The
above relations are often expressed in the relation introduced by Family—
Vicsek [28]:

winle e L°f (73 ). ®)
where = = ; is the dynamical exponent, and f{u) o of if w1 and
approaches a constant when w1 [29,38].

In order to measure the roughness coefficient @ from Eq. (4), we cal-
culate the local roughness width by dividing the pictures into windows
of length I along the deposit axis, and average the results obtained from
all the windows [39],

S
wz{:jL = < 7 Z [hix, ip= h,[r}]2>
=g

where fi;(7) is the average profile height of the selected window and <>
indicates the ensemble averaging. According to Eq. (4), the local mough-
ness width increases as a power law when the window size increases.
Experimentally, it has already been shown that this exponent can fol-
low various regimes, with transitions at given system sizes L [36]. The
roughness exponent was then obtained by fitting the data obtained af-
ter wit)]; saturated with a continuous piece-wise function, with two
successive lines having positive slopes, followed by a constant value.
The first line's slope was considered as the roughness exponent at short-
length scales a,. The slope of the second line is the roughness exponent
at long length scales oy (see Appendix Fig. A2 for an example of the
fitting process).

The previous scaling relationships can be used to define universal-
ity classes. In the context of evaporating droplets, it has been previously
shown that the exponent § is sensitive to the shape of the particles,
which can modify the growth regime of the edge formed by the cof-
fee ring process. In particular, spheres have been shown to follow a
Poisson process, characterized by § =05 and o = 0, while anisotropic
particles, with anisotropic interactions, exhibited a growth belonging to
the Kardar-Parisi-Zhang process with quenched disorder (KPZQ)) with
f=0.68 and o =063 [16]. Given that the REC shape can be altered
by physio-chemical stresses or genetic diseases, one of the objectives of
this work is to determine if the growth of the observed central edges
can belong to varous growth mechanisms. In particular, we tested if ar-
tificial changes in RBC shapes and aggregability can lead to a different
growth class of the central Marangoni edge. To that end, we analyzed

(6)
£
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the growth of the central edge obtained with various suspensions, using
the image analysis described previously,

3. Results and discussion

In the beginning, dried deposits were obtained from spherical cap
droplets with different suspending liquids (see Fig. 2(a-c)): autologous
plasma, 4.5mg/mL BSA solution in PBS, and in | mL of fibrinogen so-
lutions (concentrations upto Smg/mL were used for fibrinogen in PBS,
4.5 mg/mL of BSA was also added in order to prevent the glass effect and
the formation of slat crystals in the final dried deposits). As schematized
in Fig. 1{c) and displayed in Fig. 2(a-c), RBCs migrate and accumulate
towards the center of the drop due to a dominating solutal Marangoni
flow. Hence, the pattern of all the dried drops in the conducted exper-
iments includes central deposits of RBCs due to a solutal Marangoni
recirculation loop. In order to study the growth of this central deposit,
linear droplets were placed on a glass slide, as illustrated in Fig. 2(d-
). This setup allowed the use of classical 2D edge growth descriptions,
previously used to model coffee rings [16] and described in Section 2.4,
The dynamics of deposition were recorded at one frame per second with
a 4X objective, around the middle of the droplet’s line. A typical pic-
ture is displayed in the insert of Fig. 2(d). Interestingly, most of the
droplet evaporation we observed occurred while the triple-phase line
was pinned; the contact angle of the droplet decreased during the for-
mation of the central edge, without influencing the exponents (@ and
) deseribing the formation process of the central edge (see further re-
sults). It is therefore also likely that changing the initial contact angle
without altering the liquid or the substrate (e.g., by using other depo-
sition protocols that take advantage of the possible hysteresis observed
in the formation of this contact angle) would only have a marginal in-
fluence on the parameters we measured.

As stated before, the main objective of this study is to determine
whether evaporative deposits of dilute RBC suspensions present some
sensitivity to RBC aggregability and shapes, which could be used to
develop low-cost sereening methods for pathological modifications. To
determine whether the aggregability of the RBCs modifies the growth
of the central deposit, we performed experiments by suspending 0.3%
volume of RBCs in plasma, serum, and a 50-50 mixture of autologous
serum and plasma.

Indeed, serum can basically be described as fibrinogen-free plasma,
and fibrinogen is one of the main molecules promoting aggregation in
blood samples. Using autologous serum offers a practical way to modify
the RBCs' aggregability while maintaining other parameters as close as
possible to their physiological conditions, as already employed in differ-
ent studies [20,40,41]. The parameters obtained for three fibrinogen lev-
els are displayed in Fig. 4, for fresh blood samples from 3 healthy donors
and a repetition of 10 droplets. Although all suspensions demonstrated
growth with an exponent close to that of a KPZQ process (f = 0L68 for
KPZQ; our experimental values lie within § = (.64 + 0.04), it is inter-
esting to note that there is a significant difference in the distribution
of the maximal roughness w(t)|, and maximal average profile height
Rit) reached by the deposits over the course of the experiment. These
maximal values are typically reached at the end of the experiment, but
noise and minor perturbations (such as irregularities in the shape of
the droplet) can slightly shift the observation time of these values. The
significance of these variations is summarized by the range of p-values
obtained from two-sample Kolmogorov-Smirnov tests, The p-values are
the probabilities that the differences observed between the experimen-
tal measurements of two populations are due to random fluctuations
from the same intrinsic continuous Probability Density Function. These
tests have been performed using the function kstest2 in MATLAB. The
ranges of p-values are abbreviated as ns (not significant) for p> 0.1,
while the number n of stars » refers to a significance level of p < 107",
Interestingly, changes in b, and w, . seem to be more sensitive to an
increase in fibrinogen levels, meaning that one could potentially detect
inflammation with a method based on this observation, as fibrinogen is
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Fig. 4. Experimental results: (a) Average growth exponents, (b) Average rough-
ness exponent, (c) Maximum profile height, and (d) Maximum roughness width,
obtained for (L3% red blood cell suspension formed in 1 mL of Serum, Plasma,
and a 50-50 mixture of autologous serum and plasma (SerumPlasma). Measure-
ments were repeated ten times for all three colloidal suspensions. The signifi-
cance of the differences in the distributions is abbreviated as ns (not significant)
fior p = 0.1, while the numbser # of stars = refers to a significance level of p < 10",

a well-known inflammation marker [42]. Despite the fact that the in-
ternal convective movement is driven by Marangoni flow, there is no
evidence that this systematic trend is due to a systematic change in the
intensity of the solutal Marangoni flow, because there is no significant
or systematic variation in the surface tension between serum, plasma,
and the serum-plasma mixture (see Appendix Fig. A3 for measurements
with the pendant drop method). The most reasonable assumption is that
the modification of the RBC aggregation is the parameter responsible for
this change [18].

Since RBCs are one of the most deformable cell types, whose shape
can be altered in pathologies, we also performed experiments to investi-
gate whether artificial changes in RBC shapes and aggregation can lead
to variations in the growth of the central Marangoni edge. More accu-
rately, we tested if shapes from the Stomatocyte-Discocyte-Echinocyte
(SDE) sequence, obtained via a change in osmolarity, would lead to any
difference in the dynamics of the deposit formation. Although the os-
molarity of the suspending phase should increase during evaporation
of the droplet and possibly alter the shape of the RBCs during the ex-
periments, we noticed that the significant part of the central deposit
growth oceurs within ten minutes of the evaporation process, while
the overall evaporation process took around 40 minutes. The overall
increase in osmolarity over the formation of the central deposit is there-
fore around 1/0.75 = 1, i.e., an increase of approximately 33%, assuming
a constant evaporation rate. This overall increase is too small to signifi-
cantly alter the shape of the RBCs. Moreover, the osmolarity is probably
inhomogeneous in the droplet, and the increase in osmolarity is likely
limited to the edge of the droplet, since strong Marangoni recirculation
is linked to a salt concentration gradient towards the edge of the droplet
[26,43,44]. Finally, a closer inspection of the dried patterns shows that
discocytes are still forming rouleaux in the case of an initial osmolar-
ity of 300mOsmol /L and that spherocytic or echinocytic shapes are still
conserved in the dried deposit. Changes in RBC shapes during the for-
mation of the deposit are therefore negligible.

Growth, roughness exponent, maximum profile height, and manxi-
mum roughness width obtained for various osmolarity levels are dis-
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Fig. 5. Experimental results: (a) Average growth exponents, (b) Average rough-
ness exponent, () Maximum profile height, and (d) Maximum roughness width,
obtained for (0.3% red blood cell suspension were formed in | mL solutions of
varying osmaolarity. Measurements have been repeated ten times for all three
colloidal suspensions. The abbreviation ns stands for not significant. The signif-
icance of p-values is defined as ns for p > 0.1, while the number » of stars =
refers to a significance level of p< 1077

played in Fig. 5. According to previous results with inorganic particles,
we expected some changes in the growth regime of the central deposit
for various particle shapes, especially when moving from isotropic to
anisotropic shapes [15,16]. The change in cell shape did not signifi-
cantly impact the overall morphology or the universal class of growth.
Al samples were consistent with the KPZQ universality class, regard-
less of cell shape alterations. However, we also observed a significant
increase in the maximal profile height of the central deposit, which was
particularly sensitive to changes in osmolarity in the lower range, i.e.,
in the spherocyte-discocyte part of the SDE sequence. It is important to
note that the volume of each blood cell also exhibits a clear dependence
on asmolarity [45,46] (see Appendix Fig. A.4). Consequently, it was not
clear at this stage whether this dependency is based on the shape of the
erythrocytes or their volume in droplets of various initial osmolarities.
However, we could rule out a change in the intensity of the Marangoni
flow, as there was no significant difference in the surface tension of the
various suspensions (see Appendix Fig. A3).

As long as the volume fraction is kept below 1%, we noticed that in-
creasing the volume fraction increases the maximum height and width
but does not modify the formation dynamics. We therefore performed an
additional set of experiments, maintaining a constant number of blood
cells, instead of maintaining a constant volume fraction of ¢ =3 x 103
acrass all osmolarities. To that end, we estimated the average val-
ume of RBCs at various osmolarities, Vg, . through statistics from 3D
scans performed with a confocal microscope (see Appendix Fig. A4
for values), and suspended the RBCs with a volume fraction computed
as =3 107 x Vosm! Vioomosmot 1 Where Vool = 90 um? is
the standard volume of discocytes ar a physiological osmolarity of
300 mOsmol/L (compatible with our measurements) [47]. With this
change, we maintained a comparable number of RBCs in all samples,
rather than a similar volume. Results with this protocol are depicted in
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Fig. &. Experimental results: (a) Average growth exponents, (b) Average rough-
ness exponent, (o) Maximum profile height, and (d) Maximum roughness width,
obtained for red blood cell suspensions with a volume fraction ¢ =3 x 10~ x
Vumd Vg keeping the number of blood cells per milliliter constant. Measure-
ments have been repeated ten times for all three colloidal suspensions. The
abbreviation ns stands for not significant. The significance of p-values is de-
fined as ns for p > 0.1, while the number r of stars * refers to a significance
lewel of p< 107"

Fig. 6. Interestingly, a significant increase in the maximal profile height
is still observed from 130 mCsmol /L to 200mOsmol /L, but the maximal
roughness width decreases or remains constant at higher osmolarities.
We can rule out that the osmolarity of the sample alone is responsible for
the observed trend, as it is not reproduced when changing another pa-
rameter. Normalizing the dimensions of the central deposit by the length
size of the cells (ie., the cubic root of the average volume V)" mea-
sured for a specific osmolarity) does not significantly alter the observed
trends. Therefore, the volume of the cells alone does not explain the
trends observed at low osmolarity in Figs. 6 and 5, although the trend
observed in Fig. 6 at high osmolarity might be related to this change in
volume, as correcting for the number of cells shows that there are no
significant differences in the profile height of the deposit beyond 300
mOsmol/L in Fig. 5 (see Appendix, Fig. A.5 for the graph with normal-
ization by the characteristic radius).

4. Conclusion

Our results showed that suspensions of red blood cells at low vol-
ume fractions (¢ = 3 x 107*) form a central deposit, which contra-
dicts the common assumption that blood evaporation is dominated by
the classical coffee-ring effect [1-4,9-12,14,48]. These results suggest
that Marangoni stresses should be incorporated into models used to
explain the formation of cracks and patterns in dried blood deposits
[48,49]. We demonstrated that the growth of this central deposit fol-
lows dynamics close to the predictions of the Kardar-Parisi-Zhang pro-
cess with quenched disorder (KPZQ) scaling. This KPZQ scaling is ro-
bust enough to be observed in all osmolarities where the Spherocyte-
Discocyte-Echinocyte transition can be seen, regardless of the shape
adopted by the RBCs during the growth of the Marangoni edge. Our
investigations also showed that the maximal profile height (in terms of
average spatial extension of the 2D deposit) of this edge depends on
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the properties of the red blood cells. In particular, higher aggregation
of red blood cells results in a smaller deposit, while spherocytes tend to
create smaller deposits, with the highest degree of significance. These
results suggest that characterizing the size of this central deposit has
potential applications as a clinical tool to detect changes in cell volume
and/or geometry, which have not been considered before. However, our
results also indicate that this size has a smaller sensitivity to changes cor-
respanding to higher osmolarity levels. This suggests that developing
automatic and highly reproducible elongated droplet shapes or explor-
ing the effects of other control parameters, such as volume fraction,
surrounding humidity, and temperature, might be an important step to-
ward developing practical applications. Future work will focus on two
aspects: (i) understanding the fundamental mechanisms of the transi-
tion between a central deposit and the accumulation of particles at the
contact line as the volume fraction of cells increases, and (ii) quanti-
fying how actual pathological modifications of RBC properties can be
identified via patterns of blood evaporative deposits.
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