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Zusammenfassung

Zusammenfassung

Humane dreidimensionale (3D) Zellmodelle bieten die einzigartige Möglichkeit, die zelluläre
Architektur und Physiologie menschlicher Organe nachzubilden. In der biomedizinischen For-
schung sind sie von immer größerer Bedeutung, um humane Entwicklungsprozesse, Krankheiten
und therapeutische Wirkstoffe zu untersuchen. Aus diesem Grund steigt die Nachfrage nach
3D-Zellmodellen, wobei ihre umfassende Nutzung durch das Fehlen geeigneter Langzeitkonser-
vierungsstrategien eingeschränkt ist. Diese Arbeit befasst sich daher mit der Kryokonservierung
von 3D Zellmodellen, um das Wissen über Kryo-Effekte in multizellulären Systemen zu er-
weitern. Dazu wurden die Auswirkungen verschiedener Kryoparameter auf Stammzell-basierte
Sphäroide und Organoide mit unterschiedlichen Eigenschaften untersucht. Mittels Standard-
Kryoverfahren wurden hierbei signifikante strukturelle Veränderungen nachgewiesen. Bei scho-
nender Kultivierung nach dem Auftauen blieben jedoch Vitalität, Proliferation, Genexpression
und Differenzierungspotential der Zellen erhalten. Dynamische Zellkultur oder eisfreie Kryokon-
servierung konnten dies weiter verbessern. Darüber hinaus wurde eine spektroskopische Anal-
ysemethode mittels Raman-Mikrospektroskopie zur Quantifizierung von Diffusionskinetiken di-
verser Moleküle eingeführt und etabliert. Diese Technik ermöglicht die Vorhersage modellspez-
ifischer Perfusionszeiten verschiedener Substanzen, wie u.a. Kryoprotektiva, um Kryoverfahren
für 3D-Zellmodelle zu standardisieren.
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Abstract

Abstract

Human three-dimensional (3D) cell models provide the unique possibility to imitate the cellular
architecture and physiology of human organs. They have become crucial in biomedical research
in studying human developmental processes, diseases and therapeutic compounds. With their
increasing importance, the demand for ready-to-use 3D cell models has risen. However, the
lack of adequate long-term preservation strategies restricts their comprehensive use. Hence,
this thesis focuses on the cryopreservation of 3D cell models to expand the knowledge about
cryo-induced effects in multicellular systems. This work investigated the impact of different cry-
opreservation parameters on the cellular network and physiology of stem cell-derived spheroids
and organoids with different properties. These 3D cell models showed significant structural
changes after standard freezing. However, with gentle handling, cell viability, proliferation, ge-
netic status and differentiation potential were maintained after thawing. These results could be
further improved by dynamic recovery approaches or ice-free cryopreservation. Furthermore, a
spectroscopic analysis method using Raman micro-spectroscopy to quantify the diffusion kinet-
ics of various molecules was introduced and established. This technique enables the prediction
of model-specific perfusion times of different compounds, such as cryoprotectants, in order to
characterise and standardise cryopreservation procedures for 3D cell models.

VI



Introduction

1 Introduction

Various cell model systems, including cell lines and animal models, provide advanced insights
into disease mechanisms, pathogenesis and preclinical drug screenings (J. Kim et al. 2020). How-
ever, a significant drawback is the limited transfer and extrapolation of model-based results to
human in vivo conditions. Cell signalling pathways, biochemical and metabolic processes or
drug targets are often specific to complex cellular interactions in human physiology. In animal
models, many processes are altered, and human two-dimensional (2D) cell models can only
represent simple single or partial biochemical pathways. These models may be sufficient for
the prediction of physiological processes; however, precisely modelling an entire physiological
human tissue or organ with essential interactions of diverse cell types is limited (Duval et al.
2017, Huch et al. 2017). Several studies have shown altered cell characteristics on proliferation
(Chitcholtan et al. 2013), differentiation (Mabry et al. 2016) and gene expression (Pineda et al.
2013) in 2D cultures compared to the corresponding 3D tissue models. Thus, the demand for
physiological, more relevant human in vitro model systems is increasing. In this context, the in-
troduction of three-dimensional (3D) cell culture methods (Barcellos-Hoff et al. 1989, Petersen
et al. 1992) and the pioneering development of human induced pluripotent stem cells (hiP-
SCs) by K. Takahashi and Yamanaka 2006 are key technologies for modern biotechnology. The
self-assembly and pluripotent properties of iPSCs are essential for differentiating specific inter-
connecting cell types. The processes are triggered by directive signalling by the extracellular
matrix (ECM), the cultivation medium and, once the cell network is formed, by the cell types
themselves. Together with 3D cell culture techniques, stem cells enable the development and
growth of human-derived tissues and organ-like structures in vitro, allowing the recapitulation
of metabolic pathways and the functions of entire organs. At the beginning of the development,
cells start to adhere and aggregate, forming simple, multicellular 3D models called spheroids.
Spheroids represent only single or partial tissue components consisting of one cell type. With
increasing maturation induced by external signals and internal developmental processes, more
complex 3D systems with several cell types, so-called organoids, were formed (Takebe and Wells
2019, Gunti et al. 2021). They represent a human-physiological relevant basic model system for
fundamental biomedical research to improve the understanding of cell type-specific 3D archi-
tecture, compositions of ECM and the interactions of organ-like cell structures. Based on this,
they offer the possibility to recapitulate human developmental processes during organogenesis
and study disease progressions in different stages. With patient-derived iPSC organoids, disease
patterns can be analysed directly from individuals, as well as potential therapeutic compounds.
Finally, new drug discovery strategies and future personalised therapies can be developed (Doss
and Sachinidis 2019, Sharma et al. 2020). Hence, human stem cell-derived spheroids and
organoids represent an innovative, groundbreaking tool that influences biomedical research and
patient-based therapy with a lasting impact.
In recent years, the use of stem cell-derived 3D brain organoid models has emerged concerning
neurodegenerative disease research. In the past decades, the prevalence of neurodegenerative
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Introduction

diseases has steadily increased worldwide (Hansson 2021). The most common neurodegener-
ative disorders are dementia and Parkinson’s disease, with together about 60 million people
currently affected worldwide. By 2050, the number of patients with dementia is expected to
rise to at least 130 million people worldwide (Martin et al. 2015). Hence, society is globally
confronted with the growing economic impact of neurodegenerative diseases, with annual treat-
ment costs of about 350 billion euros in Europe (BMBF 2023) and over 650 billion dollars in
the U.S. (Thorpe et al. 2021). The common feature of neurodegenerative diseases is the pro-
gressive degeneration of the neural system that is not curable yet. The primary difficulty in
diagnosis is the complex, heterogeneous pathogenesis and diverse range of symptoms leading
to 20-30% misdiagnosed patients (Bradford et al. 2009, Beach et al. 2012). Insufficient clinical
diagnostic accuracy impedes the identification of efficient, individualised therapies. Current
knowledge of neurodegenerative disorders mainly relies on postmortem examination, models
from conventional cell lines or primary cell cultures and animal models (Raslan and Kee 2013).
However, the transfer and extrapolation of 2D cell culture and animal models to human physi-
ology in vivo are limited due to the lack of the recapitulation of integrative cell communication
of several specific cell types, such as neurons and glial cells (Duval et al. 2017). Thus, the de-
velopment of hiPSCs-derived 3D cell models to study neurodegenerative diseases is on the rise.
Brain organoids can resemble different parts of human brain structures and serve as models for
disease-relevant pathology. A significant advantage of 3D brain organoids is the superior con-
nectivity of the neurons compared to 2D cell culture systems, which increases the complexity of
the neuronal network, closely resembling that of human brains (Smits and Schwamborn 2020).
For instance, brain organoids derived from iPSCs by Alzheimer’s patients have been used to
recapitulate the pathogenesis and understand the development of characteristic biomarkers, like
the amyloid-β agglomerations to cortical extracellular plaques and the hyperphosphorylation
of tau proteins. Based on this, Raja et al. 2016 could identify β- and γ-secretase inhibitors to
mitigate amyloid-β and tau alterations. Hence, patient-based organoid models improve preclin-
ical personalised drug screening (Bubnys and Tsai 2022). These studies provided new insights
into associated genetic risk factors in Alzheimer’s patients like the E4 allele of the gene APOE4
(Lin et al. 2018). A wide range of current differentiation protocols and applications to model
and understand Alzheimer’s disease pathogenesis via human brain organoids are described by
Cerneckis et al. 2023. Similarly, McComish et al. 2022 published recent advances such as the
higher neuronal connectivity and the production of neuromelanin in human midbrain organoids
compared to 2D cell cultures to investigate pathogenesis in Parkinson’s disease and to improve
therapies.
Another emerging field for applying iPSC-derived 3D cell systems is the research on chronic liver
diseases (CLD). The most common CLDs are viral hepatitis, alcoholic liver disease (ALD), and
non-alcoholic fatty liver disease (NAFLD), causing over two million deaths annually worldwide
(Hirode et al. 2020, Blaszkiewicz and Duncan 2022). CLDs are currently the fourth leading
cause of death among patients between 45 to 65 years. With the ageing population, the eco-
nomic burden is increasing, with an annual total expenditure of over 32 billion dollars only in
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the U.S. (Asrani et al. 2013, Devarbhavi et al. 2023). CLDs generally encompass a diverse range
of diseases with many complex etiologies that are not completely understood. Hence, there is
a need for in vitro cell models to improve the understanding of disease mechanisms and diag-
nostics, leading to the development of effective therapies. Since the availability and long-term
cultivation of primary hepatocytes is limited, immortalised human liver cell lines and rodent
models have classically been used for studying CLDs (Liu et al. 2013, Nagarajan et al. 2019).
However, altered metabolic differences in both models led to the generation of hepatocyte-like
cells (HLCs) derived from iPSCs. HLCs can be expanded and maintain human physiological
functions during in vitro cultivation, providing significant advantages for modelling liver dis-
eases and drug screenings (Song et al. 2009). In recent years, various liver disease models based
on iPSCs have been developed (Blaszkiewicz and Duncan 2022). In particular, 3D models, like
HLC organoids, demonstrate higher expression of CYP family genes and a lower expression
of fetal hepatocyte markers than 2D cell models, indicating a higher maturation level. These
advancements improve the modelling of hepatic structures to simulate disease symptoms, like
for CLDs or other diseases such as malaria or hepatitis B (Ng et al. 2015, Nie et al. 2018).
Thus, virus pathophysiologies can be investigated to seek new antimalarial drugs or treatments
for hepatitis B. In another example, hiPSCs-derived hepatic organoids could be used to show
the same altered structures and gene expressions after exposure to high concentrations of fatty
acids as in patients with NAFLD (Ramli et al. 2020).
Nevertheless, organoid technology is still a young research field with some limitations. One
drawback compared to animal models is the remaining challenge to differentiate and induce
all relevant cell types in a single brain or liver cell model (J. Kim et al. 2020, Tricot et al.
2022, Cerneckis et al. 2023). Moreover, the lack of vascularisation protocols causes internal
metabolic stress, such as hypoxia and nutrient deficiency. Non-vascularisation impairs the
maturation of specific cytoarchitectures. Thus, organoids can only resemble certain parts of
brain and liver cell structures and functions (Bhaduri et al. 2020, Kim et al. 2023). Another
limiting factor is the time and cost-intensive generation of complex brain and liver organoids.
For instance, reprogramming patient-derived fibroblasts into hiPSCs takes three to four weeks,
and the differentiation of cerebral or midbrain organoids subsequently takes five to six weeks.
Further maturation steps to develop highly complex, interconnected, multicellular networks can
vary from 200 days to one year (Mayhew and Singhania 2022). In addition, the time frame for
application and downstream experiments is short compared to the generation times, which leads
to the generation of multiple batches. The resulting high batch-to-batch variability affects the
reproducibility of experiments and delays high-throughput therapeutic screenings in patient-
based organoids (Cerneckis et al. 2023). However, due to the broad range of applications,
the importance of hiPSCs-derived organoids is steadily increasing. This currently leads to a
high demand for ready-to-use organoid models in biomedical research. For high-throughput
drug screenings, avoiding complex and time-consuming 3D cell culture procedures would be
beneficial. Hence, establishing suitable cryopreservation routines for organoids is a crucial
technology to enable robust stock-keeping and accelerate a ready-to-use supply. Compared to
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on-demand production, indefinite storage of large organoid batches with standardised quality
controls would also reduce batch variability, which may improve experimental reproducibility.
So far, mainly cryopreservation protocols for different single cell types in suspension have been
established, including both cryopreservation regimes, the slow-rate freezing with crystallisation
and the ice-free vitrification without crystallisation (Meneghel et al. 2020). Successful slow-rate
freezing protocols for single cells depend on applying optimal cooling rates influenced by various
cell type-specific characteristics, like the intracellular osmotic active water volume or membrane
permeability. With the optimal freezing and thawing rates and the support of cryoprotective
agents (CPAs), cells can survive despite extracellular ice crystals due to balanced dehydration
and concentration of intracellular molecules (Mazur et al. 1972). Unlike single cells in suspen-
sion, organoids consist of a heterogeneous cell composition with different cell types and specific
properties, like different osmotic active water volumes or cell junctions. Additionally, cells in
the periphery have higher dynamic water volumes, whereas inner cells are more compressed
due to proliferation- and metabolic-induced stress (McEvoy et al. 2020). Different intracellular
water volumes lead to the emergence of different cell layers with their respective optimal cooling
and thawing rates depending on the cellular volumes. However, implementing optimal temper-
ature rates for each cell layer poses specific difficulties. Cells in the periphery are constantly
exposed to the temperature minima and maxima for extended periods compared to the inner
cells, leading to a higher temperature gradient throughout the organoid during freezing and
thawing. Moreover, the CPA-induced protection of core cells is impaired due to limited internal
diffusion and the lack of vascularisation (Taylor et al. 2019). The inhomogeneous penetration
of CPAs and thermal gradients leads to high osmotic stress in inner cell layers during cryop-
reservation and thawing. Related cryo injury mechanisms, like unbalanced dehydration, extra-
and intracellular ice-crystal formation or CPA toxicity in outer cells, can cause cell shrinking,
disruptions and even apoptosis. These effects endanger the viability and structural integrity of
the organoid, which is directly associated with organotypic functions (Taylor et al. 2004).
For this reason, new, innovative approaches for efficient and standardised cryopreservation pro-
tocols are required to preserve multicellular models while reducing cryo injury mechanisms (Tsai
et al. 2018). Therefore, an essential prerequisite is to understand these cryo-induced harmful
effects. The aim is to maintain the 3D cytoarchitecture with characteristic morphologies, cellu-
lar interactions and functionalities after thawing. Establishing a next-generation living biobank
with high-quality 3D cell models is an essential and forward-looking key technology for biomedi-
cal research. In recent years, the first steps of cryopreservation and biobanking of human tissues
and organoids have been taken (Taylor et al. 2019). In particular, the cryopreservation of hu-
man ovarian tissue to preserve fertility in women has been further developed. Rivas Leonel et al.
2019 provide an overview of successful, approved slow-rate freezing protocols for ovarian tissue
worldwide. In addition, vitrification protocols are currently being developed as an alternative
ice-free cryopreservation method for tissues and cell aggregates (Shi et al. 2018, Arav 2022, Behl
et al. 2023). Biological samples were transformed into a glass-like state via ultra-fast cooling
rates and increased intracellular solutes with CPAs (Fahy et al. 1984). Similar to the slow
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freezing method, the homogeneous supply of CPAs and applying uniform optimal cooling rates
through many cell layers are still challenging in vitrification. Besides human primary tissues,
innovative cryopreservation strategies are also being investigated for spheroids and organoids.
This ranges from the testing of different medium and CPA compositions to new bioengineering
approaches, like isochoric or perfusion bioreactor-based cryopreservation (Wendt et al. 2003,
Rubinsky 2015). However, despite these promising cryopreservation concepts, there are still
technical hurdles to overcome in optimised heat and CPA transfer to meet the high demand
and essential quality requirements for robust biobanking of complex 3D cell systems. Regarding
this, there is a lack of fundamental studies with basic quality controls and application-oriented
functionality assays in 3D cell systems to understand cryo-induced damaging processes and
implement optimised cryopreservation and warming workflows.

This work provides new insights into cryo injury mechanisms and CPA diffusion modelling
in early neural stem cell (NSC) and hepatocyte progenitor (HP) spheroids as well as HLC
organoids, all derived from hiPSCs (Fig. 1). NSC and HP spheroids serve as single-cell-type
precursor models of either matured brain or liver organoids that arise during the differentia-
tion. HLC organoids are more mature and serve as heterogeneous, multicellular liver models.
The aim is to elucidate the underlying factors of cryo-related damaging effects in different cry-
opreservation approaches, including slow-rate freezing and vitrification. In this context, the
impact of various parameters, such as cell type specificity, different diameters and degrees of
maturation, are investigated. This includes cell type characteristic quality and functionality
controls to validate the batches before freezing and after thawing (Fig. 1). Moreover, the radial
diffusion of the CPA dimethyl sulfoxide (DMSO) is analysed via Raman micro-spectroscopy to
model optimal, cell type-specific and diameter-dependent DMSO incubation times in respec-
tive 3D cell models. The advanced knowledge from this work expands the basic understanding
of spheroid and organoid cryopreservation and provides a basis for improving the efficiency of
cryopreservation protocols.
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Figure 1: Concept and objective of present thesis. Workflow of cryopreservation and
validation of cryo injury mechanisms in NSC/HP spheroids and HLC organoids to gain new
insights into cryo-induced processes in biomedically relevant hiPSC-derived 3D cell models to
implement efficient cryo protocols. Created with biorender.
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Theoretical background

2 Theoretical background

2.1 Progress and potential of multicellular 3D systems

Over the last 30 years, many studies have shown the lack of representative 3D cell models to
fill the gap between 2D cell cultures and animal models (Jensen and Teng 2020). The organ-
isation and complexity of cells cultured in vitro in 2D formats are simplified compared to cell
type-specific properties in vivo. This includes the inaccurate representation of characteristics
like cell type-specific morphology, metabolism, cell structures, signalling pathways or responses
to stimuli, which limits disease modelling and the development of new therapies. Concerning
these limitations in 2D cell models, animal models better reflect characteristic in vivo condi-
tions. However, the transferability to human physiology is limited (Duval et al. 2017), and
animal trials are ethically discussed and legally restricted. Hence, cell models cultured in 3D
patterns to form tissue- or organ-like structures define the next step towards modelling cell net-
works as described in section 2.1.5. In particular, the development of spheroids and organoids
derived from human stem cells represents an innovative, human-based 3D model system for
biomedical research. The pluripotent and self-assembly properties of iPSCs are crucial for gen-
erating specific interconnected cell types (Brassard and Lutolf 2019). In addition, their fast
and robust availability is beneficial over most human primary cells. In the following, the recent
advancements and current applications of stem cell-derived 3D cell technologies are described
in detail.

2.1.1 Advancements and perspectives of pluripotent stem cells in vitro

Human bodies consist of approx. 2 x 1013 cells and at least 200 different cell types with very
different morphological characteristics and functions (Regev et al. 2017). All these human cell
types arise from a fertilised zygote as a totipotent initial cell. Totipotent cells can differentiate
into any cell or tissue, and develop into a complete organism. In humans, the unicellular zygote
develops into early embryos that remain totipotent only in the blastomere stage until the 8-cell
stage (Condic 2014). These cells can form extraembryonic tissue and thus independent organ-
isms in an appropriate environment, like the human uterus. They become "human pluripotent
embryonic stem cells" (hESCs) in the blastocyst stage and possess the ability to differentiate
into cell types of all three germ layers (mesoderm, endoderm and ectoderm). Cells at this
stage can no longer form extraembryonic tissue or develop an individual organism (Reubinoff
et al. 2000). They have a great potential for self-renewal due to their high telomerase activity,
which theoretically allows unlimited propagation. ESCs develop into adult stem cells (AdSCs)
depending on developmental fate. These cells are multipotent and can be found in the adult
body, e.g. in bone marrow, adipose tissue or umbilical cord tissue. They can only transform
into different cell types of one germ layer. Their function is to repair or regenerate injured or
damaged tissue (Watt and Hogan 2000). In particular, multipotent hematopoietic stem cells
(HSCs) have been investigated for about 50 years (Barnes and Loutit 1967). The isolation of
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HSCs from various sources, e.g. from bone marrow, and their use in cell therapy have been
extensively researched and standardised (Bujko et al. 2019, Casado-Díaz 2022). Further differ-
entiated cells that are more specialised are called oligopotent or unipotent. Oligopotent cells
can give rise to multiple cell types, while unipotent cells can only differentiate into a specific
cell type, such as lymphoid stem cells. They only differentiate into a few different cell types or
the same cell type within the same tissue type (Bujko et al. 2019).
In 1998, the first embryonic stem cells were successfully isolated from human blastocysts and
cultured in vitro (Thomson et al. 1998). The cultivation of ESCs provides the potential to
specifically generate any type of somatic cells, such as neuronal cells or hepatocytes. The dis-
covery of hESCs was a milestone in biomedical stem cell research and provided novel model
systems to understand human developmental and disease-related processes better. Thus, hESCs
have been a valuable and promising cell source for cell therapy in degenerative diseases, such
as Parkinson’s or Alzheimer’s disease (Doss et al. 2004, Cyranoski 2018). However, allogenic
transplants of hESCs, i.e. transplants from another individual, can lead to immune reactions
and cell rejection, which causes a lifelong dependence on immunosuppressants for the patients
(Almeida et al. 2013). In addition, the isolation of hESCs and ESC-based clinical trials are
subject to stringent ethically controversial discussions and legal restrictions in Germany (see
paragraph 6 of the Stammzellgesetzes, StZG) (Aach et al. 2017). For this reason, the dis-
covery of “human induced pluripotent stem cells" by Takahashi and Yamanaka in 2006 was a
groundbreaking progress for stem cell research. They enabled a successful reprogramming of
completely differentiated adult somatic cells, such as fibroblasts or T lymphocytes, by viral
transduction of specific transcription factors (c-Myc, Klf4, Oct3/4 and Sox2) (Takahashi and
Yamanaka 2006, Takahashi et al. 2007). The induced ectopic expression of reprogramming
factors activates specifically regulated network pathways to reprogram somatic cells into iPSCs.
These cells exhibit similar morphology, gene expression, epigenetic profile, telomerase activity
and pluripotency to ESCs (Doss and Sachinidis 2019). Only one year later, three independent
groups confirmed the iPSCs generation from different human fibroblasts (Park et al. 2024).
Meanwhile, various combinations of transcription factors have been tested to derive iPSCs (Po-
etsch et al. 2022, Park et al. 2024). For example, besides the described Yamanaka transcription
factors, Thomson’s factors (Nanog, Lin28, Oct3/4 and Sox2) can be used for reprogramming
somatic cells (Liao et al. 2008). Furthermore, different inducing non-viral methods, like trans-
fection via episomal vectors, mini-circle DNA vectors or piggyBag transposons, but also via
DNA-free methods with recombinant proteins or synthetic mRNAs, are developed since viruses
can lead to genome changes and activation of tumour genes (Doss and Sachinidis 2019, Giallongo
et al. 2021, Scesa et al. 2021).
In biomedical research, the application potential of iPSCs is constantly expanding (Kobold et al.
2023), as they represent a promising alternative to human primary cells with limited availability.
Besides the use of hiPSCs in biomedical research, like in developmental biology, they were used
as starting material for personalised cell therapies in clinical trials. The main advantages are
the possibility of individualised reprogramming of hiPSCs directly from the cell material of
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the patient and the targeted differentiation for the treatment of diseases (Jalil et al. 2021). In
addition, individual disease markers can be analysed with patient-derived hiPSCs. However,
the generation of patient- or disease-specific hiPSCs is still very complex and time-consuming
and causes high costs (Nießing et al. 2021). Thus, the demand for already reprogrammed
hiPSC lines and hiPSC-derived differentiated (disease) cell lines is steadily increasing. Hence,
iPSC biobanks are currently in development to enable a robust stock-keeping and supply of
standardised iPSCs with high quality and tested pluripotency (Huang et al. 2019). For example,
the “European Bank for induced pluripotent Stem Cells" (EBiSC) was established in 2014 and
contains more than 800 cell lines, including 45 different disease lines. Furthermore, to enable
a fast supply of patient-matching hiPSCs, precisely characterised, allogeneic hiPSCs from each
Human Leukocyte Antigen (HLA) should be reprogrammed and stored in stem cell banks.
This concept is currently being established worldwide as part of the Global Alliance for iPSC
Therapy (GAiT) (Sullivan et al. 2020). However, it is still difficult to achieve complete coverage
with cells of all HLA types from a genetically inhomogeneous population (Rham and Villard
2014).

2.1.2 Emerging research fields using iPSCs-derived human cell models

In principle, hiPSCs offer a potentially less ethically and legally contentious, unlimited source
of cells for biomedical research. With their self-renewal properties in vitro, hiPSCs provide the
opportunity to derive donor-based, healthy cell lines without allogeneic reactions for clinical
studies. It has become possible to develop personalised hiPSC-based therapeutic approaches in
regenerative medicine. For instance, first clinical trials have shown a successful implantation
of hiPSCs-derived dopaminergic neurons into the brain of a patient with Parkinson’s disease
(Takahashi et al. 2019). Besides the use of hiPSCs in cell therapies, patient-specific hiPSCs-
derived disease cell models have also been studied to get new insights into cellular disease
mechanisms and the discovery of relevant biomarkers (Z. Wang et al. 2017, Lau et al. 2019).
The in vitro modelling of diseases using iPSCs requires the development of specific differenti-
ation protocols for each cell type that should be standardised, efficient and reproducible. For
instance, Reinhardt et al. 2013 published a robust protocol to differentiate neural precursor
cells (NPCs) derived from iPSCs of healthy people and patients with mutational Parkinson’s
disease to model neural cell subtypes. In this protocol, iPSCs differentiate into ectodermal cells
via embryoid bodies. Therefore, the neural induction medium contains the small molecules
dorsomorphin and SB43152 to inhibit BMP and TGFβ signalling pathways. The use of CHIR
99021 turns on the canonical WNT signalling pathway, and purmorphamine stimulates the SHH
pathway. All factors induce the formation of epithelial cells with neural progenitor character-
istics, including the expression of SOX1, SOX2, Nestin and PAX6. After attachment to plates,
EBs form neural rosettes from which neural stem cells can arise (Bell et al. 2019). Alternatively,
the cells can also be differentiated by using monolayer-based protocols (Chandrasekaran et al.
2017). Multipotent NSCs exhibit self-renewal and unlimited proliferation potential. Matura-
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tion during passages leads to the formation of NPCs (Shi et al. 2012, 2017). Compared to
NSCs, the proliferation of NPCs is limited, and they cannot self-renew. Further cultivation in a
specific maturation medium can induce the differentiation into different neural cell types, such
as neurons, astrocytes and oligodendrocytes. Hence, these cells provide a suitable model for
investigating patient-based neurodegenerative or other neural diseases.
Another emerging research field is the in vitro generation of hepatocyte-like cells using hiPSCs
to assess hepatotoxicity and thus improve high-throughput drug screenings (Blaszkiewicz and
Duncan 2022). Due to their ability of self-renewal and unlimited proliferation capacity of
hiPSCs, derived HLCs represent a suitable alternative to the limited available primary human
hepatocytes. Rezania et al. 2014, Carpentier et al. 2016 and Pettinato et al. 2016 published
a combination of different protocols to enhance the maturation of HLCs via definitive endo-
derm and hepatocyte progenitor stages. These protocols rely on the stimulation of signalling
pathways with hepatic-specific transcription factors, like Wnt3a, activin A, fibroblast growth
factor-basic, bone morphogenetic protein 4, hepatocyte growth factor and oncostatin M (Du et
al. 2018). Such advancements in HLC differentiation improve the high-throughput assessment
of the hepatotoxicity of drugs and enable the modelling of human liver diseases like CLDs (Nie
et al. 2018, Ramli et al. 2020).
These two examples of the differentiation of NSCs and HLCs illustrate the great potential and
need for developing hiPSCs-derived cell models. However, accurately simulating a complete
physiological human tissue or organ, including crucial interactions among various cell types,
remains challenging (Duval et al. 2017). Thus, there is an increasing need for human tissue
models based on hiPSCs, providing an even more robust platform for disease modelling and
therapy discovery. In this context, the implementation of 3D cell culture methods (Barcellos-
Hoff et al. 1989, Petersen et al. 1992) defines a critical technology in modern biotechnology to
mimic human physiology in tissue models.

2.1.3 Progress of 3D cell culture technologies

Under specific cultivation conditions, stem cells, like ESCs or iPSCs, have the ability to self-
organise and form defined organ-like microstructures with a size of up to several millimetres
(Koo et al. 2019). The development of new 3D cell culture techniques signifies the next step
for biological model systems and bridges the gap between 2D in vitro cell systems and in
vivo animal models. Prospectively, 3D cell models are expected to effectively replace and
reduce the use of animal models. The main characteristics of 3D cell models are schematically
represented in Fig. 2 (modified and extended according to Costa et al. 2016). The formation
of 3D cell systems is based on the processes of self-assembly and differentiation of the cells.
Due to the different expression of cell adhesion molecules, each cell type sorts itself into its
domain. At the same time, the differentiation of the cells is influenced by spatial restrictions
and/or their division orientation (Lancaster and Knoblich 2014). Different system-intrinsic
mechanisms, including the bistability of regulatory networks and asymmetric cell division, affect
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the cell arrangements in cell shape, morphology, localisation and movement (Ferrell 2012, Sasai
2013). The development of organ-like 3D structures is influenced by the culture environment,
endogenous signalling and exogenous simulations, like the addition of specific growth factors or
the presentation of ECM patterns on a carrier matrix. In the last decade, various 3D cell culture
protocols with different cell sources and translational applications were published (Lancaster
and Knoblich 2014, Rossi et al. 2018). The first step of 3D cell culture is the induction of
cell aggregation. These so-called spheroids are multicellular 3D structures which are formed
due to cell self-aggregation, e.g. via cell-cell adhesion induced by integrin binding to ECM and
intercellular E-Cadherin connections (Fig. 2 C) (Lin et al. 2006). This process is affected by
their culture conditions, including the influence of nutrients, oxygen and growth factors, as well
as the support of scaffolds with or without ECM (Bates et al. 2000). Spheroids resemble a
simple 3D organisation with heterogeneous cell proliferation and low complexity. Depending
on the cell type, cells can aggregate and form initial spheroids within 24 hours. Cell sources
may include cell lines, primary cells, stem cells, tumour cells or tissue cells (Gunti et al. 2021).
Spheroids often serve as a single-cell-type model system for systematic pre-studies. In contrast,
organoids imitate the physiological morphology and functions of organs at a higher maturation
level (Fig. 2 E & F) (Clevers 2016). These structures are more complex and are formed
due to self-organisation and internal developmental processes based on physical and chemical
stimulation. The cell sources can be stem cells, like ESCs, AdSCs, iPSCs, tumour cells or tissue
cells. With the support of ECM interactions and the specific composition of growth factors, cells
differentiate into multiple cell types and form an organ-like 3D structure with specific functions
(Fig. 2 A). Organoids can have long-term viability and must be cultured and matured for
weeks up to months (J. Kim et al. 2020, Gunti et al. 2021). Further insights into the timeline
of progress of organoid technologies and a comparison of different organoid definitions are given
in Simian and Bissell 2017.

2.1.4 Generation methods of 3D cell models

In the last decade, various bioengineering approaches were developed to generate different types
of spheroids and organoids in vitro. These methods can be divided into static and dynamic 3D
cell culture techniques (Penfornis et al. 2017, Huang et al. 2022). As a static approach, ultra-
low cell attachment (ULA) surfaces force intercellular interactions while reducing adhesion
to the culture plate (Weiswald et al. 2015). The polystyrene surface of these plates can be
covalently bonded to a hydrophilic hydrogel, enabling 3D cell culturing. ULA plates offer
high reproducibility in a standardised microplate format (ANSI-Standard) but only in low
throughput. Another static method is the hanging drop technique. Suspended cells in medium
aggregate in a hanging droplet due to gravitational forces and the lack of adhesion surfaces.
The advantage is high cost-efficiency; however, standardised handling in high-throughput is
limited. Automated hanging drop techniques by robots can improve reproducibility and increase
throughput (Tung et al. 2011). Microfluidic devices and organoid-on-a-chip models represent
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Figure 2: Schematic overview of main characteristics of 3D cell cultures. (A) Cell
heterogeneity due to different cell types in organoids, (B) organisation of cell zones from core
to periphery, (C) 3D structural integrity by cell-cell or artificial scaffold-cell connections, (D)
avascular growth kinetics, (E) similar gene and protein expression level and (F) functions like
in vivo, especially in organoids. Figure modified and extended according to Costa et al. 2016
and created with biorender.

dynamic 3D cell culture techniques (Huang et al. 2022). These methods are based on cell
agglomeration in specially designed microchambers controlled by continuous medium perfusion.
Although the experimental effort due to the design of microfluidics is increased, the adaptability
and reproducibility are high (Wu et al. 2008, Huang et al. 2022). In suspension-based 3D
culture, suspended cells in a medium rotate in spinning or rotating flasks of bioreactors. They
agglomerate by spontaneous collision and low attachment to the flask surface (Lei et al. 2014).
The impeller-free suspension-based bioreactor and incubator from OLS, called CERO 3D, is
specially designed for dynamic 3D cell culture (Kwok et al. 2022). The advantages are improved
throughput, viability and maturation during long-term cultivation due to low shear forces while
reducing the running costs. These factors enhance the production of 3D cell models from single
cells. For example, the yield of beating cardiac spheroids derived from hiPSCs could be increased
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to 98% using a dynamic, optimised CERO 3D protocol (Kwok et al. 2022). Besides non-scaffold-
based 3D technologies, the integration of 3D scaffolds can additionally improve the generation
of multicellular systems by mimicking the characteristics of the respective microenvironment of
tissues or organs. Different scaffold properties, such as stiffness, porosity, chemical charging or
artificial ECM presentation, can affect the 3D cell culture. The biomaterials range from natural
origin, like gelatin or alginate, with the advantage of being biocompatible and biodegradable,
to synthetic materials, like synthetic polymers or ceramic with increased stability (Ekaputra
et al. 2011, Walters and Stegemann 2014, Baino et al. 2015, Marchini and Gelain 2022).

2.1.5 Organoids as preclinical 3D cell models

Multicellular 3D systems are currently regarded as emerging technologies with increasing po-
tential to revolutionise biomedical research, diagnostics and therapies. Compared to 2D cell
cultures, these advanced models more accurately resemble the physical morphology and func-
tions of human tissues and organs, enhancing their translatability to human physiology. In par-
ticular, organoids derived from hiPSCs provide enormous potential in basic biomedical research
(Jensen and Teng 2020). This includes modelling developmental biology processes, understand-
ing signalling pathways, inter- and intracellular mechanisms, and stem cell homeostasis (Fig. 3).
Besides understanding fundamental human biological processes, patient-derived organoids can
be used for individual disease modelling. Organoids from affected patients with genetic disposi-
tion, e.g. cancer or mono- and multigenetic disorders, improve the understanding of individual
disease patterns by means of pathogenic, genomic, proteomic, and metabolomic analysis (J.
Kim et al. 2020). Based on individual disease modelling, personalised treatments, like cell and
drug therapies, as well as genetic and tissue engineering approaches, can be developed (Fig.
3) (Friedman et al. 2015). Moreover, these models not only reduce the need for animal trials
but also offer improved relevance to human studies. Nevertheless, as a very young field of
research, the development of innovative organoid technologies and patient-based therapies is
still ongoing and faces many challenges. One major limitation is still the lack of reproducible
organoid generation protocols and quality controls (Spence et al. 2011, LeSavage et al. 2022).
Heterogeneous organoid development leads to complications in study design and data analyses.
In addition, standard quality controls regarding metabolic assays, single-cell flow cytometry,
RNA sequencing or optical analysis techniques are often established for 2D cell culture. New
characterisation methods for 3D cell models are currently being developed (Louey et al. 2021,
Maharjan et al. 2024). Another significant limitation is the insufficient nutrient content within
the organoids, resulting from a deficiency of vascularisation to adequately supply inner cells
with nutrients through capillaries, as occurs in vivo. Inner cells of non-vascularised spheroids
and organoids are affected by metabolic cell stress caused by insufficient diffusion of nutrients,
hypoxia stress and limited cell waste removal. This is further promoted by internal solid stress
caused by proliferation-driven intercellular pulling forces. Thus, spheroids and organoids con-
sist of a proliferating outer zone, a quiescent middle zone and a necrotic inner core (Fig. 2 B
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& D) (Chaicharoenaudomrung et al. 2019). Depending on the cultivation format, the cell type
and density, the formation of a necrotic core occurs in a radial distance of 100-200 µm from
the periphery (Jain et al. 2005, Markou et al. 2020, LaMontagne et al. 2022). Recent studies
present vascularised-like tissues with artificial channels generated by sacrificial moulds, laser ab-
lation or bioprinting to form blood vessels using endothelial cells (Wang et al. 2014, Zhu et al.
2017, Mansour et al. 2018). Alternatively, endothelial cells can be integrated during organoid
formation to build a microvascular network (Pham et al. 2018). Current investigations towards
the next generation of vascularised organoids deal with incorporating specific cells typically
arising in another germ layer, like blood and lymphatic vessels, nerves, stromal and immune
cells (Strobel et al. 2022, Li et al. 2023). The lack of efficient and reproducible protocols for
the induction of these cells is still a main factor limiting the full maturation of organoids.

Figure 3: Overview of potential applications of stem cell-derived organoids. Firstly, 3D
cell culture technologies can be used for basic research to understand developmental processes.
Secondly, patient-derived organoids can be created using stem cells. Thirdly, they facilitate
individual disease modelling, and fourthly, they enhance personalised therapy. Figure modified
from J. Kim et al. 2020 and created with biorender.

An essential prerequisite for the on-demand availability of human stem cells or derived 3D
cell systems in biotechnical research and medical applications is stable long-term storage in
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sufficient quantities. So far, cryopreservation is the only possibility to preserve living biological
samples for a prolonged period at ultralow (cryogenic) temperatures (Li and Ma 2012, Whaley
et al. 2021). The following chapter 2.2 describes the current state-of-the-art and challenges of
cryopreservation.

2.2 Biobanking of biological samples by cryopreservation

As early as the 17th and 18th centuries, Robert Boyle and Lazzaro Spallanzani investigated
the essential role of low and cryogenic temperature for living organisms in biology (Boyle 1683,
Whaley et al. 2021). Only in the 1950s and 1960s, with the work of James Lovelock, Alan
Parks and Peter Mazur, “Cryobiology" was defined as a modern biological discipline (Lovelock
1953b, Mazur 1963, Parkes 1964). Lovelock’s discovery of osmotic cell stress during cryopreser-
vation in the 1950s laid the foundation for Mazur’s characterisation of intracellular freezing
(Mazur 1963) and the “Two-factor hypothesis" (Mazur 1984), as described further in chapter
2.2.1. Due to the improved understanding of cryo-mechanisms in the last decades (Al-Hasani
et al. 1987, Chesné and Guillouzo 1988), the demand for application-oriented cryopreservation
protocols for biological research and medical applications is increasing. Thus, the establish-
ment and dynamic development of biobanks of stem cells is crucial for scientific researchers as
they depend on guaranteed access to reliable and safe cell resources (Meneghel et al. 2020).
Well-established cryopreservation techniques allow the implementation of stable and reliable
biobanking. A biobank is a professional storage of biological samples, usually under cryogenic
conditions, also providing epidemiological, medical and general source data (Paskal et al. 2018).
Long-term storage is possible since no more thermally driven or chemical reactions occur under
cryogenic conditions below the glass transition temperature of water at approx. 136 K (Capac-
cioli and Ngai 2011). Water is usually in crystalline form with a viscosity of > 1012 Pa·s, hence
diffusion is negligible (Mazur 1984). Biochemical reactions are slowed down or even completely
stopped. Subcellular components and details of the ultrastructure can be preserved for a long
time without any change. However, exposing unprotected cells to subzero temperatures is gen-
erally lethal. The challenge is preserving cellular structures and maintaining their vitality and
functionality during freezing and thawing while preventing damage or at least keeping it to a
minimum (Mazur et al. 1972). In this context, two essential cryopreservation methods have
evolved: conventional, slow freezing with crystallisation, and fast cooling without crystallisa-
tion, called vitrification.

2.2.1 Slow-rate freezing with crystallisation

Cryo-induced cell damage and, thus, lower survival rates are, in particular, based on the be-
haviour of water under cryogenic conditions. From a temperature below 0 °C, the equilibrium
freezing point, pure water can exist simultaneously in solid and liquid aggregation forms. At
decreasing temperatures, during the super-cooling, hydrogen bonds are rearranged to the ther-
modynamic, more favourable form of an energetically increased crystal lattice, resulting in
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first ice crystals and a short-term rise in temperature. The transition from liquid water to ice
crystals during the nucleation phase is an exothermic process that causes a measurable latent
heat release (Morris and Acton 2013). In contrast to heterogeneous nucleation, homogeneous
nucleation results in the formation of an ice nucleus without any nucleating agents, such as
salt or saccharides (Wypych 2021). Nucleation occurs by a spontaneous accumulation of water
molecules. Pure water only crystallises at about -39 °C, whereas heterogeneous nucleation can
already occur at about -2 °C (Mullen and Critser 2007a). By comparison to heterogeneous
nucleation, homogeneous nucleation is a very rare natural event.
Thus, during the slow-rate freezing of cells, heterogeneous nucleation of extracellular water
occurs, which leads to an increased osmolarity of the residual liquid. The resulting osmotic
gradient across the cell membrane forces the cells to dehydrate and balance the chemical po-
tential. Lovelock 1953b described this effect as the so-called “solution effect". Up to a certain
level, the increasing concentration of intracellular solutes is beneficial, as it reduces the prob-
ability of intracellular ice formation (IIF) (Morris and Acton 2013, Murray and Gibson 2022).
However, if the applied cooling rate is too slow, cells dehydrate excessively, and the concentra-
tion of solutes increases up to lethal levels (Fig. 4). Another damaging mechanism is that the
continued growth of extracellular ice crystals leads to extremely high solute concentrations in
the residual water channels between ice crystals, causing osmotic shock and mechanical stress
to trapped cells (Murray and Gibson 2022). The resulting membrane ruptures may cause an
excessive outflow of intracellular material. On the other hand, cooling down too fast leads to
a fast osmotically driven water efflux across the cell membrane and, thus to an inadequate de-
hydration status of the cells. This increases the likelihood of harmful IIF and osmotic-induced
mechanical cell membrane or cytoskeleton damage (Fig. 4). The formation mechanisms of
intracellular ice are still discussed. According to current hypotheses, the seeding of intracellular
ice is induced by extracellular ice through aqueous pores or osmotic-induced damages in the cell
membrane. Another theory assumes that the undercooling catalyses the intracellular ice via
extracellular ice across the cell membrane called surface-catalysed nucleation or via intracellular
particles called volume-catalysed nucleation (Toner et al. 1990, Lin et al. 2023). Overall, the
optimal cooling rate to find the balance between dehydration and no IIF is directly linked to
optimal survival rates, as described by the “Two-factor hypothesis" by Mazur et al. 1972. Cell
type-specific factors influencing the optimal cooling rate are membrane permeability, volume-to-
surface-area ratio and intracellular solute concentration (Mazur 1963). These cell type-specific
parameters are often fixed and cannot or should not be changed. Thus, the optimal cooling
rate must be determined for each cell type. On the other hand, the properties of the medium,
the concentration of chemical additives, cooling and thawing rates, as well as cryo storage time,
temperature, and cryo vessels are adaptable factors influencing the cryopreservation success
(see section 2.2.3). All these cryo-variables affect the cryopreservation stress factors (Fig. 4),
such as ice crystal formation and osmotic stress. These factors cause various cellular effects,
like mechanical, biochemical and epigenetic stress, up to the loss of functionality and integrity,
leading to apoptosis and cell death (Fig. 5).

16



Theoretical background

Figure 4: Cryo injury mechanisms during cryopreservation. According to the “Two-
factor hypothesis" by Mazur et al. 1972, the optimal cooling rate is cell-type specific, resulting
in a high cell survival rate after slow-rate freezing and depends on a balanced dehydration
and the protection of CPAs while avoiding CPA cytotoxicity and IIF. Ultra-fast cooling rates
and high concentrations of CPA can enable vitrification. Depending on the warming rate,
ice recrystallisation or devitrification can occur, leading to cell lysis and mechanical stress.
Optimised cooling and warming rates, as well as adapted CPA addition, should mitigate these
stress factors. Figure modified from Murray and Gibson 2022 and created with biorender.

After cryopreservation, the warming of biological samples back to physiological temperatures
poses a further challenge. The exposure of hypotonic aqueous buffer solution to dehydrated
cells during thawing leads to a backward adjustment of the osmotic balance. The rapid water
influx across the cell membrane may cause membrane damage, excessive swelling and even post-
hypertonic cell lysis. Ice recrystallisation can occur by Ostwald ripening migration mechanisms.
It describes the rearrangement and growth of small ice crystals into large ice crystals driven by
a thermodynamic process to reduce free energy with larger ice crystals (Alley et al. 1986, Budke
et al. 2009, Ampaw et al. 2021). This uncontrolled ice growth is a critical process during thawing
since it increases osmotic and mechanical stress. Hence, many cryopreservation protocols include
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Figure 5: Cryovariables influence cellular effects after cryopreservation. Depending
on suboptimal cryo-variables, various stress factors occur, such as ice crystal formation and
osmotic stress. These stress factors lead to harmful cellular effects up to cell death. Figure
modified from Chatterjee et al. 2017.

the usage of ice-binding proteins to inhibit ice recrystallisation (see section 2.2.3). In addition,
the samples are thawed as quickly as possible to avoid long recrystallisation times while at the
same time eliminating the risk of denaturation due to excessively high temperatures. The gold
standard for thawing slowly frozen cells in cryotubes is incubating them for about 2 min at
37 °C in a water bath or heating device (Ha et al. 2005).

2.2.2 Ice-free vitrification without crystallisation

Vitrification, an ice-free cryopreservation regime, is the transformation of a substance into a
non-crystalline, amorphous solid material (glass) by increasing its viscosity. This stable, glass-
like state with a density of 1013 Pa·s is achieved via ultra-fast cooling rates of up to several
10,000 °C/min (Mazur 1984). The biological sample is cooled very fast to the temperature
range below the glass transition temperature (Tg) so that harmful crystallisation is avoided
(Fig. 6). Ultra-fast cooling rates can be achieved using cooling agents such as liquid nitrogen
(LN2) with a temperature of -196 °C. Additionally, to achieve the fastest possible cooling and
thus a genuinely glass-like state, the glass transition temperature must be increased by a higher
concentration (up to 9 M) of the solutes with so-called cryoprotectants (CPA). CPAs lower the
heterogeneous nucleation temperature (Th) and increase the glass transition temperature (Tg)
by increasing the viscosity (Fahy et al. 1984). Below a relative solute concentration of 45%,
vitrification is not possible since Th is higher than Tg (Phase I in Fig. 6). In phase II, the
nucleation and glass transition temperature difference is marginal enough to allow vitrification.
However, the sample is not thermodynamically stable (Mullen and Critser 2007b), and cell-
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damaging nucleation is unavoidable. Stable vitrification is only possible in phases III and IV
with high solute concentrations above 58% and feasible cooling rates (Fig. 6) (Vajta et al.
1998, Reubinoff et al. 2001). Suitable cooling rates are strongly dependent on the volume and
thermal conductivity of the sample as well as on the heat capacity of the cryo vessel. Using
the so-called "Open Pulled Straw" (OPS) method for vitrification, cooling rates of more than
20,000 °C/min can be achieved by direct contact with LN2. This is only possible with a tiny
droplet of cells that is sucked into a narrow tube via capillary forces (Vajta et al. 1998). Other
techniques include vitrification in a flexipet denuding pipette (Liebermann et al. 2002), micro
drops (Papis et al. 2000), small nylon coils or mashes (Kurokawa et al. 1996, Matsumoto et al.
2001) and cryo loops (Oberstein et al. 2001, Liebermann et al. 2002).
Compared to slow-rate freezing, where the main challenge is to determine cell-type-specific
cooling rates, the hurdle of vitrification is to ensure homogeneous and rapid cooling while min-
imising CPA cytotoxicity (see section 2.2.3). General disadvantages are the standardisation of
the process, more complex handling, especially for higher volumes and the risk of contamination
in the event of direct contact with LN2 (Kuleshova and Lopata 2002).

Figure 6: Phase diagram of an aqueous solution at cryogenic temperatures. The
status of aqueous solution in different phases (I-IV) depends on the temperature [°C] and the
concentration (w/w) [%] of the solution. The phases are dependent on the melting temperature
(Tm), homogeneous nucleation temperature (Th) and glass transition temperature (Tg) as well
as devitrification (Td). Figure modified from Fahy et al. 1984.

Nonetheless, vitrification can demonstrate beneficial effects across various cell types compared to
slow-rate freezing. For instance, Nagy et al. 2020 postulated vitrification as a more efficient and
safer approach for the cryopreservation of human oocytes. Additionally, ice-free vitrification is
also a promising approach for heterogeneous samples containing different cell types with varying
optimal cooling rates for slow-rate freezing or for samples with adherent or interconnected cells
that rely on essential ECM connections to other cells or artificial scaffolds. Since the formation of
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ice crystals and the associated osmotic imbalance is avoided, cell dehydration and shrinkage are
absent so that optimal cooling rates are irrelevant, and the cellular connection remains adherent
during vitrification (Beier et al. 2013). Osmotic-induced cryo injury effects are reduced, and
adherent cells maintain their morphology and functionality efficiently. Hence, vitrification is
routinely used to preserve multicellular embryos and small tissues (Nagy et al. 2020). First
cryopreservation successes by vitrification were achieved with mouse embryos by Rall and Fahy
1985. Since the 1990s, human embryos have been successfully vitrified, and in 1998, the first
human twins were born from vitrified embryos (Mukaida et al. 1998).
In the context of vitrification, “(re)warming" is the accurate term, whereas “thawing" describes
the melting of ice. During the warming of vitrified samples, the risk of devitrification is high
when the temperature rises above the glass transition temperature (Fig. 6). This implies that
harmful ice nucleation and subsequent recrystallisation can occur when the devitrification tem-
perature (Td) is reached during warming (Fahy and Wowk 2021). To cross the critical nucleation
temperature very fast and high warming rates are required. Fahy and Rall 2007 showed that
the critical cooling rate for either glycerol, propylene glycol or ethylene glycol increases from
about 10 °C/min to 100 °C/min when concentration decreases from 50 % to 40 % (w/w), while
the critical warming rate avoiding devitrification increases exponentially from about 102-103 to
105-107 °C/min with same decreasing concentrations. However, overheating of biological sam-
ples must be avoided, like for the thawing of slowly frozen samples. Furthermore, cells must
be protected from rapid water influx during warming with an aqueous buffer, causing post-
hypertonic cell lysis and membrane ruptures. To slowly equalise the high osmotic gradients due
to high amounts of CPA, the cells are warmed with pre-warmed sucrose solutions of decreasing
concentration (Beier et al. 2011).

2.2.3 Properties and applications of cryoprotectants

The application of CPAs can mitigate damaging cryo injuries and enable feasible cooling rates
for vitrification. CPAs are any auxiliary substance which protects cells exposed to cryogenic
temperatures and whose application results in a higher cell survival rate after warming. These
substances were first discovered in various organisms in cold habitats, like plants, fungi, insects
or polar fishes and other vertebrates. Naturally derived CPAs, like sugars, antifreeze proteins
and glycopeptides (AF(G)P), ice recrystallisation inhibitors (IRIs), as well as ice nucleating
agents (INA), provide protective properties to prevent lethal ice-induced cryo injuries (Elliott
et al. 2007). AF(G)Ps cover the surface of ice crystals and thus kinetically inhibit the growth
of thermodynamically preferred large ice crystals (Kristiansen and Zachariassen 2005). This
“thermal hysteresis" was detected in antarctic fish at temperatures down to -2 °C (DeVries 1983)
or freeze-tolerant plants (Griffith et al. 2005). The exact interaction between AFPs and the
ice crystal surface has not yet been sufficiently clarified. Investigations with AFPs from the
spruce budworm Chorisoneura fumiferana show that the proteins bind indirectly to the prism ice
surface to inhibit ice propagation (Kuiper et al. 2015). As an antagonistic substance, INAs cause
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targeted ice formation, promoting dehydration and reducing the likelihood of IIF development.
Cold-tolerant insects, amphibians and marine molluscs use this strategy for hibernation by
adjusting their supercooling temperature to allow selective ice formation at higher sub-zero
temperatures (Zachariassen and Kristiansen 2000, K. B. Storey and J. M. Storey 2013). In 1949,
Polge et al. first discovered the beneficial application of glycerol to preserve spermatozoa at
ultra-low cryogenic temperatures. One decade later, Lovelock observed the protective properties
of neutral substances, like glycerol (Lovelock 1953) and hydrogen bonding molecules as dimethyl
sulfoxide (DMSO) during cryopreservation of red blood cells (Lovelock and Bishop 1959). In
1969, Karow et al. listed a wide range of CPAs and classified them into small molecular weight
(membrane permeable) and high molecular weight (membrane impermeable). Permeable CPAs
provide unspecific, colligative effects causing a reduction of electrolyte concentration during
the freezing process. Water molecules are replaced, reducing ice crystal formation and harmful
osmotic gradients (Lovelock 1954). The most popular examples of permeable CPAs are DMSO,
ethylene glycol (EG) and glycerol. Representative impermeable CPAs are disaccharides, like
trehalose and sucrose or polysaccharides, like hydroxyethyl starch. These CPAs stabilise the
cell membrane during hypertonic extracellular ice crystal formation by binding with the polar
head groups of phospholipids (Clegg et al. 1982, Rudolph and Crowe 1985). In addition, the
increase of extracellular osmolarity causes beneficial cell dehydration.
The use of CPAs is a crucial prerequisite for successful cryopreservation of living biological
samples. However, the application of some permeable CPAs, like DMSO and EG, is limited
due to their cytotoxicity at room temperature. In particular, during vitrification, the loading
and removal of highly concentrated CPAs can cause high cytotoxicity levels and osmotic stress.
The cytotoxic effects have been shown in several studies (Nguyen et al. 2020, Awan et al. 2020,
Gallardo-Villagrán et al. 2022). For instance, studies with cardiac microtissues demonstrate sig-
nificant miRNA and epigenetic alterations induced by low concentrations of DMSO (Verheijen
et al. 2019). Despite cytotoxic effects, DMSO is widely used in many standard cryopreservation
protocols due to its high efficiency. However, these broad cytotoxic impacts on human cells re-
strict the clinical use of DMSO. Non-toxic alternatives are currently being researched for safer
application in clinical treatments.

2.2.4 Cryopreservation of complex 3D cell systems

The impact of 3D cell cultures derived from hiPSCs that mimic organ-like physiology continu-
ously increases in biomedical research and even medical applications. Spheroids and organoids
provide unique opportunities for diverse applications, such as diagnostics, drug development,
disease modelling and tissue engineering (J. Kim et al. 2020). Since the on-demand genera-
tion of these cell systems is often complex, time-consuming and not reproducible, the unmet
need for ready-to-use samples is increasing. Further, the time frame for application is short
compared to the generation time. Facing these challenges, an efficient cryopreservation routine
for 3D cell cultures would enable both a stock-keeping and fast ready-to-use supply (Taylor et
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al. 2019). However, efficient cryopreservation protocols are mainly available for cell types that
tolerate dissociation into single cells in suspension (Meneghel et al. 2020). The translation of
these protocols for the long-term preservation of 3D systems at cryogenic temperatures is still
challenging. So far, only short-term preservation of tissues and organs is achieved by hypother-
mic storage at temperatures just above the freezing point. For example, under hypothermic
conditions, lung tissue can be preserved for 24-36 hours using cold static preservation and up
to 3 days with cycling normothermic ex vivo lung perfusion (Ali et al. 2022). Significant chal-
lenges for the multicellular systems are to withstand inhomogeneous cooling and heat transfer
and non-uniform mass penetration of CPAs or other additives during cryopreservation (J. G.
Baust and J. M. Baust 2007, Fuller and Lee 2007, Guibert et al. 2011). Heterogeneous cell
composition in 3D cell systems, such as cell densities, types and morphology, affect the osmotic
and thermal conditions. This diversity of cell types and properties within the heterogeneous 3D
structure, as discussed in section 2.1.3, leads to varying optimal cooling and warming rates for
different cells (May and J. G. Baust 1988, Karlsson and Toner 1996, Acker 2007). However, the
determination and regulation of optimum temperature rates in heterogeneous 3D cell systems
is challenging. The non-uniform cooling and heat transfer from the periphery to the core cells
creates areas within the 3D cell system that, according to Mazur’s Two-factor hypothesis, do
not achieve optimal cooling and warming rates (Fig. 7). Moreover, the diffusion kinetics of
CPAs or other supportive additives, like antioxidants, are influenced by cell types, membrane
composition, the kind of CPA, compactness, shape, and size of the cell structure, etc. This
leads to an inhomogeneous supply of CPAs and additives throughout the system with limited
protection of inner cells and high cytotoxicity in the periphery (Fig. 7). Inhomogeneous CPA
penetration, together with heterogeneous dehydration status and excessive extra- and intracel-
lular ice crystallisation, damages essential cell-cell and cell-matrix interactions. This endangers
the structural integrity of the whole system, which is crucial for the maintenance of structures
and functionality (Taylor and Pegg 1983, Acker et al. 1999, Armitage and Juss 2003, Higgins
and Karlsson 2013, Bandzerewicz and Gadomska-Gajadhur 2022).
Innovative concepts for the cryogenic storage of large sample volumes are currently being in-
vestigated to reduce limiting thermal and CPA gradients. This includes promising bioengi-
neering approaches, such as isochoric cryopreservation, to restrict ice growth with increased
pressure (Szobota and Rubinsky 2006, Rubinsky 2015, Lyu et al. 2017) or the application of
non-Newtonian and rheomagnetic CPA solutions to reduce shear stress by viscosity changes
during CPA loading and unloading (Hartnett and Kostic 1989, Puschmann et al. 2014). Other
concepts are directional freezing (Arav and Natan 2012, Maffei et al. 2014) or stepped vitrifica-
tion (Corral et al. 2018), where the temperature is gradually lowered while the CPA concentra-
tions are increased. Thus, CPA-induced cytotoxic effects can be reduced at lower temperatures
in both techniques. In particular, directional freezing is characterised by high reproducibility,
facilitated by the controlled regulation of crystallisation speed, and is associated with higher
survival rates compared to non-directional slow freezing techniques (Arav 2022).
Another optimisation approach for the cryopreservation of large sample volumes includes per-
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Figure 7: Inhomogeneous thermal and mass transfer during cryopreservation of 3D
cell systems. Thermal gradients during freezing or vitrification and warming, as well as
CPA gradients during loading and unloading, are major limitations for the cryopreservation of
multicellular 3D systems.

fusion bioreactor-based cryopreservation (Wendt et al. 2003). In this context, the bioreactor
was used to perfuse 3D cell systems with CPAs under a continuous flow, ensuring saturation
(Petrenko et al. 2017). After the thawing of the samples, the bioreactor was subsequently
utilised for the effective removal of the CPAs from the 3D tissues by constant agitation. Pe-
trenko et al. 2017 have shown a significant increase in viability of cryopreserved mesenchymal
stromal cell-based tissue after perfusion and removal of CPAs under perfused flow compared to
conventional freezing methods. This optimal CPA penetration and saturation in 3D cell sys-
tems are being investigated by staining (Dolezalova et al. 2021) or Fourier transform infrared
spectroscopy (Han et al. 2019). This extends the knowledge about CPA diffusion kinetics for
3D cell constructs.
Regarding the warming of tissues or 3D cell models, uniform and rapid rates of warming are
essential to minimise thermal-mechanical stress, prevent cracking, and reduce uncontrolled ice
recrystallisation. This is crucial for the warming of both slow-rate frozen and vitrified 3D sam-
ples. New methods, such as nanowarming with inductive heating of the samples by magnetic
nanoparticles (Etheridge and Bischof 2013, Vogel et al. 2024) or laser warming with infrared
laser energy, optimises the warming process in 3D cell systems and thus minimises the formation
of damaging ice crystals (Daly et al. 2018). For example, scalable nanowarming was employed
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by Manuchehrabadi et al. 2017 to achieve uniform warming rates exceeding 130 °C/min in
large-scale porcine aortic heart valve leaflet tissues after vitrification. This approach demon-
strated improved viability compared to conventionally slow-warmed samples while maintain-
ing unchanged biomechanical properties of the tissue. In another example, Gao et al. 2022
have investigated nanowarming techniques using a vitrified rat heart model. Samples without
nanowarming showed signs of cracking, whereas nanowarmed hearts had similar tissue integrity
and morphology to controls, along with the retained electrical activity.
These new strategies of tissue cryopreservation and warming are primarily being investigated
in the context of reproductive and regenerative medicine. For instance, the cryopreservation of
human ovarian tissues is applied worldwide to ensure patients’ fertility. The most frequently
used cryopreservation method for human ovarian tissue is currently slow-rate freezing, which
is optimised by fertility preservation groups in different countries (Rivas Leonel et al. 2019).
However, vitrification with OPS or similar methods (see section 2.2.2) has become more pop-
ular in recent years as a suitable cryopreservation method for small tissues. So far, slow-rate
freezing and ultra-fast vitrification require small sample volumes with a maximum biopsy size
of 1-10 mm2 and 1-2 mm thickness for successful ovarian tissue preservation (Diaz et al. 2022).
Although larger tissue pieces would facilitate cutting and handling, cryopreserved tissue frag-
ments larger than 2 mm that were slowly frozen according to the protocol of Lucci et al. 2004
showed abnormal follicular morphology (Ferreira et al. 2010). This is an exclusion criterion
for the transplantation of these samples and larger tissues need further (enzymatic) dissections
before cryopreservation. Nevertheless, these tissue dimensions are relatively large for cryop-
reservation. The application aims to restore fertility by maintaining the functionality of the
ovaries in the tissue and not necessarily the exact intercellular integrity (Agca 2000). However,
while in other tissues, such as the brain, the maintenance of the exact structural cell composi-
tion is crucial for their functionality, this is not required for ovarian tissue biopsies (Agca 2000).
Hence, the transfer of the cryopreservation protocols of maximum-size ovarian tissue to other
3D cell systems is limited.
In summary, cryopreservation and biobanking of human primary tissues, like ovarian tissue and
stem cell-derived spheroids or organoids, like brain or liver organoids, have become increasingly
popular in recent years (Ma et al. 2010, Reichman et al. 2017, Corral et al. 2018, Diaz et al.
2022). However, despite the new and promising concepts of cryopreservation and warming of 3D
cell systems, technical challenges remain in optimising homogeneous thermal and CPA transfer
to meet the stringent demands and quality requirements for robust biobanking of complex 3D
cell systems. Currently, there is a scarcity of foundational studies incorporating basic quality
controls and application-oriented functionality assays in 3D cell systems to comprehend cryo-
induced damage processes and develop optimised cryopreservation and warming protocols.
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3 Materials and Methods

3.1 Cell culture

Cell culture procedures were performed under aseptic conditions in microbiological safety cabi-
nets. Each cell line was tested negative for mycoplasma. The sterility of devices, consumables,
and reagents was either achieved by filtration, autoclaving, or disinfection using 80% ethanol
or guaranteed by the manufacturer. Standard laboratory equipment and consumables are pre-
sumed, and respective manufacturers are not noted.

3.1.1 Cultivation of human induced pluripotent stem cells

Two hiPSC lines were used (Tab. 1). They were cultured in 6 cm Petri dishes (Fisher Scientific,
Schwerte, Germany) coated with 9 µg/cm2 hESC qualified Matrigel (Corning, Kaiserslautern,
Germany) in mTeSR (STEMCELL Technologies, Cologne, Germany) at 37 °C and 5% CO2. The
medium was changed daily during the week, and cells were passaged in clumps and regrown until
a confluence of max. 80% was reached (approx. 5-8 d). Before weekends, 5 ml of fresh medium
was added instead of the usual 4 ml used during the week. Cell detachment for passaging
was done with 0.5 mM EDTA (Fisher Scientific, Schwerte, Germany) in Dulbecco’s phosphate
buffered saline w/o Ca2+ and Mg2+ (DPBS(-/-)) (Fisher Scientific, Schwerte, Germany). After
5 min incubation at 37 °C and 5% CO2, EDTA was aspirated, leaving a thin film. After a further
5 min incubation, the clumps were detached by firmly tapping the dish and rinsing with culture
medium. The cells were seeded in new Martigel-coated plates at an appropriate cell density (1:3
to 1:20), depending on estimated cell number, confluence and expected proliferation. Cells were
counted, and viability was determined based on membrane integrity using the NucleoCounter
NC-200 (Chemometec, Kaiserslautern, Germany) according to the manufacturer’s instructions.
The threshold for cell viability used in the experiments was set at over 90%. The cell viability
was calculated as follows:

V iability [%] = viable cell number
total cell number · 100

Table 1: List of hiPSC lines used.

hPSCreg Name Deviation Source hPSCreg Link

BIONi010-C-64 human fibroblast Bioneer https://hpscreg.eu/cell-
line/BIONi010-C-64

UKKi011-A human fibroblast EBiSC https://hpscreg.eu/cell-
line/UKKi011-A
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3.1.2 Differentiation and cultivation of hiPSCs-derived neural stem cells

The neural differentiation of hiPSCs into neural stem cells (NSCs) via embryoid body (EB) for-
mation is based on the protocol from Reinhardt et al. 2013. Briefly, hiPSCs were incubated in
pre-warmed collagenase IV (Fisher Scientific, Schwerte, Germany) for 20 min at 37 °C and 5%
CO2. Collagenase IV was removed, and cells were washed twice with DMEM/F12 GlutaMAX
(Fisher Scientific, Schwerte, Germany). After discarding the supernatant, hiPSCs were mechan-
ically detached into 5 ml EB 1 medium (Tab. 2) using a cell scraper. Cells were transferred
into an ultra-low attachment 6-well plate (Corning, Kaiserslautern, Germany) and cultured for
2 d. On day 3, 2/3 of EB 1 medium was exchanged by 5 ml EB 2 medium (Tab. 2) and cells
were cultured for 2 d. The same procedure was done for EB 3 medium (Tab. 2) on day 5.
EBs were broken into smaller pieces using a 1 ml pipette, and 10-15 EBs were seeded in one
well of a 12-well plate, pre-coated with 9 µg/cm2 Matrigel. The EBs attached to the plate and
were cultured in 1 ml NSC medium (Tab. 2). After 3 d, the attached and spread EBs were
dissociated by adding 500 µl pre-warmed Accutase (Fisher Scientific, Schwerte, Germany) for
5 min at 37 °C and 5% CO2. The reaction was stopped with 1.5 ml DMEM/F12 GlutaMAX.
Dissociated EB cells were centrifuged at 300 x g for 3 min, and the supernatant was discarded.
The cells were split with a ratio of 1:5 into early NSCs (single cells) and were seeded in a new
Matrigel-coated 12- or 6-well plate. NSCs were cultured in 500 µl or 1 ml NSC medium, respec-
tively, with 10 µM Y-27632 (Biomol, Hamburg, Germany). The medium was changed every
2-3 d, and cells were passaged every 5-7 d, equivalent to the previously described EB splitting.
To obtain a pure NSC culture, NSCs had to reach at least passage 5 (Reinhardt et al. 2013).
The maturation status was verified by morphology assessment and flow cytometry (see section
3.5.6). Cell proliferation was reduced between passages 22 and 25, and cells beyond passage 25
were not utilised further.

3.1.3 Differentiation and cultivation of hiPSCs-derived hepatocyte-like cells

Altmaier et al. 2022 published a combination of different protocols to enhance the maturation
of hepatocyte-like cells (HLCs) via definitive endoderm and hepatocyte progenitor (HP) stages
based on studies from Rezania et al. 2014, Carpentier et al. 2016 and Pettinato et al. 2016
(Fig. 8). Briefly, BIONi010-C-64 cells (Tab. 1) were seeded at a density of 5x104 cells/cm2

on 9 µg/cm2 Matrigel-coated plates, as previously described in 3.1.1. The cells were incubated
in mTeSR with 1:100 Revitacell (Fisher Scientific, Schwerte, Germany) for one day. Then, the
medium was changed to stage 1 (S1) medium (Tab. 3) to induce definitive endoderm (DE) dif-
ferentiation for 4 d (modified according to Rezania et al. 2014). For the second differentiation
stage towards HP, modified according to Carpentier et al. 2016, DE cells were detached with
TrypLE Express (Fisher Scientific, Schwerte, Germany), resuspended in 20% KnockOut Serum
Replacement (KOSR) (Fisher Scientific, Schwerte, Germany) in DPBS (-/-) with 10 µM Y-
27632 (Biomol, Hamburg, Germany). A cell density of 5x105 cells/cm2 were seeded on LN521
(BioLamina, Sundbyberg, Sweden) coated wells and cultured in stage 2 (S2) medium (Tab.

26



Materials and Methods

3) for 6 d. The medium was changed every 2-3 d. On day 10, the third stage of hepato-
cyte maturation started by changing the medium to stage 3 (S3) medium (Tab. 3) including
0.25 mg/ml hESC qualified Matrigel (modified according to Pettinato et al. 2016). From days
17-24, 10 µM hydrocortisone (Absource, Munich, Germany) and 1x cholesterol lipid concentrate
(Fisher Scientific, Schwerte, Germany) were added to the S3 medium.

Figure 8: Differentiation from hiPSCs to HLCs. Figure modified from Kwok et al. 2022.

Table 2: Neural differentiation media for generating hiPSCs-derived NSCs.

Medium Component Conc. Manufacturer

Basic medium
N2B27

DMEM/F12 (-/-) 50% Fisher Scientific, Schwerte, GER
Neurobasal medium 50% Fisher Scientific, Schwerte, GER
N2 Supplement 0.5% Fisher Scientific, Schwerte, GER
B27 Supplement 1% Fisher Scientific, Schwerte, GER
Pen/Strep/Glu 1% Fisher Scientific, Schwerte, GER

EB 1 medium
(Day 0-2)

mTeSR - STEMCELL Tech., Cologne, GER
SB-431542 10 µM Bio-Techne, Wiesbaden, GER
LDN 193189 0.3 µM Bio-Techne, Wiesbaden, GER
CHIR 99021 3 µM Bio-Techne, Wiesbaden, GER
Purmorphamine (PMA) 0.6 µM Bio-Techne, Wiesbaden, GER

EB 2 medium
(Day 2-4)

N2B27 medium - Fisher Scientific, Schwerte, GER
SB-431542 10 µM Bio-Techne, Wiesbaden, GER
LDN 193189 0.3 µM Bio-Techne, Wiesbaden, GER
CHIR 99021 3 µM Bio-Techne, Wiesbaden, GER
PMA 0.6 µM Bio-Techne, Wiesbaden, GER

EB 3 medium
(Day 4-6)

N2B27 medium - Fisher Scientific, Schwerte, GER
CHIR 99021 3 µM Bio-Techne, Wiesbaden, GER
PMA 0.6 µM Bio-Techne, Wiesbaden, GER
L-Ascorbic acid (LAA) 150 µM Fisher Scientific, Schwerte, GER

NSC medium
(Day 6-10)

N2B27 medium - Fisher Scientific, Schwerte, GER
CHIR 99021 3 µM Bio-Techne, Wiesbaden, GER
PMA 0.6 µM Bio-Techne, Wiesbaden, GER
LAA 225 µM Fisher Scientific, Schwerte, GER
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Table 3: Hepatocyte differentiation media for generating hiPSCs-derived HLCs.

Medium Component Conc. Manufacturer

S1 medium
(Day 0-3)

MCDB131 - Fisher Scientific, Schwerte, GER
BSA 0.5% Fisher Scientific, Schwerte, GER
NaHCO3 1.5 g/l Fisher Scientific, Schwerte, GER
Glucose 10 mM Fisher Scientific, Schwerte, GER
GlutaMAX 1% Fisher Scientific, Schwerte, GER
Pen/Strep 0.1% Fisher Scientific, Schwerte, GER
Activin A 100 ng/ml Fisher Scientific, Schwerte, GER
CHIR 99021 3 µM Bio-Techne, Wiesbaden, GER

S2 medium
(Day 4-9)

DMEM/F12 (-/-) - Fisher Scientific, Schwerte, GER
KOSR 10% Fisher Scientific, Schwerte, GER
GlutaMAX 1% Fisher Scientific, Schwerte, GER
NEAA 1% Fisher Scientific, Schwerte, GER
Pen/Strep 1% Fisher Scientific, Schwerte, GER
DMSO 1% Fisher Scientific, Schwerte, GER

S3 medium
(Day 10-24)

William’s E Medium
w/o phenol red

- Fisher Scientific, Schwerte, GER

Dexamethasone 0.5 µM Fisher Scientific, Schwerte, GER
Recombinant Human
Hepa. Growth Factor

50 ng/ml Fisher Scientific, Schwerte, GER

Recombinant Human
Oncostatin M

30 ng/ml Fisher Scientific, Schwerte, GER

3.2 Generation of three-dimensional cell culture systems

3.2.1 Static cultivation in ULA plates

To generate spheroids or organoids in a static approach, 96-well plates with round bottoms
and ULA surfaces (Corning, Kaiserslautern, Germany) were used (Fig. 9 A). The covalently
bound hydrogel minimises cell attachment, protein absorption, enzyme, and cellular activation.
This method was used for the generation of NSC spheroids of defined and homogeneous size.
NSCs were detached and counted as previously described in 3.1.2. Different cell numbers were
seeded into the ULA wells to generate spheroids with different, defined diameters in the same
cultivation time. With the initial seeding numbers of 2,500, 7,000 or 12,000 NSCs per 60 µl NSC
medium in one ULA well, the spheroids formed diameters of about 300, 450 or 600 µm after
5 d incubation at 37 °C and 5% CO2. For Raman micro-spectroscopy studies (see section 3.4),
NSC spheroids with initial seeding cell numbers of 2,500 and 12,000 were cultivated for 3, 7 and
14 d. Three-quarters of the medium was changed every 2-3 d by carefully pipetting without
touching the spheroids. For morphological analysis, the NSC spheroids were assumed to be
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spherical, and their mean area (A = π · r2) and volumes (V = 4
3 ·π · r

3) were determined by the
areas measured with microscopic images and NIS Elements AR (Nikon, Düsseldorf, Germany).

3.2.2 Dynamic cultivation and differentiation in the CERO 3D bioreactor

With the dynamic approach using the CERO 3D Incubator & Bioreactor (OLS, Bremen, Ger-
many), a large number of spheroids or organoids can be generated in a single CERO 3D tube
(Fig. 9 A). Cells were detached and counted to create NSC spheroids as previously described in
3.1.2. CERO 3D tubes were inoculated with 7.5x106 cells per 10 ml medium and were incubated
in a CERO 3D bioreactor at 37 °C and 5% CO2. The cultivation program was adjusted to a
rotation speed of 60 rpm, a rotation period of 2 s and a rotation pause of 0 s. Three-quarters
of the medium was changed every 2-3 d after the spheroids had completely sedimented for
1-2 min. For hepatocyte 3D differentiation and cultivation, the same program was used with
8x106 BIONi010-C-64 cells per 20 ml medium. The 3D differentiation was adapted from the
2D process as described in 3.1.3. For the first differentiation stage towards DE cells, the S1
medium was modified, using KnockOut-DMEM, 1% Pen/Strep/Glu and 0.1% ITS (all Fisher
Scientific, Schwerte, Germany). Additional factors were 10 µM Y-27632 (Biomol, Hamburg,
Germany), 10 ng/ml Activin A, 10 ng/ml FGF2 (both Fisher Scientific, Schwerte, Germany),
1 µM CHIR 99021, 1 ng/ml BMP4 and 0.3% methylcellulose (all Bio-Techne, Wiesbaden, Ger-
many). S1 medium for day 2 and 3 were w/o Y-27632 and CHIR 99021. The composition of S2
and S3 medium was the same as previously described in 3.1.3 for the 2D differentiation (Tab.
3) but with 0.3% methylcellulose. For morphological analysis, the areas of hepatic spheroids
and organoids were determined with microscopic images using the object area measurement in
NIS Elements AR (Nikon, Düsseldorf, Germany).

3.3 Cryopreservation

3.3.1 Slow-rate freezing of single cells

Single cells (hiPSCs, NSCs or HLCs) were detached and counted according to cell type-specific
protocols as described in 3.1.1, 3.1.2 or 3.1.3. A cell number of 1-2x106 cells was centrifuged for
3 min at 300 x g in a 15 ml tube, and the supernatant was discarded. The cell pellet was gently
resuspended in 4 °C precooled 1 ml CryoStor CS10 (STEMCELL Technologies, Cologne, GER)
or an alternative cryopreservation medium (see section 3.3.5). The suspension was transferred
into a 2 ml cryovial (Greiner, Frickenhausen, Germany). Immediately afterwards, the cryovials
were placed either in the freezing container Cool Cell LX (bioCision, Mill Valley, USA) or into a
controlled-rate freezer VIA Freeze Uno (Cytiva, Freiburg, Germany). The samples were cooled
by storing the Cool Cell LX in a -80 °C freezer with an approx. cooling rate of -1 °C/min. In
VIA Freeze Uno, the cooling program was adjusted to an initial equilibration time of 5 min at
4 °C and a following constant cooling rate of -1 °C/min until -80 °C. The next day, cryovials
from both devices were stored in the LN2 tank below -140 °C.
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3.3.2 Slow-rate freezing of 3D cell systems

About 3000 NSC spheroids from each 10 ml cell culture medium in the CERO 3D tube were
collected and sedimented in one cryovial without centrifugation after a cultivation time of
5 d. The supernatant was discarded, and spheroids were incubated in 1 ml 4 °C precooled
cryopreservation medium (see section 3.3.5). The cryovials were slow-rate frozen with -1 °C/min
in the VIA Freeze Uno up to -80 °C after an equilibration time of 5 min at 4 °C. The samples
were subsequently stored in the LN2 tank below -140 °C. Regarding the hepatic organoids,
about 5000-7000 organoids generated in 20 ml cell culture medium in the CERO 3D bioreactor
were collected at differentiation day 8 (HPs) and at the final differentiation day 21 (HLCs)
and sedimented in one cryovial each. After discarding the supernatant, the organoids were
resuspended in 1.5 ml precooled CryoStor CS10 and cryopreserved with the same protocol as
the NSC spheroids.
For slow-rate freezing of NSC spheroids in the ULA plate, the medium of each well was gently
discarded and changed by 30 µl 4 °C precooled cryopreservation media (see section 3.3.5).
Then, the samples were cryopreserved with a cooling rate of -1 °C/min with the VIA Freeze
Uno following the same protocol as for the cryovials (Fig. 9 B). The NSC spheroids, generated
with different initial seeding cell numbers, were frozen after a cultivation time of 3, 5, 7 or 14 d
in ULA plates.

3.3.3 Thawing of 2D and 3D cell samples in cryovials and ULA plates

Cryovials with frozen cell suspension were quickly transferred from the LN2 tank into a 37 °C
pre-warmed water bath. The vials were carefully moved to ensure uniform heating without
touching the lid with water to avoid the risk of contamination (Fig. 9 C). The thawed cell
suspension was pipetted carefully into 10 ml pre-warmed medium, depending on the respective
cell type as described in 3.1. After centrifugation with 300 x g for 3 min, cells were seeded and
treated with the appropriate passage protocol. The medium was always changed after 24 h.
The thawing process of 3D cell samples frozen in cryovials was the same. However, spheroids
and organoids were not centrifuged, very carefully treated and slowly transferred into a CERO
3D tube with 10-20 ml fresh pre-warmed cell culture medium using a 1 ml pipette with wide
bore tips. Subsequently, the 3D cell systems were cultivated in the CERO 3D bioreactor, and
the medium was changed every 2-3 d.
ULA 96-well plates with frozen NSC spheroids were quickly transferred from the LN2 tank on
a 37 °C heating pad under a microbiological safety cabinet. About 200 µl of the respective
pre-warmed medium was quickly added to each well using a 96-well format pipetting device, a
Vaccu-Pette (Fisher Scientific, Schwerte, Germany) (Fig. 9 C). The ULA plate and the heating
pad were incubated for 5 min at 37 °C and 5% CO2. After complete thawing, the medium was
quickly and carefully discarded using a 200 µl pipette without touching the samples. Then,
80 µl fresh medium was gently added to each well, and the plate was placed in the incubator.
The medium was carefully changed after 24 h. NSC spheroids were further cultivated in ULA
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plates and the medium was changed every 2-3 d. The compound testing with NSC spheroids was
performed by adding 10 µM of ROCK inhibitor (Chroman 1 or Y-27632, both Biomol, Hamburg,
Germany) or 1% Poloxamer 188 (Fisher Scientific, Schwerte, Germany) to the fresh medium for
24 h after thawing (a.t.). For (S)-4’-nitro-Blebbistatin (Biomol, Hamburg, Germany) testing,
spheroids were incubated for 30 min in 10 µM compound solution before freezing.
Quality controls were performed respectively for NSC and hepatic 3D cell models, which were
generated in ULA plates or a CERO 3D bioreactor, before freezing and at 0 h, 24 h, 3 d and
7 d a.t. (see section 3.5). HP spheroids were additionally analysed 14 d a.t.

3.3.4 Vitrification with a Twist and warming of 3D cell systems

To achieve ice-free vitrification of spheroids, the Twist approach for adherent cell layers was
modified according to Beier et al. 2013. Briefly, NSC spheroids were generated as described
in 3.2 and about 50-100 spheroids were transferred in one Twist dish. Twist dishes were made
of two µ-dishes 35 mm high (ibidi, Gräfelfing, Germany). The cultivation surface of the first
dish was discarded, and the plastic rim was affixed to the bottom of the other intact dish using
commercially available two-component epoxy glue. This two-compartment device enables the
sterile cultivation of cells in the intact dish and the application of liquid nitrogen in the other
dish without contamination risks (Fig. 9 B). The medium of the spheroids in the dish was
carefully discarded with a 200 µl pipette without touching the floating spheroids. Then, 1 ml of
chilled vitrification solution VS1 (Tab. 4), containing 80% cell culture medium, 10% DMSO and
10% EG, was added for different incubation times (1-15 min). The VS1 solution was exchanged
by 1 ml of chilled vitrification solutions VS2 (Tab. 4), containing 30% cell culture medium,
30% 1 M sucrose, 20% DMSO and 20% EG for 20-30 s. The medium was removed, the dish was
closed, and the device was “twisted". The other dish was filled with LN2, and the whole device
was immediately transferred into a transport vessel filled with LN2 to avoid fast evaporation
and warming. The spheroids were stored in LN2 tank below -140 °C.
For warming, the device was “twisted" back, and 4 ml of pre-warmed warming solution W1
consisting of 80% cell culture medium and 20% 1 M sucrose was added directly to the spheroids
for 1 min. W1 was exchanged by 1 ml of warming solution W2 consisting of 90% cell culture
medium and 10% 1 M sucrose. After 5 min incubation, W2 was discarded, and 2 ml cell culture
medium was added. Either single spheroids were collected and transferred into single ULA wells
in 60 µl medium, or all spheroids were transferred in a CERO 3D tube with 20 ml medium.
The following 3D cell culture was performed as described in 3.2.1 and 3.2.2.

3.3.5 Analysis of different cryopreservation media

NSC spheroids of different diameters (300-600 µm) that had been cultured for 5 days were
exposed for 5, 15 and 30 min to cryopreservation media with different CPA compositions and
analysed regarding morphology, volume regulation, cell viability (see section 3.5.1) and gene as
well as protein expressions (see section 3.5.3, 3.5.5 and 3.5.6). Tab. 4 shows the list of applied
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Figure 9: Overview of the workflow of (A) the generation and cultivation, (B) cryopreservation
and (C) thawing or warming of 3D cell systems.

cryopreservation media.
Volume changes of NSC spheroids after cryopreservation media incubation were analysed by
microscopic evaluation. Spheroids were cultured for 5 d at 37 °C and 5% CO2 in a ULA 96-well
plate. After 5 d, the NSC medium was removed carefully, and along with 20 µl fresh medium,
the spheroids were transferred into a new 96-well ULA plate. Then, 80 µl of cryopreservation
media with higher CPA concentrations was added to achieve the desired final concentrations
(Tab. 4) with a 1:5 mixture. NSC spheroids were incubated for 30 min at room temperature and
microscopic recordings were taken every 5 min. The images were analysed using NIS Elements
AR (Nikon, Düsseldorf, Germany) to determine the area of the spheroids at each point in time
(see section 3.6).

3.4 Diffusion analysis by Raman micro-spectroscopy and two-photon excitation microscopy

The temporal progression of DMSO penetration into the centre of an NSC spheroid was mea-
sured by confocal Raman micro-spectroscopy according to the protocol from Altmaier et al.
2024. Briefly, spheroids were immobilised to a glass slide with Poly-L-Lysin (PLL) (Fisher Sci-
entific, Schwerte, Germany) to keep spheroids stationary and stable during medium exchange
and data acquisition. Therefore, 15 µl drops of 20% PLL in DPBS (-/-) were incubated for
30 min at 37 °C and 5% CO2. Subsequently, the solution was discarded, and the slide was
left to air dry at room temperature. The spheroids were placed on the dry PLL-spots with
15 µl medium and attached to the surface during the incubation for 4 h at 37 °C and 5% CO2

(Fig. 10 A). Then, spheroids were carefully washed three times with DPBS (-/-). A Nikon Plan
Apo 20x/0.75 objective was used for focus illumination and Raman scatter collection. The
immobilised spheroid was focused in the centre of the cross-section (r- and z-adjustment) in
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Table 4: List of cryopreservation media used for cryopreservation of NSC spheroids.

Cryopreservation medium Concentrations Manufacturer

Dimethyl sulfoxide (DMSO) 2%, 5%, 10%, 20% (v/v) Merck, Darmstadt, GER
Ethylene glycol (EG) 10%, 20% (v/v) Merck, Darmstadt, GER
Glycerol 10%, 20% (v/v) Merck, Darmstadt, GER
Trehalose 0.3 M (w/v) Merck, Darmstadt, GER
Sucrose 0.3 M (w/v) Merck, Darmstadt, GER
CryoStor CS10 100% STEMCELL Tech.,

Cologne, GERHypoThermosol FRS 100%
Vitrification solution 1 (VS1) 80% cell culture medium +

10% DMSO + 10% EG (v/v)
Fisher Scientific, Schw-
erte & Merck, Darmstadt,
GER

Vitrification solution 2 (VS2) 30% cell culture medium +
20% DMSO + 20% EG +
30% 1 M sucrose (w/v)

Fisher Scientific, Schw-
erte & Merck, Darmstadt,
GER

15 µl DPBS (-/-) drop (Fig. 10 B). Since the DMSO band spectrally coincides with analogous
oscillations of other CH-containing compounds of biological samples, DMSO was bioorthogo-
nally labelled with deuterium atoms to shift the major vibration band (C-H stretching vibration)
from 2900 to 2160 cm−1 (C-D stretching vibration). After positioning of the spheroid, 15 µl
of 20% DMSO-d6 (AppliChem GmbH, Darmstadt, Germany) in DPBS (-/-) were added to
achieve a concentration c0 of 10% DMSO. The acquisition was started after t0 = 20-30 s, and a
sequence of 600 Raman spectra with 1 s exposure time was recorded. Data was processed using
the OriginPro 2020 software (OriginLab Corp., Northampton, USA). Further details about the
course of the recorded Raman spectra can be found in section 4.4.1.

Figure 10: Diffusion analysis in NSC spheroids. (A) Immobilised NSC spheroid on a
glass slide in a 15 µl medium drop. (B) Schematic spheroid shows focus settings for confocal
Raman micro-spectroscopy to analyse the time-dependent increase in DMSO-d6 concentration
c(r). DMSO-d6 concentration c0 is assumed to be 10 % in the medium drop. The dotted line
(2 PM) represents the focus plane of two-photon excitation microscopy. Figure modified from
Altmaier et al. 2024.
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For two-photon excitation microscopy, NSC spheroids were incubated with 100 mM rhodamine
B (Merck, Darmstadt, Germany) for 24 h to stain membrane structures and with NucBlue™
Live ReadyProbes™ Reagent (Hoechst 33342) (Fisher Scientific, Schwerte, Germany) for 5 h at
37 °C and 5% CO2 to observe cell nuclei. Intercellular spaces were visualised by indicating with
10 mM non-permeable fluorescein (Fisher Scientific, Schwerte, Germany) for 1 h. Excitation
was recorded 50 µm below the spheroid surface (Fig. 10 B) using a Miltenyi Trimscope Matrix
operated at an excitation wavelength of 780 nm (Miltenyi, Bergisch Gladbach, Germany).

3.5 Metabolic and structural analysis

3.5.1 Viability analysis

Fluorescein diacetate (FDA) and ethidium bromide (EtB) cell viability staining
The FDA and EtB stainings were used to investigate the metabolic activity and membrane
integrity of cells. Active esterases convert membrane permeable FDA (Fisher Scientific, Schw-
erte, Germany) in viable cells into polar fluorescein with green fluorescence. Red EtB (Fisher
Scientific, Schwerte, Germany) is non-permeable and intercalates with the DNA of dead cells
with defective membranes. The staining solution consists of 5 ml DMEM/F12, 8 µl FDA (stock
solution of 5 mg/ml in acetone (Merck, Darmstadt, Germany) and 50 µl EtB (stock solution
of 1 mg/ml in deionised water). The solution was freshly prepared and used within 20 min.
The solution was mixed 1:1 with cell suspension medium in the dark to stain the samples.
After 4 min of incubation at room temperature, fluorescence was detected by the fluorescence
microscope evos FL (Fisher Scientific, Schwerte, Germany) using the FITC and Texas Red filter.

Cell viability analysis in 2D by CellTiter-Glo Luminescent Cell Viability Assay
The CellTiter-Glo Luminescent Cell Viability Assay (Promega, Mannheim, Germany) is de-
signed to determine the number of viable cells in 2D based on the quantification of the ATP
that is present in viable, metabolically active cells. The assay was used according to the man-
ufacturer’s instructions. Briefly, 10 ml of CellTiter-Glo Buffer was transferred to CellTiter-Glo
Substrate to generate a dye reagent. Then, 100 µl of reagent was mixed with 100 µl of medium-
containing cells in a white 96-well plate (Corning, Kaiserslautern, Germany). The plate was
shaken for 2 min to induce cell lysis and incubated at room temperature for 10 min without
shaking. Luminescence was recorded with an integration time of 1,000 ms in a microplate reader
Infinite F200 (Tecan, Männedorf Switzerland).

Cell viability analysis in 3D by CellTiter-Glo 3D Cell Viability Assay
The CellTiter-Glo 3D Cell Viability Assay (Promega, Mannheim, Germany) enables the deter-
mination of the number of viable cells in 3D cell cultures based on the amount of ATP that is
present in metabolic active cells. ATP is quantified using a luciferase enzyme that generates
a luminescence signal proportional to the amount of ATP present, indicating the number of
viable cells. The viability assay was used according to the manufacturer’s instructions. Briefly,
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3-10 spheroids were collected three times in 100 µl medium and transferred in a single well
of a white 96-well plate. A volume of 100 µl CellTiter-Glo 3D Reagent was added, and the
mixture was agitated vigorously for 5 min to induce cell lysis. After incubation for 25 min at
room temperature on a horizontal shaker with gentle shaking, the luminescence was recorded
with an integration time of 1,000 ms in a microplate reader Infinite F200 (Tecan, Männedorf
Switzerland).

Quantification of apoptotic cells in spheroids by Caspase-Glo 3/7 3D assay
The Caspase-Glo 3/7 3D Assay (Promega, Mannheim, Germany) was used to measure caspase-
3 and -7 activities in apoptotic cells of 3D cell cultures. The Caspase-Glo 3/7 3D Reagent
consists of a luminogenic caspase-3/7 substrate. Followed by caspase cleavage, this substrate
produces a luminescence signal generated by a luciferase enzyme that is proportional to the
amount of caspase activity present. The assay was applied according to the manufacturer’s
instructions. Briefly, 3 spheroids were collected three times in 100 µl medium and transferred
in a single well of a white 96-well plate (Corning, Kaiserslautern, Germany). The Caspase-Glo
3/7 3D Substrate and Caspase-Glo 3/7 3D Buffer were mixed, and 100 µl were added to the
samples. After resuspension, the plate was incubated for 30 min at room temperature on a
horizontal shaker with gentle shaking. Luminescence was recorded with an integration time of
1,000 ms in a microplate reader Infinite F200 (Tecan, Männedorf Switzerland).

Detection of cell viability by Apoptosis/Necrosis Assay Kit
Using the Apoptosis/Necrosis Assay Kit (Abcam, Berlin, Germany), apoptotic, necrotic and vi-
able cells were detected in a triple staining. The kit was applied according to the manufacturer’s
instructions. Briefly, 10-20 NSC spheroids were incubated in 96-well plates and washed with
100 µl Assay Buffer by gently pipetting. The samples were resuspended with the staining mix,
consisting of 200 µl Assay Buffer, 2 µl Apopxin Green, 1 µl 7-AAD and 1 µl CytoCalcein violet
450 (Tab. 5). After 30-60 min incubation, the samples were washed twice with 100 µl Assay
Buffer and resuspended in 200 µl Assay Buffer. The samples were analysed with fluorescence
microscope evos FL or confocal laser scanning microscopy, Leica TCS SP8 (Leica Microsystems,
Wetzlar, Germany).

Table 5: Staining reagents of Apoptosis/Necrosis Assay Kit.

Dye Cell stage Channel Ex/Em

Apopxin Green Apoptotic cells Green 490/525 nm
7-AAD Necrotic cells, Apoptotic cells

at late stage
Red 550/650 nm

CytoCalcein violet 450 Viable cells Blue 405/450 nm
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3.5.2 Analysis of hepatic marker expression by Nano-Glo Luciferase Assay

The hepatocyte-specific reporter hiPSCs line BIONi010-C-64 (Tab. 1) contains a Nanolu-
ciferase gene downstream of the hepatic gene CYP3A4 that was established by using CRISPR-
Cas9 technology. This reporter line enables an easy readout of hepatocyte maturation with
the luminescence-based Nano-Glo Luciferase Assay (Promega, Mannheim, Germany). In the
presence of Nanoluciferase, which is secreted by hepatocyte reporters with high expression of
CYP3A4, the Nano-Glo Luciferase Reagent generates an ATP-independent luminescence signal.
The assay was performed according to the manufacturer’s instructions. Briefly, the Nano-Glo
Luciferase Assay Substrate and the Assay Buffer were mixed 1:50, and this reagent was mixed
1:1 with the sample volume. To normalise the CYP3A4 activity against the number of vi-
able cells, the CellTiter-Glo Luminescent Cell Viability Assay was applied after the Nano-Glo
Luciferase Assay (see section 3.5.1). The Nano-Glo Luciferase Assay was incubated for 3 min
before measuring luminescence with an integration time of 1,000 ms in a microplate reader
Infinite F200 (Tecan, Männedorf Switzerland). Since this assay is incompatible with 3D sam-
ples, hepatic organoids were first cultured on a pre-coated Matrigel plate for 24 h to form a
monolayer structure.

3.5.3 Clearing and immunocytochemistry (ICC) of spheroids

ICC was used to detect specific proteins in 3D cell systems via antibody staining. For standard
ICC, samples were fixed in BD Cytofix Fixation Buffer (BD Biosciences, Heidelberg, Germany)
at 4 °C overnight. Samples were washed three times with DPBS (-/-) and permeabilised for
1 h with a filtrated permeabilisation buffer consisting of 0.2% Triton X-100 (Merck, Darmstadt,
Germany) in DPBS (-/-). Then, samples were blocked for 1 h at room temperature in filtered
blocking buffer, consisting of DPBS (-/-), 10 mg/ml BSA (Merck, Darmstadt, Germany) and
0.2% Tween80 (Merck, Darmstadt, Germany). To stain the samples, the primary antibody was
diluted with blocking buffer according to the manufacturer’s protocol (Tab. 6). Then, 300 µl
solution was added, and samples were incubated overnight at 4 °C on a microplate shaker. After
washing three times with blocking buffer for 10 min, the secondary antibody was prepared in
blocking buffer as recommended by the manufacturer (Tab. 7). The samples were incubated
on a microplate shaker with 300 µl secondary antibody solution for 1 h at room temperature in
the dark. The 3D cell systems were washed with blocking buffer for 5 min and resuspended in
blocking solution with 2 drops/ml of NucBlue Fixed Cell ReadyProbes Reagent (DAPI) (Fisher
Scientific, Schwerte, Germany) for nucleus staining. F-actin was stained by adding 2 drops/ml
of ActinGreen 488 ReadyProbes phalloidin reagent (Fisher Scientific, Schwerte, Germany).
To improve the visualisation in 3D systems, the clearing and ICC protocols published in Mas-
selink et al. 2019 were modified and adjusted to NSC spheroids. Briefly, 50-100 NSC spheroids
were collected in a glass round bottom tube and washed with 1 ml DPBS (-/-). Every following
step was carried out on a microplate shaker. After 4 h fixation with 1 ml BD Cytofix Fixation
Buffer at room temperature, spheroids were washed for 2 d with 1 ml PBSTxDB, consisting
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of DPBS (-/-) with 20% DMSO, 2% Triton-X-100 and 50 mg/ml BSA. Then, spheroids were
incubated for 5 d with a primary antibody solution in PBSTxDB at room temperature in the
dark (Tab. 6). Afterwards, they were washed twice with 2 ml PBSTxDB for 1 min and twice
with 1 ml PBSTxDB for 24 h. Then, spheroids were incubated for 5 d with a secondary anti-
body solution in PBSTxDB at room temperature (Tab. 7). After washing with 1 ml PBSTxDB
for 24 h, 2 drops/ml of NucBlue Fixed Cell ReadyProbes Reagent (DAPI) (Fisher Scientific,
Schwerte, Germany) were added to the next washing step with PBSTxBD for 24 h. Then, the
samples were again fixed with BD Cytofix Fixation Buffer at 4 °C for 24 h. For subsequent
dehydration, spheroids were washed with 30% 1-Propanol (Merck, Darmstadt, Germany) and
incubated for 2 h each at 4 °C with 30%, 50%, 70% and twice with 100% 1-Propanol. The
1-Propanol was discarded and completely evaporated. Subsequently, spheroids were cleared by
incubation in ethyl cinnamate (Merck, Darmstadt, Germany) until they appeared transparent.
All samples were analysed with a confocal laser scanning microscope, Leica TCS SP8 (Leica
Microsystems, Wetzlar, Germany).

Table 6: Primary antibodies for ICC.

Primary antibody for NSC spheroids Dilution Manufacturer

Mouse anti-human E-cadherin (#13-1700) 1:500 Fisher Scientific, Schwerte,
GER

Mouse anti-human N-cadherin (#MA1-91128) 1:500 Fisher Scientific, Schwerte,
GER

Mouse anti-human Nestin (#MA1-110) 7.5 µg/ml Fisher Scientific, Schwerte,
GER

Rabbit anti-human Ki-67 (#27309-1-AP) 15 µg/ml Proteintech, Planegg-
Martinsried, GER

Primary antibody for hepatic organoids Dilution Manufacturer

Mouse anti-human Hepatocyte nuclear factor 4 α
(HNF4A) (#SC374229)

1:500 Santa Cruz, Heidelberg,
GER

Mouse anti-human Cytochrome P450 3A4
(CYP3A4) (#MA517064)

1:500 Fisher Scientific, Schwerte,
GER

Rabbit anti-human α-fetoprotein (AFP)
(#ab3980)

1:500 Abcam, Berlin, GER

Rabbit anti-human Albumin (ALB) (#ab2406) 1:500 Abcam, Berlin, GER
Mouse anti-human Cytokeratin 18 (CK18)
(#ab233915)

1:500 Abcam, Berlin, GER

Rabbit anti-human α 1 anti-Trypsin (A1AT)
(#ab207303)

1:500 Abcam, Berlin, GER
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Table 7: Secondary antibodies for ICC.

Secondary antibody Dilution Manufacturer

Goat anti-Rabbit Secondary Antibody, AF 488 10 µg/ml Fisher Scientific, Schwerte,
GER

Goat anti-Mouse Secondary Antibody, AF 488 10 µg/ml Fisher Scientific, Schwerte,
GER

Goat anti-Rabbit Secondary Antibody, AF 647 10 µg/ml Fisher Scientific, Schwerte,
GER

Goat anti-Mouse Secondary Antibody, AF 647 10 µg/ml Fisher Scientific, Schwerte,
GER

3.5.4 Ultrastructure analysis of spheroids by scanning electron microscopy (SEM)

The preparation of spheroids for SEM was modified according to the protocol published in Kat-
sen et al. 1998. At least 10 spheroids were transferred into 12-Well Millicell cell culture inserts
(Merck, Darmstadt, Germany) and were washed with DPBS (-/-). Cell culture inserts were
dipped into fresh 12-wells for each medium change with the appropriate solutions. Spheroids
were fixed overnight at 4 °C with filtrated fixation solution, containing 0.1 M sodium cacodylate
buffer and 1.8% glutaraldehyde (both Merck, Darmstadt, Germany) in distilled water, set to
300-359 mOsm and pH of 7.2-7.4. For post-fixation, samples were removed from the fixation
solution and washed three times with filtered 0.15 M sodium cacodylate buffer. Next, samples
were incubated in 2% osmium tetroxide (Merck, Darmstadt, Germany) diluted in 0.3 M sodium
cacodylate buffer for 1 h at room temperature. From now on, plates were protected with alu-
minium foil. After washing the samples five times with distilled water, they were incubated
with 1% tannic acid (Merck, Darmstadt, Germany) in distilled water for 1 h at room tem-
perature. Samples were washed five times with distilled water and transferred into 1% uranyl
acetate (Ted Pella, USA) in distilled water for 20-30 min at room temperature. After washing
with distilled water, samples were dehydrated with increased series of ethanol solutions (w/w):
10%, 30%, 50%, 60%, 70%, 80%, 90%, 96% and 100%. Spheroids were incubated for 5 min in
each concentration except for 10 min in 100% ethanol. For drying, samples were first placed in
50% hexamethyldisilazane (HMDS) (Merck, Darmstadt, Germany) in ethanol (v/v) and then
twice in 100% HMDS for 10 min. HMDS was evaporated overnight at room temperature un-
der a laboratory hood. Dry spheroids were carefully poured into a petri dish and collected
to the sticky carbon tabs on the probe plates by dipping. Next, the samples were sputtered
with 50 nm gold with sputter UNIVEX 450 (Leybold, Cologne, Germany) and analysed with
the scanning electron microscope EVO MA 10 (Zeiss, Oberkochen, Germany) according to the
manufacturer’s instructions.
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3.5.5 Gene expression analysis with real-time quantitative polymerase chain reaction (RT-qPCR)

RT-qPCR is used to detect, characterise and quantify gene expression levels of cells. The sample
RNA was isolated, transcribed into complementary DNA (cDNA) by reverse transcription, and
amplified. First, about 5x105 dissociated cells were resuspended in 300 µl RLT Lysis buffer from
the RNeasy Micro Kit (Quiagen, Hilden, Germany) for enzymatic cell lysis. NSC spheroids were
dissociated by incubating them in pre-warmed Accutase (Fisher Scientific, Schwerte, Germany)
at 37 °C and 5% CO2 for 5 minutes, followed by mechanical dissociation using pipetting. Hep-
atic organoids were dissociated with the Embryoid Body Dissociation Kit (Miltenyi, Bergisch
Gladbach, Germany) according to the manufacturer’s instructions. The samples were stored
at -80 °C. After slow thawing on ice, the sample was vortexed for 30-60 s to homogenise the
lysate and support the RNA release. Every following step was done on ice, and the centrifuga-
tion was performed at 4 °C. The sample was mixed with 350 µl 70% ethanol and transferred
into RNeasy MinElute Spin Columns. After centrifugation at 20,000 x g for 30 s, the flow
through was discarded, and 350 µl RW1 buffer was added. Next, the column was centrifuged
at 20,000 x g for 30 s, flow through was discarded and 70 µl RDD buffer with 10 µl DNase
I was added to digest the DNA. After a 20 min incubation at room temperature, the sample
was washed with 350 µl RW1 and subsequently with 500 µl RPE buffer. Then, 500 µl 80%
ethanol was added, the sample was centrifuged as before, and the collection tube was changed.
Dry centrifugation followed at 24,000 x g for 5 min and open lid. The collection tube was
exchanged by a 1.5 ml microtube, and 14.5 µl RNase-free water was added to the middle of the
column. After centrifugation at 20,000 x g for 1 min, 14 µl RNA was collected in a microtube
and stored at 4 °C. In the next step, the RNA concentration was determined with a NanoDrop
2000 spectrophotometer (Thermo Fisher Scientific, Darmstadt, Germany). The absorption of
1 µl isolated RNA was measured at 260 nm, and RNA concentrations were calculated in ng/µl
by the software. According to the manufacturer’s instructions, reverse transcription was per-
formed with the High-Capacity cDNA Reverse Transcription kit (Fisher Scientific, Schwerte,
Germany). For each reaction, 250 ng RNA was used. Two negative controls, the RNase-free
water and one sample without reverse transcriptase, were mandatory to exclude contamination
in the isolated RNA. Reverse transcription was done in the Thermocycler SimpliAmp (Thermo
Fisher Scientific, Darmstadt, Germany) with the following program: 24 °C for 10 min, 37 °C
for 2 h, 85 °C for 5 min and 4 °C until sample collection.
The generated cDNA was multiplied and simultaneously quantified via RT-qPCR based on
the detection of the fluorescence signal from TaqMan assays (Thermo Fisher Scientific, Darm-
stadt, Germany), which increases proportionally to the amount of DNA. First, the desired genes
(TaqMan assays) were selected (Tab. 8 and 9). The housekeeping genes GAPDH and HPRT1
served as a reference for endogenous positive control. For qPCR, an appropriate mastermix was
prepared with 0.5 µl TaqMan assay, 5 µl TaqMan Fast Advanced Master Mix (Fisher Scientific,
Schwerte, Germany), 0.2 µl cDNA and 4.3 µl RNase free water per one well of a 96-well qPCR-
plate. For each reaction, three technical replicates were performed. After sealing the plate
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with an adhesive film and short centrifugation, the samples were analysed with QuantStudio 7
Flex Real-Time PCR System (Thermo Fisher Scientific, Darmstadt, Germany). Their graphs
should not deviate from each other by more than 0.5 cycles. The gene expression data was
evaluated with QuantStudio Real-Time Software following the mathematical analysis by Pfaffl
2001. In a typical PCR, about 40 cycles are run, and new DNA is amplified with each cycle.
The exponential increase is detected by the increase of the fluorescence signals. The software
calculates the threshold (Ct value), i.e. the number of PCR cycles in the linear range of the rise.
The higher the Ct value, the less mRNA is present in the original sample, as more cycles are
required to reach the linear range. The corresponding gene is strongly expressed at low values,
which is usually the case for endogenous controls. For relative gene expression quantification
between a sample and an untreated calibrator sample, the RQ-value was calculated as follows:

∆CtCalibrator or sample = CtCalibrator or sample − Ctendogenous ctrl

⇒ ∆∆Ct = ∆Ctsample −∆CtCalibrator ⇒ RQ = 2−∆∆Ct (1)

Table 8: List of TaqMan assays for RT-qPCR of NSCs from Thermo Fisher Scientific, Darm-
stadt, Germany.

TaqMan primer (assay ID) Protein Function

GAPDH (Hs99999905_m1) Glycerinaldehyd-3-phosphate-
Dehydrogenase

Housekeeping marker
(Reference)

HPRT1 (Hs99999909_m1) Hypoxanthine-Phosphoribosyl-
Transferase 1

Housekeeping marker
(Reference)

HES1 (Hs00172878_m1) Hairy and enhancer of split-1
Neural markerNES (Hs04187831_g1) Nestin

PAX6 (Hs01088114_m1) Paired box protein Pax-6

CDH1 (Hs01023894_m1) Epithelial cadherin (E-cadherin)

Cell adhesion marker
OCLN (Hs01049883_m1) Occludin

NOTCH1 (Hs01062014_m1) Neurogenic locus notch homolog
protein 1

BAX (Hs00180269_m1) Bcl-2 Associated X-protein

Stress marker
P53 (Hs01034249_m1) Tumor suppressor protein

SOD1 (Hs00533490_m1) Superoxide dismutase 1 protein

HSF1 (Hs01027616_g1) Heat shock protein factor 1

A significant change in expression is defined as at least a twofold change, resulting in RQ-values
of more than 2 or less than 0.5.
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Table 9: List of TaqMan assays for RT-qPCR of hepatocytes from Thermo Fisher Scientific,
Darmstadt, Germany.

TaqMan primer (assay ID) Protein Function

HNF4A (Hs00230853_m1) Hepatocyte nuclear factor 4 α
Hepatocyte
progenitorsAFP (Hs01040598_m1) α-fetoprotein

TTR (Hs00174914_m1) Transthyretin

ALB (Hs00609411_m1) Albumin Hepatocytes

CYP2C9 (Hs00426397_m1) Cytochrome P450 2C9
CYP enzymes

CYP3A4 (Hs00604506_m1) Cytochrome P450 3A4

3.5.6 Protein expression analysis with flow cytometry (FC)

Flow cytometry (FC) enables protein expression analysis via specific antibody binding labelled
with a fluorescence dye. With this method, the maturation status of differentiated NSCs-
derived from hiPSCs and NSC spheroids was evaluated. NSC spheroids were dissociated by
incubating them with pre-warmed Accutase (Fisher Scientific, Schwerte, Germany) at 37 °C
and 5% CO2 for 5 minutes, followed by mechanical dissociation using pipetting. Dissociated
cells were centrifuged at 400 x g for 3 min. A cell pellet of 1x106 cells was resuspended in 300 µl
BD Fixation Buffer (BD Biosciences, Heidelberg, Germany) and incubated at 4 °C for 30 min.
Cells were permeabilised by washing twice with 1 ml 1x BD Perm/Wash buffer for 3 min. After
centrifugation at 400 x g for 3 min, the supernatant was discarded, and cells were resuspended
in 100 µl filtrated FC staining buffer containing 2% FBS, 15.4 mM sodium azide and 0.5 mM
EDTA (all Fisher Scientific, Schwerte, Germany). Cells were split into unstained control, isotype
control, and staining samples. Isotype controls and samples were incubated with the isotype
markers or direct antibodies (Tab. 10) for 30 min at 4 °C in the dark. Then, all controls and
samples were washed and resuspended in 300 µl FC staining buffer. The unstained controls were
used to adjust the device to visualise the cell type-specific forward scatter (FSC) and side scatter
(SSC) plots and to adjust the photomultiplier tube (PMT) voltages. The isotype controls served
as negative controls with matching host species, IgG subclass and fluorophore of the respective
primary antibody to detect unspecific antibody bindings. To analyse protein expression with
antibody samples, 10,000 events were measured using the BD FACS CantoTM II flow cytometer
(BD Biosciences, Heidelberg, Germany) according to the manufacturer’s instructions. The data
was analysed using the BD FACS Diva software (BD Biosciences, Heidelberg, Germany).
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Table 10: Direct antibodies and isotype controls for FC.

Antibody/Isotype Volume
per
sample

Manufacturer

Alexa Fluor 488 anti-human CD324 (E-cadherin) 5 µl BioLegend, Koblenz, GER
Alexa Fluor 488 Mouse IgG1, k Isotype Ctrl 5 µl BioLegend, Koblenz, GER
Alexa Fluor 488 Mouse anti-Sox2 5 µl BD Biosciences, Heidelberg,

GER
Alexa Fluor 488 Mouse IgG2a, k Isotype Ctrl 5 µl BD Biosciences, Heidelberg,

GER
Alexa Fluor 647 Mouse anti-Oct3/4 (POU5F1) 5 µl BD Biosciences, Heidelberg,

GER
Alexa Fluor 647 Mouse IgG1, k Isotype Ctrl 5 µl BD Biosciences, Heidelberg,

GER
PE Mouse anti-Nestin 5 µl BD Biosciences, Heidelberg,

GER
PE Mouse IgG1, k Isotype Ctrl 5 µl BioLegend, Koblenz, GER
Per CP-CyTM 5.5 Mouse anti-Oct3/4 (POU5F1) 20 µl BD Biosciences, Heidelberg,

GER
Per CP-CyTM 5.5 Mouse IgG1, k Isotype Ctrl 20 µl BioLegend, Koblenz, GER

3.6 Data and image processing

Image processing was performed by open-source ImageJ1.52a, Inkscape 1.3 and NIS Elements
AR (Nikon, Düsseldorf, Germany). Data processing was done by Microsoft Office Excel Pro-
fessional Plus 2016 and OriginPro 2020.
Unless otherwise stated, all data have been obtained from at least three independent experi-
ments, i.e. three biological replicates (N=3) and three technical replicates (n=3). The mean
values were presented as x̄ ± standard deviation (SD). The Student’s t-test was used to com-
pare differences between two groups. P < 0.05 was considered statistically significant (*p <

0.05, **p < 0.01, ***p < 0.001).
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4 Results

Next-generation biobanking of living diagnostically and therapeutically relevant cell systems has
become increasingly popular. In this context, the long-term preservation of 3D cell systems, like
primary tissues or stem cell-derived organoids, is an emerging research field. Easy and constant
access to ready-to-use, functional 3D cell systems is essential for on-demand availability in
biotechnological research and medical applications. Hence, the establishment of efficient and
standardised cryopreservation protocols for 3D cell models is required. The aim is to examine
and understand the underlying factors of cryo-related effects in 3D cell systems with quality
and functional analyses. By gaining an extended understanding of biological mechanisms after
cryopreservation, new, innovative processes can be established.
In this thesis, the effects of cryopreservation on precursor organoids, like the neural stem cell
(NSC) and hepatocyte progenitor (HP) spheroids, as well as heterogeneous matured hepatocyte-
like cell (HLC) organoids, were analysed comparatively. The focus was to elucidate the impact
of different organoid diameters and volumes on cryo-induced injury mechanisms. In this context,
the cryo effects on cell structures and CPA diffusion kinetics were analysed in detail.

4.1 Comparative investigations on cryopreservation effects on metabolic properties in pre-
cursor organoids of defined volumes

In this work, human induced pluripotent stem cells (hiPSCs) derived NSC spheroids serve as a
reproducible, legally and ethically less restricted precursor of matured human brain organoids.
In the first step, the differentiation of NSCs was established and static and dynamic 3D gen-
eration processes were comparatively analysed. Subsequently, the metabolic effects of the in-
cubation of different cryopreservation media before cryopreservation on NSC spheroids were
investigated, as it is crucial for effective cryopreservation to ensure sufficient distribution of
CPAs throughout the 3D cell models while minimising cytotoxic effects on the peripheral cell
layers. In the next step, the cryo-induced metabolic effects in NSC spheroids with different
volumes were analysed in detail after thawing.

4.1.1 Differentiation and 3D generation techniques of NSC spheroids

The differentiation of hiPSCs to NSCs was induced by the neural induction medium following
the protocol of Reinhardt et al. 2013. The hiPSCs line UKKi011-A was differentiated into ecto-
dermal cells via EBs. Stimulating the WNT and SHH signalling pathway induces the formation
of epithelial cells with neural progenitor characteristics. During further maturation, NSCs arise
from neural rosettes formed by the EBs. After the differentiation of UKKi011-A to NSCs, the
neural fate was verified by flow cytometry (FC) analysis for cell passage P6 and P14 (Fig. 11
A). The pluripotency of NSCs, indicated by OCT3/4 expression, was decreased to 2.5% positive
cells for both passages. In comparison, over 96% of the differentiated cells from both passages
were positive for the neural markers Sox2 and Nestin. Additionally, the neural status and cell
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proliferation of NSC spheroids (P16) were verified by ICC staining of Nestin and Ki67 (Fig. 11
B). After verifying the neural fate of the differentiated NSCs, spheroids were generated statically
with ULA 96-well plates and dynamically with the CERO 3D bioreactor. The proliferation was
determined by tracking the spheroids’ morphological area over time. Due to high circularity
(ψ > 0.9), the diameters and volumes were calculated by the spheroid areas. The proliferation
rate of NSC spheroids, i.e. the increase of volume over time, which were cultured in ULA plates
was reproducible across three different passages for each initial cell number (Fig. 11 C). Small
spheroids were defined as spheroids with an initial cell number of 2,500 NSCs/well, resulting in
a mean diameter of x̄ = 323 µm ± 15 µm after 5 d of cultivation. To generate medium or large
spheroids, the initial cell number was 7,500 NSCs/well or 12,000 NSCs/well, resulting in mean
diameters of x̄ = 463 µm ± 12 µm or x̄ = 613 µm ± 12 µm. Unless otherwise stated, these
conditions consistently remained the same in the following sections. The mean volumes were
25-fold higher in medium and 318-fold higher in large spheroids compared to small spheroids
after 5 d of cultivation. After cultivation for 12 d, the mean volumes of the medium and large
spheroids were only 2-fold and 4-fold higher compared to the small spheroids. In comparison,
NSC spheroids generated in a CERO 3D bioreactor reached a mean diameter of 471 µm ±
67 µm after 5 d and 772 µm ± 65 µm after 12 d. The coefficient of determination R2 of the
regression of the mean values from five passages cultured in the CERO 3D bioreactor was 0.90.
The reproducibility of spheroids cultured in ULA plates was higher, causing R2 values of 0.944
for 2,500 NSCs/well, 0.990 for 7,500 NSCs/well and 0.963 for 12,000 NSCs/well initial cell
number.

4.1.2 Effects of cryopreservation media diffusion in NSC spheroids

The effect of cryopreservation media incubation before cryopreservation was evaluated by analys-
ing the NSC spheroid morphology, viability, and expression of genes and proteins. Fig. 12 de-
picts representative microscopic images of NSC spheroids, cultured for 5 d with different initial
cell numbers, after incubation in CryoStor CS10 for 5 min, 15 min and 30 min. After incubation
for 5 min, the measured mean spheroid areas and, correspondingly, the spheroid diameters were
decreased by -25% ± 5% in small, -22% ± 5% in medium and -23% ± 4% in large spheroids
compared to non-treated spheroids. After incubation for 30 min, the morphology and circularity
were not changed. The mean diameters were slightly increased again to -22% ± 5% in small,
-18% ± 4% in medium and -22% ± 5% in large spheroids compared to non-treated spheroids.
Analogue morphology analyses were carried out and quantified for 14 different cryopreservation
media (NSC medium with 20% DMSO, 10% DMSO, 5% DMSO, 2% DMSO, 20% EG, 10% EG,
20% glycerol, 10% glycerol, 0.3 M trehalose or 0.3 M sucrose and 100% Cryostor CS10, 100%
HypoThermosol FRS, VS1, VS2). The mean diameters of spheroids after media incubation
were normalised to the mean diameters of spheroids without treatment. Thus, mean diameter
changes according to each media composition were assessed for small (Fig. 13 A), medium
(Fig. 13 B) and large (Fig. 13 C) spheroids. Similar trends in relative diameter changes over
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Figure 11: Differentiation of UKKi011-A into NSCs and proliferation of NSC
spheroids. (A) FC analysis of differentiated NSCs (cell passage 6 (P6) and cell passage 14
(P14) from UKKi011-A. NSC state was verified by Sox2 and Nestin markers. (B) ICC analysis
of NSC spheroids cell passage 16 (P16) was used to analyse the NSC state by Nestin and pro-
liferation by Ki67 marker expression. (C) Spheroid diameters as an indicator of proliferation
rates of different passages of NSC spheroids in the CERO 3D bioreactor and ULA plates.

incubation time were observed for all spheroid volumes. After 5 min incubation in permeable
CPAs (DMSO and EG), the relative spheroid diameters were decreased compared to the non-
treated control. With increasing incubation time, the diameters were again linearly increased
by about 10-20% after 30 min. The incubation with non-permeable disaccharides trehalose and
sucrose caused an opposite trend. After 5 min incubation, the relative diameters were decreased
by about 20% and after 30 min incubation by 30-35%. The incubation with both glycerol
concentrations caused a diameter decrease of about 20% in all spheroids. After incubating with
the commercial media CryoStor CS10 and HypoThermosol FRS, a constant decrease in diameter
of about 20-25% within 30 min was observed. The incubation with VS1, containing 10% DMSO
and 10% EG, caused an initial diameter decrease of about 10-15% after 5 min and a subsequent
equal increase for all diameters. In contrast, after the incubation with VS2, containing 30% 1 M
sucrose, 20% DMSO and 20% EG, the relative diameters of small spheroids were decreased over
incubation time by 15% after 5 min to 28% after 30 min. The relative diameters of medium
spheroids were constantly decreased by 30-35% and those of large spheroids by 15%.
Additionally, the mean cell viability values of NSC spheroids after cryopreservation media in-
cubation were normalised to non-treated controls. As measured by ATP activity, the relative
cell viability provided information about the influence of a 30 min cryopreservation media in-
cubation on ATP production in NSC spheroids. Fig. 14 shows the relative cell viability values
of NSCs spheroids with different initial volumes after cryopreservation media incubation. Com-
paring different DMSO concentrations, the mean relative viability after incubation in 10%, 5%
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Figure 12: Representative morphological characterisation of small, medium and large
NSC spheroids without (w/o) and with incubation in CryoStor CS10. Mean spheroid
diameter changes (∆Ø) compared to non-treated control were determined after cryopreservation
media incubation for 5 min, 15 min and 30 min. The quantification of the relative diameter
analyses with all cryopreservation media is shown in Fig. 13; scale bar represents 300 µm, N=3,
n=4-5.

and 2% DMSO decreased with increasing spheroid volumes. Small spheroids have a relative cell
viability of 88-94%, whereas the large spheroids exhibited a mean viability of 60% with 10%
DMSO, 86% with 5% DMSO and 65% with 2% DMSO. After incubation in 20% DMSO, the
trend was contrary, with lower relative cell viability in small spheroids (71%) than in medium
(77%) or large (86%) spheroids. Regarding the relative cell viability after incubation with
EG, viability values ranged between 90% for medium spheroids with 20% EG and 40% for large
spheroids with 10% EG. In contrast, the relative cell viability after glycerol incubation only var-
ied between 85% for small spheroids with 20% glycerol and 71% for medium spheroids with 10%
glycerol. Striking were the low relative cell viability values after incubation with disaccharides.
The minimum relative value was 29% for large spheroids with trehalose, and the maximum
was 62% for small spheroids with sucrose. The lowest relative cell viability was measured after
incubating with HypoThermosol FRS, with values of 28%. Besides the ATP-based viability
analysis, active esterases in viable cells of small spheroids were investigated using the viability
staining with FDA/EtB. Spheroids were analysed after the incubation in representative cry-
opreservation media with permeable CPA (10% DMSO) or impermeable CPA (0.3 M sucrose)
and in a commercial medium (CryoStor CS10). In comparison to the non-treated control, no
differences in viability could be observed (Fig. 14 B).
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Figure 13: Relative mean diameters of NSC spheroids after incubating for 5 min,
15 min and 30 min in different cryopreservation media. The mean diameters of (A)
small (Ø 300 µm), (B) medium (Ø 450 µm) and (C) large (Ø 600 µm) spheroids after media
incubation were normalised to the non-treated controls, N=3, n=4-5.
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Figure 14: Relative mean cell viability of NSC spheroids after 30 min incubation
in different cryopreservation media. (A) The mean viability values of small, medium
and large spheroids after cryopreservation media incubation were normalised to non-treated
controls, N=3, n=3-5. (B) Viability staining with FDA/EtB of small spheroids without and
with cryopreservation media incubation (10% DMSO, 0.3 M sucrose and CryoStor CS10); scale
bar represents 50 µm, N=2-3, n=3 (t-test, *p value < 0.05, **p value < 0.01).

The impact of cryopreservation media was further evaluated with gene and protein expression
analyses. Therefore, NSC spheroids with different diameters were incubated in cryopreservation
media with permeable CPAs (20% DMSO, 10% DMSO and 10% EG) or non-permeable CPA
(0.3 M trehalose) and in commercially available media (CryoStor CS10) for 30 min. Fig. 15
depicts the results of the RT-qPCR analysis. None of the stress markers (BAX, HSF1, SOD1
and TP53 ) and none of the neural markers (HES1, NES and PAX6 ) were significantly changed
(≥ 2-fold change) for all spheroids. A striking aspect here was the significant increase of CDH1
expression in medium spheroids after the incubation in 20% DMSO (2.2-fold), 10% EG (3.4-
fold), 0.3 M trehalose (2.4-fold) and CryoStor CS10 (2.3-fold) (Fig. 15 B). In small spheroids,
the cadherin marker expression (CDH1 ) was significantly increased by 2.2-fold after the incu-
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bation in CryoStor CS10 (Fig. 15 A). In large spheroids, the CDH1 expression was significantly
increased by 2.9-fold after the incubation in 10% EG (Fig. 15 C). Another striking aspect is
the significant 0.4-fold expression decrease of OCT3/4 in medium spheroids after incubation in
0.3 M trehalose and CryoStor CS10.

Figure 15: Gene expression analysis of NSC spheroids after 30 min incubation in
cryopreservation media. The gene expression of different stress (BAX, HSF1, SOD1 and
TP53 ), neural (HES1, NES and PAX6 ), cell adhesion (OCLN and CDH1 ) and pluripotency
marker (OCT3/4 ) were analysed by RT-qPCR after the incubation in cryopreservation media
(20% DMSO, 10% DMSO, 10% EG, 0.3 M trehalose and CryoStor CS10). GAPDH and HPRT1
served as housekeeping markers. Data is shown as fold-change (RQ) normalised to the calibrator,
the non-treated spheroids, N=3, n=3.

To verify the significant gene expression changes of CDH1 and OCT3/4, the protein expressions
of these markers were investigated by flow cytometry. In addition, the expression of the neural
marker Nestin was analysed as a positive control (Fig. 16). After the incubation of 30 min
in cryopreservation media (20% DMSO, 10% DMSO, 10% EG, 0.3 M trehalose and CryoStor
CS10), all NSC spheroids showed high protein expression levels of Nestin with > 90% positive
cells and low expressions of OCT3/4 with < 1% positive cells compared to the untreated,
unstained control. The relative values for the E-cadherin marker ranged with high standard
deviations. The lowest mean values were measured for medium spheroids after incubation in
10% EG with only 30% positive cells (Fig. 16 C). The highest mean values were observed for
small spheroids after incubation in 0.3 M trehalose with 78% positive cells (Fig. 16 B). However,
no significant protein expression changes were detected between the stained, untreated control
and the cryopreservation media-treated spheroids.
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Figure 16: Quantitative protein expression analysis of NSC spheroids after 30 min
incubation in cryopreservation media. (A) Representative graphs of fluorescence intensity
distribution for E-cadherin, Nestin and OCT3/4 positive cells. The analysis was carried out by
flow cytometry with 10,000 cells (events) of small spheroids after incubating in cryopreservation
media. The relative mean fluorescence signal of E-Cadherin, Nestin and OCT3/4 positive cells
was quantified for (B) small (Ø 300 µm), (C) medium (Ø 600 µm) and (D) large spheroids
compared to unstained, untreated control, N=1-3, n=3.

4.1.3 Cryo-induced metabolic effects in NSC spheroids of defined volumes

NSC spheroids were cultured for 5 d in ULA plates or the CERO 3D bioreactor. The conditions
for slow-rate freezing of spheroids were adapted from single-cell protocols. NSC spheroids
cultured in the ULA plate with initial cell numbers of 2,500 NSCs/well, 7,500 NSCs/well and
12,000 NSCs/well were frozen and recovered as single spheroids directly in the plate. Spheroids
generated in the CERO 3D bioreactor were frozen in cryovials and recovered in the CERO 3D
bioreactor. After thawing, the spheroids were recovered for 7 d, i.e., they were cultured for up
to 12 d in total (Fig. 17 and 18). All spheroids, before freezing and after thawing (a.t.), showed
a regular and spherical shape with a constant mean circularity of ψ > 0.97. Only 24 h a.t., the
circularity decreased to ψ = 0.93 ± 0.03 for small spheroids and ψ = 0.89 ± 0.05 for medium
and large spheroids. This is related to the detachment of the peripheral cell layer, which was
observed for all spheroid diameters 24 h and 3 d a.t.
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Figure 17: Morphological characterisation of small, medium and large NSC spheroids
nfc and a.t., cultured and recovered in ULA plates. The initial cell numbers were (A)
2,500 NSCs/well, (B) 7,500 NSCs/well and (C) 12,000 NSCs/well. Mean spheroid diameters
(x̄) and circularity (ψ) were determined at different cultivation times in nfc and a.t. After 0 h to
3 d recovery, spheroids are shown with 10-fold and after 7 d with 4-fold magnification (magn.).
The respective-fold change of mean spheroid volumes is indicated in red; scale bar represents
200 µm, N=3, n=8
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Figure 18: Morphological characterisation of NSC spheroids nfc and a.t., cultured
and recovered in the CERO 3D bioreactor. The initial cell number was 7.5·105 NSCs/ml.
Mean spheroid diameters (x̄) and circularity (ψ) were determined at different cultivation times
in nfc and a.t. The respective-fold change of mean spheroid volumes is indicated in red; scale
bar represents 500 µm, N=3, n=5.

To quantify these morphologically analysed data, the mean volumes of non-frozen controls (nfc)
and spheroids after thawing were calculated by spheroid areas and normalised to values of nfc
before freezing after 5 d of cultivation. Therefore, the spheroids were assumed to be spherical,
and their mean volumes were determined by the areas measured with microscopic images (see
section 3.2.1). The relative volumes in Fig. 19 A show the progression of volume changes
of spheroids to clarify the differences between nfc and after thawing at the respective point
in time. Immediately after thawing, the relative volumes of the spheroids were increased by
1.08-fold for small, 1.13-fold for medium and 1.09-fold for large spheroids compared to nfc,
but without statistically significant difference. After further recovery for 24 h, 3 d and 7 d, the
relative volumes were significantly decreased in small, medium and large spheroids after thawing
compared to respective nfc at the same time. During the recovery between 0 h and 24 h a.t., the
mean volumes were 0.14-fold reduced in small and not changed in medium and large spheroids.
In comparison, the proliferation of nfc was increased over time, and the volumes were altered
by 1.98-fold in small, 1.91-fold in medium and 1.81-fold in large spheroids between 5 d and 6 d.
However, the mean volumes of the spheroids after thawing were significantly increased again
between 3 h and 7 d a.t. by 11.27-fold in small, 3.57-fold in medium and 2.69-fold in large
spheroids. After a cultivation time of 12 d, the small spheroids reached 0.67-fold volume, the
medium spheroids 0.41-fold and the large spheroids 0.54-fold a.t. compared to the nfc. NSC
spheroids, cultured for 5 d in the CERO 3D bioreactor, showed a mean diameter of x̄ = 471 µm
± 67 µm (Fig. 18). Compared to spheroids from the ULA plate, the homogeneity is decreased,
indicated by high standard deviations at all cultivation times (SD > 58 µm). Additionally, the
circularity is reduced with ψ < 0.97 and the maximum mean diameter after 12 d of cultivation
was x̄ = 772 µm ± 65 µm. However, the cell debris was reduced after thawing, and only a slight
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decrease in volume of about 20·106 µm3 was observed between 24 h and 3 d a.t. compared to
nfc (Fig. 19 B). No significant differences between relative volumes of nfc and spheroids after
thawing were detected at all respective points in time (Fig. 19 C).

Figure 19: Relative volumes of NSC spheroids nfc and a.t., cultured and recovered
in ULA plates and the CERO 3D bioreactor. The mean volumes of nfc and spheroids
a.t. at different times were normalised to nfc after 5 d of cultivation. (A) Relative volumes of
spheroids from ULA plate. The values were calculated respectively for small, medium and large
spheroids, N=3, n=8. (B) Volume tracking of spheroids nfc and a.t. over time in the CERO 3D
bioreactor, N=4, n>100. (C) Relative volumes of spheroids from CERO 3D bioreactor, N=3,
n=5 (t-test, ns: not significant, *p value < 0.05, **p value < 0.01).
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The viability of NSC spheroids after thawing was evaluated by ATP measurements using the
CellTiter-Glo 3D Cell Viability Assay, by viable cell number measurements based on membrane
integrity using the NucleoCounter and by viability staining. The mean cell viability values of
nfc and spheroid after thawing were normalised to values of nfc before freezing after 5 d of
cultivation. The relative values in Fig. 20 - 22 show the progression of the viability of nfc and
spheroids after thawing during the cultivation and recovery. The increase in relative viability of
nfc over cultivation time coincided with the rise in relative volumes over time derived from the
morphological analysis. Hence, relative cell viability analyses of nfc support the statement of
exponential proliferation for small, linear proliferation for medium and logarithmic proliferation
for large spheroids. This trend could not be observed in spheroids after cryopreservation and
thawing. Regarding the relative viability measured by ATP activity, a significant decrease in
metabolic activity was observed in all spheroids immediately after thawing compared to nfc.
After the recovery of 3 d, the relative viability was significantly decreased under 0.7 for all
diameters compared to nfc. In contrast, the values in nfc were increased 4.3-fold ± 1.04 in
small, 2.5-fold ± 0.56 in medium and 1.7-fold ± 0.11 in large spheroids. Despite the decrease
in viability at 0 h to 3 d a.t., a recovery was detected after 7 d. The relative cell viability was
significantly increased for all diameters compared to 0 h a.t. (Fig. 20).

Figure 20: Relative cell viability of NSC spheroids nfc and a.t. analysed by ATP
measurement, cultured in ULA plates. The mean cell viability of nfc and spheroids a.t.
at different times were normalised to nfc after 5 d of cultivation, N=3, n=3 (t-test, ns: not
significant, *p value < 0.05, **p value < 0.01, ***p value < 0.001).

Concerning the analysis of the relative viability by membrane integrity, a similar trend to the
values based on ATP measurement was observed (Fig. 21). After recovery of 24 h, small
and large spheroids after thawing showed a very significant difference in the relative viability
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measured by membrane integrity to nfc. An increase in proliferation was observed after the
recovery of 7 d with a rise in relative viability values of 2.5-fold ± 0.96 in small, 1.8-fold ± 0.23
in medium and 1.3-fold ± 0.09 in large spheroids.

Figure 21: Relative cell viability measured by membrane integrity of NSC spheroids
nfc and a.t., cultured in ULA plates. The mean relative viability of nfc and spheroids a.t.
at different times were normalised to nfc after 5 d of cultivation, N=3, n=3 (t-test, ns: not
significant, *p value < 0.05, **p value < 0.01).

In spheroids cultured in the CERO 3D bioreactor, the relative cell viability values measured by
ATP activity and membrane integrity were decreased by about 50% at 0 h a.t. compared to
nfc (Fig. 22). The cell viability increased significantly over time and ran linear to 1-fold ± 0.17
at 24 h a.t., to 1.7-fold ± 0.15 at 3 d a.t. and to 3.1-fold ± 0.2 at 7 d a.t. The progression of
the values determined by membrane integrity analysis was comparable, except that the value
24 h a.t. was not significantly increased compared to 0 h a.t.
With the viability staining, a high number of viable cells was detected for small and large
nfc compared to the assay controls (Fig. 23 A). During the recovery phase after thawing, the
number of apoptotic cells was increased (Fig. 23 B). Immediately after thawing, an apoptotic
peripheral cell layer of 37 µm ± 2.1 µm was observed for small spheroids. For large spheroids,
an apoptotic peripheral cell layer of 35 µm ± 3.8 µm was detected. The width of the peripheral
apoptotic cell layer decreased during the recovery of 7 d. As for the volume and viability
analysis, the increased proliferation between 3 d and 7 d a.t. was also detected. To quantify
these results, the number of apoptotic cells analysed by caspase-3/7 activity using the Caspase
Glo 3/7 3D Assay was normalised to the number of viable cells analysed with the CellTiter-Glo
3D Cell Viability Assay (Fig. 23 C). The ratio of viable to apoptotic cells at 24 h a.t. is 35%
lower for small, 45% lower for medium and 23% lower for large spheroids compared to nfc.
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Figure 22: Relative cell viability of NSC spheroids nfc and a.t., cultured in the CERO
3D bioreactor. The viability values of nfc and spheroids a.t. at different times, measured by
(A) ATP activity and (B) membrane integrity, were normalised to nfc after 5 d of cultivation,
N=3, n=3 (t-test, ns: not significant, *p value < 0.05, **p value < 0.01).

RT-qPCR was performed to further investigate the effects of slow freezing on the genetic level in
NSC spheroids. The gene expression of neural, cell adhesion, stress, and pluripotency markers
were investigated (Fig 24). Therefore, nfc and spheroids after thawing were analysed at different
cultivation and recovery times (0 h nfc/a.t., 24 h nfc/a.t., 3 d nfc/a.t., 7 d nfc/a.t.). The nfc
after 5 d of cultivation served as calibrator sample. No significant expression changes were
observed for the neural or stress markers. For the adhesion marker, only CDH1 was 5.8-fold
higher expressed at 24 h a.t. compared to the calibrator. Striking were the significantly higher
expressions (≥ 2-fold change) of the pluripotency marker OCT3/4 in the samples at 24 h nfc
(7.7-fold), 24 h a.t. (20.9-fold), 3 d nfc (23.1-fold), 3 d a.t. (12.7-fold), 7 d nfc (18.1-fold) and
7 d a.t. (43.0-fold).
In the next step, the effect of Rho-associated protein kinase (ROCK) inhibitors Chroman 1
and Y-27632 on the viability of NSC spheroids after cryopreservation was analysed by ATP
measurement and caspase-3/7 activity. Relative cell viability and relative apoptosis of NSC
spheroids with different volumes were measured at various times after thawing (0 h a.t., 24 h
a.t., 3 d a.t., 7 d a.t.) (Fig. 25). Both ROCK inhibitors were added immediately after thawing
and were incubated for 24 h. Regarding the relative cell viability and apoptosis values of
nfc, no significant difference was found between the samples treated with Chroman 1, Y-27632
and without additive. After thawing, spheroids with all volumes showed a decreased relative
cell viability for all conditions at different times. However, no significant effect was observed
between the samples with ROCK inhibitor and without additive (Fig. 25 A). The relative
apoptosis values of spheroids after thawing were also not significantly changed compared to
values of nfc (Fig. 25 B). No differences between the conditions with ROCK inhibitor and
without additive were detected.
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Figure 23: Representative viability stainings of NSC spheroids nfc and a.t. (A)
Viability staining of nfc small (Ø 300 µm) and large (Ø 600 µm) NSC spheroids at different
cultivation times to indicate apoptotic (red), necrotic (blue) and viable (green) cells. For assay
control, spheroids were incubated in CryoStor CS10 for 1 h and 10% DMSO for 24 h. (B)
Viability staining of small and large spheroids a.t. after different recovery times. Images are
z-stacks with a z-step size of 10 µm and 10 steps; scale bar represents 150 µm. (C) The ratio
of apoptotic and viable cell number of nfc and spheroids 24 h a.t. Apoptosis was measured by
caspase-3/7 and viability by ATP activity, N=3, n=3 (t-test, ns: not significant, *p value <
0.05, ***p value < 0.001).

4.2 Comparative investigations on cryopreservation effects on metabolic properties in or-
ganoids from distinct germ layers and with different maturity

Hepatocytes derived from hiPSCs, cultivated in 3D, are of particular interest in biomedical
research concerning pharmaceutical drug screenings, disease modelling and in vitro toxicol-
ogy. These hiPSC-derived 3D models provide a theoretically unlimited available alternative to
primary human hepatocyte (PHH) in vitro models while representing the physiology and func-
tions of a human liver. In this thesis, a successful translation from 2D into 3D differentiation
in the CERO 3D bioreactor was established. The upscaling by standardised 3D cultivation
enables higher biomass yields in terms of cell number per millilitre of cell culture medium and
per batch. However, successful long-term storage via cryopreservation to ensure the supply of
hiPSC-derived hepatic 3D models has not been published yet. In this work, HP spheroids and
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Figure 24: Gene expression analysis of cells from NSC spheroids nfc and a.t. Ex-
pression of different stress (BAX, HSF1, SOD1 and TP53 ), neural (HES1, NES and PAX6 ),
cell adhesion (OCLN, CDH1 and NOTCH1 ), and pluripotency marker (OCT3/4 ) were anal-
ysed by RT-qPCR at different times in nfc and spheroids a.t. GAPDH and HPRT1 served as
housekeeping markers. Data is shown as fold-change (relative quantification (RQ)) normalised
to the calibrator (nfc after 5 d cultivation), N=3, n=3.

matured HLC organoids served as alternative 3D cell models to NSC spheroids to investigate
the cryo effects regarding cell type and maturation specificity and heterogeneity. First, cell-
type-specific differences between cryo-induced effects in uniform NSC and HP spheroids were
comparatively investigated by morphology and viability analyses. Second, the cryopreservation
and recovery potential of HP spheroids and HLC organoids were investigated by specific qual-
ity controls, including the assessment of organoid morphology, the measurement of CYP3A4
metabolic activity and the analysis of hepatic gene and protein expressions. These studies pro-
vide new insights into the impact of the maturation state on cryopreservation outcomes of 3D
cell models.

4.2.1 3D differentiation and upscaling of hepatic organoids

The 2D differentiation protocol from hiPSCs to HLC was successfully translated into a 3D
protocol in the suspension CERO 3D bioreactor. This was realised by adapting the seeding
density of hiPSCs, the cultivation program and the medium composition (see section 3.2.2,
Altmaier et al. 2022.). Fig 26 A shows representative microscopic images and the morphological
changes during the 3D differentiation from day 1 to day 21. Due to the heterogeneous and non-
spherical shape, respective diameters and volumes could not be derived like in NSC spheroids.
Thus, spheroid and organoid areas were measured using NIS Elements AR (see section 3.2.2)
and are shown below (Fig. 26). During the 3D differentiation process, between days 3 to 4,
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Figure 25: Relative cell viability and apoptosis of NSC spheroids nfc and a.t. after
treatment with Chroman 1 (C), Y-27632 (Y) and without (w/o) additive. Both the
relative (A) viability and (B) apoptosis values of spheroids (Ø 300 µm, Ø 450 µm, Ø 600 µm)
with C, Y, and w/o additives at different points in time were normalised to nfc w/o additive
after 5 d of cultivation, N=3, n=3.

the light reflection from the aggregates was reduced, indicating a more compact and dense
structure, and the mean area decreased. In the following differentiation via DE- (4 d) and HP
spheroids (8 d) to HLC organoids (21 d), the mean areas slowly increased. After the 21 d of
differentiation, hepatic organoids showed a mean area of 30,000 µm2 (Fig. 26 B). The number of
3D cell systems constantly decreased from 523 DE spheroids/ml (3 d) to 232 HLC organoids/ml
(21 d) (Fig. 26 C).

4.2.2 Cryo-induced metabolic effects in hepatic organoids of different maturity

To elucidate the impact of the cell type-specific maturation level on cryopreservation, hepatic
3D cell models were slow-rate frozen at an early differentiation status at day 8 (HP spheroids)
and at the end of 3D differentiation at day 21 (HLC organoids). The quality and functional
analyses were carried out after different recovery times and accordingly for the nfc. Fig. 27
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Figure 26: Characterisation of HLC organoids differentiated via DE- and HP
spheroids. (A) Representative microscopic images of spheroids and organoids during the
differentiation from hiPSCs to HLC. (B) Mean areas of 3D cell systems throughout the differ-
entiation from day 3 to 21. (C) Number of 3D cell systems per ml during differentiation from
day 3 to 21, N=3, n=3. Data published in Kwok et al. 2022.

A shows representative microscopy images of HP spheroids and HLC organoids before freezing
and 24 h and 7 d a.t. HP spheroids before freezing exhibited a more uniform shape among
themselves with areas of about 29,300 µm2 ± 6545 µm2 compared to HLC organoids. The
morphology of different HLC organoids was more heterogeneous with mean areas of 35,400 µm2

± 14,493 µm2. On day 1 after thawing, the areas of both samples were decreased, and the outer
cell layers had an irregular shape. Cell debris was detected in the suspension of both samples
(see white arrows in Fig. 27 A). After a recovery of 7 d, both samples showed a more regular
shape and increased areas. These morphological effects after cryopreservation were comparable
to the detected effects in NSC spheroids during the recovery. In NSC and hepatic 3D cell
systems, the areas were reduced 24 h a.t., and cell debris was observed. A recovery of the area
and proliferation followed this.
As further quality analysis, the CYP3A4 expressions in HP spheroids and HLC organoids were
analysed with the Nano-Glo Luciferase Assay. For this purpose, the spheroids and organoids
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Figure 27: Morphological and metabolic characterisation of HP spheroids and HLC
organoids nfc and a.t. (A) Representative microscopic images of HP spheroids (8 d) and
HLC organoids (21 d) before freezing and respectively 24 h and 7 d a.t.; scale bar represents
200 µm. (B) Relative CYP3A4 expression during the recovery of day 8 frozen HP spheroids
and day 21 frozen HLC organoids. The assays were performed 0 h (reflecting 8 d or 21 d of
differentiation), 24 h (9 d or 22 d), 3 d (11 d or 24 d), 7 d (15 d or 28 d) and only for day 8
frozen samples 14 d (28 d) after thawing. Respective nfc was measured at the accordant points
in time, N=3, n=3 (t-test, *p value < 0.05). Data published in Altmaier et al. 2022.

were derived from the hepatocyte-specific reporter hiPSC line BIONIi010-C-64, which contains
a Nanoluciferase gene downstream of CYP3A4, a hepatocyte-specific gene. The Nano-Glo lu-
minescence values were normalised to the respective viable cell number to obtain a relative
CYP3A4 expression. Fig. 27 B shows the relative CYP3A4 expression of nfc, intermediate
frozen HP spheroids, and HLC organoids during the differentiation. The relative CYP3A4 ex-
pression of nfc HP spheroids only varied between 2.4-fold and 2.7-fold at all times. Immediately
after thawing, the HP spheroids showed a similar expression level of 2.6-fold ± 0.14. However,
24 h a.t., the expression significantly decreased by 26% compared to before freezing. At later
recovery times, the expression of the marker increased again to levels similar to those of nfc.
During the recovery at day 14, the HP spheroids differentiated into HLC organoids and showed
comparable CYP3A4 expression to nfc. However, analyses by ATP measurement showed a 43%
reduction in cell viability in HP spheroids at 14 days compared to nfc, but standard deviations
between biological replicates were high (data not shown). The HLC organoids, cryopreserved
at day 21, exhibit similar CYP3A4 expressions before freezing and immediately after thawing.
As with HP spheroids, marker expression was significantly reduced by around 40% at 24 h
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a.t. In contrast to the HP spheroids, the marker expression was still reduced at 3 d and 7 d
a.t. Unlike HP spheroids, which were collected for 14 d a.t. to day 21, HLC organoids were
collected and analysed for only 7 d a.t. to day 28. Longer cultivation after thawing would
not be consistent with the goal of a potentially rapidly available product. In summary, a fast
recovery of CYP3A4 expression from 3 d a.t. with similar levels compared to the nfc was only
observed in HP spheroids. In contrast, HLC organoids recovered 3 d a.t. more slowly and
showed continuously lower expression levels compared to nfc.
To further characterise cryopreserved HP spheroids and HLC organoids, gene and protein ex-
pressions were determined. Hepatocyte-specific gene expression was analysed by RT-qPCR,
including the HP-specific markers HNF4A, AFP and TTR and HLC-specific markers ALB,
CYP2C9 and CYP3A4 (Fig. 28 A and 29 A).

Figure 28: Gene and protein expression of HP spheroids nfc and a.t. (A) RT-qPCR
analyses with HP-specific markers HNF4A, AFP and TTR and HLC-specific markers ALB,
CYP2C9 and CYP3A4. Analyses were performed at 8 d (0 h a.t.), 9 d (24 h a.t.), 11 d (3 d a.t.),
15 d (7 d a.t.) and 21 d (14 d a.t.). Data is shown as fold-change (RQ) normalised to HPRT1
with PHH as a reference. (B) Representative ICC images of nfc and day 8 frozen organoids at
differentiation day 21 with HNF4A, AFP, ALB, A1AT and CK18; scale bar represents 100 µm,
N=3, n=3. Data published in Altmaier et al. 2022.
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Figure 29: Gene and protein expression of HLC organoids nfc and a.t. (A) RT-qPCR
analyses with HP-specific markers HNF4A, AFP and TTR and HLC-specific markers ALB,
CYP2C9 and CYP3A4. Analyses were performed at 21 d (0 h a.t.), 22 d (24 h), 24 d (3 d a.t.),
and 28 d (7 d a.t.). Data is shown as fold-change (RQ) normalised to HPRT1 with PHH as a
reference. (B) Representative ICC images of PHH and day 21 frozen organoids 3 d a.t. with
HNF4A, ALB, A1AT and CYP3A4; scale bar represents 100 µm, N=3, n=3. Data published
in Altmaier et al. 2022.

The HP spheroids after thawing and the respective nfc showed high levels of HP- and HLC-
specific markers during the differentiation from day 8 to 21 (Fig. 28 A). All HP-specific marker
expressions were increased steadily until day 11 for HNF4A and until day 15 for AFP and
TTR. They dropped off with increasing maturation. Increasing levels of HLC-specific markers
were observed at later stages of the differentiation. The highest levels were measured at the
end of differentiation on day 21. These developments in gene expression were observed in
cryopreserved samples after thawing and nfc. However, the expression values of samples after
cryopreservation were consistently lower compared to the controls. Notably, higher expressions
of CYP2C9 and CYP3A4 were detected in the cryopreserved HP spheroids at day 21, albeit
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with a high standard deviation. In the non-frozen HLC organoids, a decrease in HP-specific
and increased HLC-specific marker expression was observed as differentiation progressed (Fig.
29 A). However, HLC organoids frozen on day 21 do not express HP- or HLC-specific markers
24 h a.t. and later in recovery.
The HP spheroids and HLC organoids were further validated by ICC with hepatocyte-specific
markers HNF4A, AFP, ALB, A1AT, CK18 and CYP3A4 (Fig. 28 B and 29 B). Therefore,
HP spheroids were frozen at differentiation day 8 and recovered for 14 days. The protein
expressions were comparatively analysed in these intermediate frozen organoids and non-frozen
HLC organoids at the end of differentiation on day 21 (Fig. 28 B). Except for HNF4A, all
hepatic markers were expressed in both conditions. These expression patterns were comparable
to the staining of PHH (Fig. 29 B). HLC organoids frozen on day 21 showed only low expression
of ALB and A1AT 3 d a.t., and HNF4A and CYP3A4 were not identified (Fig. 29 B).

4.3 Comparative investigations on cryopreservation effects on structural and functional prop-
erties in precursor organoids

Comparative analyses of the morphology of NSC and HP spheroids revealed a reduction in the
spheroid area 24 h a.t. and increased cell debris in the suspension. In addition, the circularity
was decreased and the outer cell layers were irregularly shaped. This indicates a detachment
of peripheral cells between 0 h and 24 h after thawing. The structural integrity of cells in NSC
spheroids was further assessed to investigate these effects after cryopreservation. This included
the comparative analysis of the ultrastructures using SEM and structure protein expressions by
clearing and ICC in peripheral and inner cells of NSC spheroids. In this context, the adhesion
functionality of cell junctions and the effect of potential cell contact-supporting additives on
reducing cell detachment were investigated.

4.3.1 Crystallisation effects on cell structure and adhesion in NSC spheroids

The ultrastructure was examined using SEM to analyse the outer spheroid cell layer. The nfc
showed tightly connected peripheral cells with widely spread cell-cell junctions (Fig. 30). In
contrast, the peripheral cells of slow-rate frozen spheroids exhibited a more circular shape and
a loose structure with fewer cell-cell junctions. In addition, broken cell-cell connections and
the structure of dehydrated or apoptotic cells were observed. However, the cell-cell junctions
started to recover 24 h a.t. These results were detected for small (Fig. 30 A) and large NSC
spheroids (Fig. 30 B). Only the peripheral cells appeared more densely packed and connected
in large spheroids.
Additionally, the expression of the cytoskeleton and adhesion proteins F-actin and N-cadherin
was investigated by ICC. Fig. 31 depicts the F-actin and N-cadherin expression in the outer cell
layer of nfc and NSC spheroids after thawing. For assay control, spheroids were incubated in
CryoStor CS10 for 1 h and 10% DMSO for 24 h to induce apoptosis. Both marker expressions
were decreased in the outer cells 24 h a.t. compared to nfc. The lowest N-cadherin expression
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Figure 30: Characterisation of the peripheral ultrastructure of NSC spheroids nfc
and a.t. Orange arrows mark junction breakages and orange circles highlight examples of
apoptotic cells on the outer layer of (A) small (Ø 300 µm) and (B) large (Ø 600 µm) spheroids.
Magnification was 100x, 1000x and 4500x, N=2, n=3.
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was observed at 6 h a.t. However, during the recovery phase, the N-cadherin expression in-
creased and at 7 d a.t., the expression levels were comparable to cells of nfc with both diameters.
These results were supported by the functional analyses of spheroid fusion after cryopreserva-
tion. Three NSC spheroids were incubated in one ULA well to attach to each other and fuse
(Fig. 32). The fusion of 5 d cultured nfc started after a pooled incubation of 4 h, and after 24 h,
the spheroids were completely merged. This was not detected for spheroids which were pooled
immediately and 24 h after thawing. However, spheroids that were separately recovered for 7 d
a.t. showed similar adhesion properties to nfc after pooled incubation. First agglomeration was
observed after a separate recovery for 48 h a.t. after a pooled incubation of 24 h and after a
separate recovery for 3 d a.t. after a pooled incubation of 4 h.

Figure 31: Characterisation of cytoskeleton and adhesion proteins of NSC spheroids
nfc and a.t. (A) ICC staining of small (Ø 300 µm) spheroids nfc and 24 h a.t. with the
cytoskeleton protein F-actin. For assay control, the spheroids were incubated in 10% DMSO
for 24 h. (B) ICC staining of small and large spheroids with N-cadherin at different cultivation
and recovery times (0 h nfc and 0 h, 6 h, 24 h, 3 d, 7 d a.t.); scale bar represents 50 µm, N=2,
n=3.

To investigate not only the outer cell layers but also the inner cells, the peripheral cell layers
of the NSC spheroids were detached stepwise with Acctuase and the relative viability of the
cells from three separate layers was analysed. The first cell layer was detached after incubation
for 25 min. Fresh Accutase was added, and after 10 min, the second cell layer was detached.
After another 10 min incubation in fresh Accutase, the third cell layer was resuspended. The
cell viability measurements by membrane integrity showed a percentage cell viability of 91%
for the first, 65% for the second and 54% for the third cell layer (Fig. 33 A). However, an exact
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Figure 32: Morphological assessment of fusion properties of NSC spheroids nfc and
a.t. Starting attachment of nfc and NSC spheroid 3 d a.t. to each other after 4 h incubation and
complete fusion after 24 h. No attachment and fusion of spheroids immediately after thawing;
scale bar represents 500 µm, N=3, n=3

depth measurement could not be determined with this method. To analyse the proliferation
status of the inner cell at a precise depth, the spheroids were cleared after ICC staining. The
clearing process chemically homogenised the refractive indices of cells, resulting in transparent
spheroids. The method included steps for dehydration so that the original diameter of about
500 µm of spheroids cultivated for 7 d was reduced to about 200 µm. Thus, a measurement of
a cell layer at a depth of 30 µm mapped cells with an original depth of 75 µm. To analyse inner
cells’ proliferation status before freezing and after cryopreservation, NSC spheroids were stained
with the proliferation marker Ki67, the nucleus marker DAPI and the transmembrane protein
marker N-cadherin. Fig. 33 D depicts representative confocal microscopic images of stained
cell layers in a depth of 10 µm, 30 µm, and 60 µm. The negative antibody control excluded
unspecific antibody bindings. DAPI was excited with UV light, and the emission maximum
was measured at 461 nm. The emission of Ki67 and N-cadherin binding antibodies coupled
with different fluorophores were detected at a wavelength of 671 nm and 525 nm. Light with
higher wavelengths penetrates deeper into the spheroids, whereas the detection of UV light in
deeper cell layers is limited. Thus, detecting DAPI was the limiting factor for the successful
analysis of cleared spheroids. Further improvements in the clearing protocol and a z-adaptation
of the laser intensity could enable the analyses of deeper regions (data not shown). With the
clearing method, DAPI could be reliably detected in all technical and biological replicates until
a depth of 60 µm, which corresponds to the inner region with an original depth of 150 µm.
The staining of N-cadherin served as a positive control for successful staining and as proof
of the NSC status of the spheroids. The expression of Ki67 was decreased with progressing
spheroid depth. To quantify these results, the pixel number of cells with positive Ki67 signal
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was normalised to the pixel number of DAPI-stained nuclei. The relative proliferation of cell
layers was calculated from 0 µm to 60 µm depth in 5 µm steps (Fig. 33 B). The percentage
of proliferating cells was logarithmically decreased from a mean value of 80% (0 µm) to 37%
(60 µm). This indicates more proliferating cells in the outer layers than in the intermediate zone.

Figure 33: Viability and proliferation analysis of inner cell layers of NSC spheroids
nfc and a.t. (A) Cell viability of outer, intermediate and core cell layers measured by cell
membrane integrity. The percentage of proliferating cells in (B) nfc and (C) a.t. was detected
in 5 µm steps between 0 µm and 60 µm depth by ICC image analyses. Representative ICC
images of NSC spheroids in a depth of 10, 30 and 60 µm for (D) nfc and (E) in 50 µm for
24 h a.t. after ICC and clearing, stained with N-cadherin, Ki67 and DAPI marker; scale bar
represents 50 µm, N=2-3, n=3-8
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In comparison, the slow-rate frozen spheroids also showed a logarithmic decrease in proliferation
from the outer to the inner cells. The mean values of proliferating cells decreased from 87% in
the outer layer to about 40% in inner cells (Fig. 33 C). The progression of the percentage of
proliferating cells 24 h a.t. at increasing depth is comparable to nfc, but the standard deviations
in the first three outer cell layers from 5 µm (41 %) to 15 µm (16 %) were high. A striking
aspect of the analyses of cryopreserved spheroids after clearing was the detection of a clearly
defined circular core region in a depth of about 50 µm, with lower N-Cadherin expression than
in the outer cell layers (Fig. 33 E). Ki67 and DAPI marker expressions were also reduced in
this region but still detectable.
In the next step, two additives were analysed that might have a beneficial influence on the
preservation of peripheral cell structures of NSC spheroids after cryopreservation. Therefore,
the effects of the myosin inhibitor (S)-4’-nitro-Blebbistatin (Blebb) and the foam-reducing,
non-ionic surfactant Poloxamer 188 (PO) on the cells were investigated by relative cell viability
(ATP measurement) and caspase-3/7 activity analyses. Blebb was added to NSC spheroids
30 min before slow-rate freezing, and PO was added after thawing and incubated for 24 h.
The relative cell viability and apoptosis of nfc and spheroids after thawing were measured at
different cultivation and recovery times in the CERO 3D bioreactor or ULA plate (Fig. 34
and 35). No significant difference in relative cell viability was observed between the samples
without additive and neither with Blebb (Fig. 35 A) nor with PO (Fig. 34 A and 35 B). In
addition, no significant differences in the relative apoptosis were detected between the treated
and non-treated samples in the CERO 3D bioreactor (Fig. 34 B). Only a 3.3-fold increase of
relative cell apoptosis without PO at 24 a.t. was observed (Fig. 34 B). However, no significance
was detected.

Figure 34: Relative cell viability of NSC spheroids nfc and a.t. with and without
(w/o) treatment of PO, cultured in the CERO 3D bioreactor. Both, the relative (A)
viability and (B) apoptosis values of spheroids with PO and w/o additive at different cultivation
and recovery times were normalised to nfc w/o additive after 5 d of cultivation, N=3, n=3.
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Figure 35: Relative cell viability of NSC spheroids nfc and a.t. after treatment with
Blebb, with PO and without (w/o) additives. The relative viability values of spheroids
w/o and with (A) Blebb or (B) PO at different cultivation and recovery times were normalised
to nfc w/o additive after 5 d of cultivation, N=3, n=3.

4.3.2 Vitrification effects on cell structure and metabolism in NSC spheroids

The previously described structural analyses of NSC spheroids after slow-rate freezing revealed
the detachment of peripheral cells between 0 h and 24 h after thawing. Additional investigations
should clarify whether crystallisation is causative and if vitrification as an alternative cryop-
reservation method could reduce these effects. The structural cell integrity was investigated
in NSC spheroids after warming (a.w.) by analysing the morphology, viability, ultrastructures
and gene expressions.
Two vitrification approaches were comparatively analysed. For the first method, small spheroids
were collected in a cell strainer, which was directly immersed into LN2. For the second approach,
spheroids were collected in a Twist device and were vitrified by pouring the LN2 on the ultra-thin
bottom (see section 3.3.4). Thus, direct cell contact with LN2 was avoided. The morphology
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of spheroids a.w. were similar for both vitrification devices (Fig. 36 A). The outer cell layers’
circularity and shape were preserved, and no cell debris was detected in the suspension. Only
3 d a.w., the peripheral cells of the spheroids, which were vitrified in the cell strainer, showed
an irregular shape. However, the proliferation of 24 h a.w. was increased in both approaches.
These results correspond to the relative cell viability analyses by ATP measurement (Fig. 36
B). After vitrification with both devices, the NSC spheroids showed significantly higher viability
values during the recovery than after slow-rate freezing. Since the viability after vitrification
with a Twist is increased compared to the cell strainer method, the following quality and struc-
tural analyses were carried out with spheroids after vitrification with a Twist. The viability
staining was performed with small and large NSC spheroids during the recovery after Twist
vitrification (Fig. 36 C). Immediately after warming a slight increase of apoptotic peripheral
cells was observed compared to nfc as depicted in Fig. 23 A. Compared to spheroids after slow
freezing (Fig. 23 B), the outer cell layers were more viable after vitrification. The proliferation
progression during the recovery after warming is comparable to that of nfc.

Figure 36: Morphology and viability analysis of vitrified NSC spheroids a.w. (A) Rep-
resentative microscopic images of NSC spheroids a.w., which were vitrified with a cell strainer
or Twist; scale bar represents 200 µm. (B) Relative cell viability of spheroids after vitrification
or slow-rate freezing. (C) Viability staining of small (Ø 300 µm) and large (Ø 600 µm) vitrified
spheroids a.w. at respective points in time during the recovery. Images are z-stacks with a
z-step size of 10 µm and 10 steps; scale bar represents 50 µm, N=3, n=3 (t-test, *p value <
0.05, **p value < 0.01).
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In addition, the gene expression of vitrified spheroids at 24 h a.w. is similar to that of nfc con-
cerning different stress, neural, cell adhesion and pluripotency markers (Fig. 37). In contrast,
spheroids after slow-rate freezing showed significantly higher expressions of CDH1 and OCT3/4
at 24 h a.t. compared to vitrified samples and nfc.

Figure 37: Gene expression of nfc and vitrified NSC spheroids a.w. Expression of
different stress (BAX, HSF1, SOD1 and TP53 ), neural (HES1, NES and PAX6 ), cell adhe-
sion (OCLN and CDH1 ) and pluripotency marker (OCT3/4 ) were analysed by RT-qPCR at
different times in nfc and a.w. GAPDH and HPRT1 served as housekeeping markers. Data is
shown as fold-change (RQ) normalised to the calibrator (nfc after 5 d cultivation), N=3, n=3.

To confirm previous findings of the regular cell morphology, the ultrastructures of NSC spheroids
after vitrification were analysed using SEM. For nfc (small and large spheroids), tightly con-
nected peripheral cells with widely spread cell-cell junctions were observed (Fig. 38). In periph-
eral cells of vitrified spheroids, the cell-cell junctions remained intact, and the cells were strongly
interconnected. However, dehydrated or apoptotic cell structures were observed in a few cells.
These results were detected for small (Fig. 38 A) and large (Fig. 38 B) spheroids. In summary,
the studies on the influence of vitrification on cell structures of NSC spheroids revealed an intact
and regular morphology and high viability after warming. However, only a small number of
about 50-100 spheroids per batch could be preserved with the Twist vitrification device.

4.4 Comparative investigations on the diffusion kinetics of cryoprotective agents in different
3D cell systems

A sufficient supply of cryopreservation media before cryopreservation is essential for ensuring
adequate protection of the biological samples. Particularly in 3D cell models, adequate diffusion
of CPA solutions into inner cells while avoiding cytotoxicity due to prolonged incubation time
in the peripheral cells is critical. However, the diffusion kinetics of different compounds in 3D
cell systems are very diverse due to the different chemical and mechanical properties of the cell
network and the compounds. In the following studies, the diffusion kinetics of DMSO in NSC,

72



Results

Figure 38: Characterisation of the peripheral ultrastructure of nfc and vitrified NSC
spheroids a.w. Orange circles mark dehydrated or apoptotic cells on the outer layer of (A)
small (Ø 300 µm) and (B) large (Ø 600 µm) spheroids. Magnification was 100x, 1000x and
4500x, N=2, n=3.
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HP and HLC 3D cell models were studied using Raman micro-spectroscopy. Based on this, the
perfusion times of DMSO were adapted to shorten the incubation times before cryopreservation.

4.4.1 Diffusion kinetics of DMSO in organoids using Raman micro-spectroscopy

For successful cryopreservation, it is essential to ensure an adequate supply of CPAs throughout
the entire 3D cell system while controlling cytotoxic effects in the outer layers via adapted
incubation times. In the following, incubation times derived from the diffusion rate of DMSO,
as the most frequently used and effective permeable CPA, were evaluated in NSC and HP
spheroids and HLC organoids by bioorthogonal Raman micro-spectroscopy (Altmaier et al.
2024). In particular, deuterated dimethyl sulfoxide (DMSO-d6) penetration was analysed in
spheroids with different diameters and cultivation times. Due to the bioorthogonal exchange
of the hydrogen against the deuterium, the vibration bands of DMSO-d6 were detectable in a
spectral range with less interference (Fig. 39 A). The spectral bands of DMSO-d6, which were
detected in the spheroid centre, were quantified by integration (Fig. 39 B). First, each spectrum
i(∆v) was background-corrected by subtracting a baseline b(∆v) that was generated by 7-point
B-spline interpolation in the spectral area. The Raman band integral was calculated from the
highlighted spectrum range v0 = 2124 to v1 = 2233 cm1 (Fig. 39 B).

A(t) =

∫ v1

v0
[i(∆v)− b(∆v)]d∆v (2)

The integral of Raman band A(t) was assumed to be proportional to the DMSO-d6 concentra-
tion in the spheroid centre c(0, t). Based on this, a fit equation was derived, which is based
on the model of uniform diffusion of a compound from an infinite source into a sphere (Crank
2009). The general differential diffusion equation is solved for the specified geometry, resulting
in a Laplace series expansion. The series of this fit function is aborted at n=8. Higher elements
primarily influence the initial phase of the sigmoidal function. No data was recorded in this
phase, as the measurement had to be started with a delay of t0 = 20-30 s.

c(0, t)

c0
=
A(t)

A0
= 1 + 2

8∑
n=1

(−1)nexp[−Dn2π
2

a2
(t− t0)] (3)

Fig. 39 C shows a sigmoidal increase of the integrated spectral bands of DMSO-d6 for all
spheroid diameters and ages. The fit curve for each graph is shown in red. In small spheroids
after a cultivation time of 3 d, the early part of the sigmoidal curve shape is often invisible
due to a fast influx of DMSO-d6 during the setup time t0. For larger spheroids after 7 d and
14 d of cultivation, the slope of the first parts is decreased as the penetration of DMSO-d6 into
the spheroid centre takes more time. External effects, such as sample drift or convection of the
medium, affected some of the data. However, plausible fits with unaffected data in the first
part were fitted to obtain diffusion parameters and were included in the analysis (Fig. 39 D).
If a plausible model fit was not possible, the data was discarded from the study (11 out of 94
runs in total).
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Based on these analyses, first, the diffusion coefficient D [µm2s−1] as a tissue-specific parameter
was determined. For this purpose, it was assumed that the spheroids were perfectly spherical,
and the mean radii a were determined based on microscopic images. Second, the perfusion time
of DMSO-d6, as a spheroid-specific parameter, was calculated. The diffusion time was defined
as the time the relative concentration c/c0 = A/A0 at the spheroid centre reaches 90% (t90%)
[s]. In this late stage of the process, the sigmoidal curve is primarily influenced by the first term
(n=1) of the Laplace expansion:

t90% = − a2

Dπ2
· ln1

2
(1− A

A0
) =

ln20

D
· a

2

π2
(4)

The diffusion coefficient D was calculated for each spheroid and was plotted against the diame-
ters (Fig. 39 E). The data indicate that diffusion constants vary depending on the diameter of
the samples. Up to an NSC spheroid diameter of 500-600 µm, constant diffusion coefficients in
order of D = 88.8 ± 14.4 µm2s−1 were calculated. NSC spheroids with diameters of 800 µm ex-
hibited diffusion coefficients of about D = 178.6 ± 38.5 µm2s−1. With increasing diameter and
age, D was further increased up to about D = 206.6 ± 52.6 µm2s−1 with a positive curvature in
spheroids with an initial cell number of 2,500 cells (circles). At the same time, a reduced D of
154.6 ± 6.6 µm2s−1 with a negative curvature was observed in NSC spheroids with diameters
above 800 µm and an initial cell number of 12,000 (boxes). HP spheroids and HLC organoids
showed a similar trend with increased diffusion coefficients at higher diameters. HP spheroids
with a mean diameter of 389 µm had a D = 48.8 ± 6.4 µm2s−1 and HLC organoids with a
mean diameter of 606 µm showed a D = 130.5 ± 11.1 µm2s−1 (triangles). The adaptation
of respective D values to spheroid and organoid diameters resulted in a linear increase of the
perfusion times t90% with diameter. Thus, the DMSO perfusion is not quadratically dependent
on the spheroids’ diameter, which was expected with a constant D. The perfusion times range
from about t90% = 1 min for the radii of a = 125 µm to t90% = 8 min for a = 500 µm. Cor-
responding perfusion times of the respective cell model, the diameter and the cultivation time
can be taken from Fig. 39 F.
Supplementary to these results, two-photon excitation microscopy was performed to visualise
diffusion routes and mechanisms qualitatively. Fig. 40 depicts the fluorescence staining of
spheroids with fluorescein, rhodamine B and Hoechst 33342. Negatively charged, non-permeable
fluorescein was detected along intercellular pathways within the extracellular space. Positively
charged, membrane-permeable rhodamine B was observed extra- and intracellularly except
within the nuclei. The nuclei of the peripheral cell layer were stained with membrane-permeable
Hoechst 33342.

4.4.2 Cryo-induced metabolic and adhesion effects with adapted CPA incubation

Before testing the effects of derived DMSO-d6 perfusion times using Raman micro-spectroscopy,
the cryoprotective properties of DMSO-d6 compared to DMSO were evaluated. Large NSC
spheroids were incubated in 10% DMSO, 10% DMSO-d6 or 10% DMSO/DMSO-d6 1:1 mix-
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Figure 39: Bioorthogonal Raman micro-spectroscopy to analyse DMSO-d6 perfusion
in organoids. (A) Representative background-corrected Raman spectrum of an NSC spheroid centre
with vibration band assignments. (B) A relevant section of an early (t = 0 s) and late Raman spectrum
(t = 600 s) after DMSO-d6 incubation. Band integral was calculated from the highlighted section after
background correction. (C) Representative DMSO-d6 perfusion courses for spheroids with different
initial cell numbers and ages. Each data point A(t) was obtained by integrating a section of the Raman
spectrum as described by Eq. 2. The red fit curve was calculated according to Eq. 3. (D) Representative
interfered data sets with partial fits. (E) Plot of diffusion coefficient D [µm2s−1] and (F) perfusion times
t90% [s] against the spheroid diameter d [µm]. Circles represent data of spheroids with an initial NSC
number of 2,500 cells and boxes of 12,000 cells. Triangles represent HP spheroids and HLC organoids.
Cultivation days are given within the symbol, N=3, n=4-6. Data published in Altmaier et al. 2024.
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Figure 40: Two representative multichannel images of NSC spheroids acquired by
two-photon excitation microscopy. Fluorescein highlights extracellular interspaces, while
Hoechst 33342 and rhodamine B indicate intracellular structures. Images were recorded at a
depth of 50 µm; scale bar represents 100 µm, N=3, n=3. Data published in Altmaier et al.
2024.

ture for 5 min before slow-rate freezing. The samples incubated in NSC medium served as a
negative control. Fig. 41 A shows the relative cell viability of spheroids during the recovery.
A significant increase in viability was observed in all samples treated with DMSO 24 h, 3 d
and 7 d a.t. compared to the medium control without DMSO. However, no significant differ-
ence was found between the samples pre-incubated with DMSO, DMSO-d6 and the mix. The
analysis of adhesion functionality of three spheroids 7 d a.t. also showed successful fusion after
DMSO-d6 pre-treatment. In comparison, spheroids only incubated in NSC medium before cry-
opreservation did not show adhesion properties (Fig. 41 B). These results showed no significant
differences in the cryoprotective properties of DMSO-d6 and DMSO.
In the next step, based on the calculated DMSO-d6 diffusion kinetic derived from Raman
micro-spectroscopy data, optimal incubation times for NSC spheroids with different volumes
were determined to ensure a 90% diffusion of 10% DMSO in the spheroid core before cryop-
reservation. The incubation times (t90%) should be as short as possible but as long as necessary
to ensure sufficient supply while reducing DMSO-induced cytotoxic effects in the peripheral
cells. Different NSC spheroids were incubated with 10% DMSO for 0 min, their respective t50%
and t90% times and 15 min before cryopreservation. The 0 min and 15 min incubated samples
served as controls, in which an insufficient or an excessive supply of DMSO was assumed. For
small spheroids, the t90% was detected at 4:18 min and the t50% at 55 s. These values were
increased in medium and large spheroids to t90% of 5 min and 5:41 min and t50% of 1:10 min
and 1:25 min. Fig. 42 A shows the relative cell viability of NSC spheroids after thawing, which
were incubated in 10% DMSO for different times at 4 °C before slow-rate freezing. No signifi-
cant differences were observed between the pre-incubation times for all spheroids after thawing
and at all recovery times. In addition, the viability staining of a medium spheroid at 18 h
a.t. did not show any difference between all adapted DMSO incubation times before slow-rate
freezing (Fig. 42 B). The perfusion times were previously determined at room temperature
using Raman micro-spectroscopy, so the corresponding pre-incubation times were also tested
at 20 °C. However, after increasing the incubation temperature from 4 °C to 20 °C, the relative
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Figure 41: Relative cell viability and fusion properties of NSC spheroids incubated in
DMSO and DMSO-d6 before slow-rate freezing. (A) Relative cell viability of spheroids
during the recovery, incubated for 5 min in NSC medium, 10% DMSO, 10% DMSO-d6 or 10%
DMSO/DMSO-d6 mixture before slow-rate freezing. (B) 24 h fusion of spheroids 7 d a.t.,
incubated for 5 min in DMSO variants before slow-rate freezing; scale bar represents 500 µm,
N=3, n=3 (t-test, ns: not significant, *p value < 0.05, **p value < 0.01, ***p value < 0.001).

viability of the cells in the medium NSC spheroids was reduced by about 50% for each condition
(Fig. 42 C). No significant changes between the conditions were recorded. Additionally, the
pre-treatment with 0.15 M sucrose for 1 or 24 h before 5 min DMSO incubation in medium
spheroids did not affect the relative cell viability compared to non-treated spheroids (Fig. 42
D). After pre-treatment with 0.3 M sucrose, the relative cell viability decreased (Fig. 42 D).
In the next step, NSC spheroids were also cryopreserved by vitrification after DMSO incubation
with the derived times t90% and t50%. In this experimental setup, spheroids were incubated in
VS1 (10% DMSO and 10% EG) for their corresponding t90% and t50%. Then, the samples were
incubated in VS2 (20% DMSO, 20% EG and 30% 1 M sucrose) for 20 sec, and vitrification
was performed. The relative cell viability was significantly increased at 0 h and 24 h a.t. in
all spheroids which were incubated with VS1 for their t90% compared to t50% (Fig. 43). In
medium spheroids, a significant change in the relative viability of the cells was still observed
3 d a.t. These results indicate that the cell viability was significantly increased with the Raman
micro-spectroscopy-derived DMSO incubation time t90%.
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Figure 42: Viability analyses of NSC spheroids a.t., incubated in 10% DMSO for
different times before slow-rate freezing. (A) Relative cell viability of small (Ø 300 µm),
medium (Ø 450 µm) and large spheroids (Ø 600 µm) after DMSO incubation at 4 °C for 0 min,
corresponding t50% and t90% times and 15 min before slow-rate freezing. (B) Viability staining
of medium spheroids at 18 h a.t., treated with different DMSO incubation times; scale bar
represents 150 µm. (C) Relative cell viability of medium spheroids after DMSO treatments at
20 °C and (D) after pre-treatment with 0.15 M and 0.3 M sucrose and 5 min DMSO incubation
at 4 °C before slow-rate freezing, N=3, n=3 (t-test, *p value < 0.05, **p value < 0.01, ***p
value < 0.001).
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Figure 43: Viability analyses of NSC spheroids a.w., which were incubated in 10%
DMSO for different times before vitrification. (A) Small (Ø 300 µm), (B) medium
(Ø 450 µm) and (C) large (Ø 600 µm) NSC spheroid were incubated with 10% DMSO for
respective t50% and t90% incubation times, N=3, n=3 (t-test, *p value < 0.05, ***p value <
0.001).
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5 Discussion

The application potential of 3D cell models has significantly increased in the last decade
(Jensen and Teng 2020, Silva-Pedrosa et al. 2023). Hence, the establishment of next-generation,
function-maintaining, living biobanking of 3D cell systems would be groundbreaking for various
biomedical research fields (Xie et al. 2023, Rogulska et al. 2023). A robust and standardised
stock-keeping by cryopreservation would ensure a constant supply of complex 3D cell systems
while facilitating the timing of long-term differentiation and maturation steps when the sam-
ples are needed. This thesis focuses on the understanding of cryo-related mechanisms to bridge
a gap between the cryopreservation of 2D and 3D cell models and advance next-generation
biobanking. The workflow to improve and accelerate the applications of ready-to-use 3D cell
models by biobanking is summarised in Fig. 44. This process can be divided into five steps:

1. Extraction and cultivation of specific samples, such as cells extracted from primary tissues
or stem cells (e.g. ESCs or hiPSCs).

2. Generation and cultivation of 3D cell models using a static or dynamic approach, depend-
ing on the requirements of the application.

3. Model-specific quality and functionality controls to ensure cell type specificity.

4. Cryopreservation and biobanking of 3D cell models to enable stock-keeping.

5. Warming and subsequent model-specific application of ready-to-use 3D cell systems in
respective research fields.

The first three steps can be summarised as essential work to define the model system required
for specific downstream applications before biobanking. In the first step, the cell source of
the respective model has to be selected, extracted if necessary and cultivated. In this work,
hiPSCs were selected as cell source with the potential to mimic human organ-like structures
and physiology after differentiation and maturation. Following cell expansion, spheroids and
organoids were generated by 3D cell culture. Depending on the requirements for homogeneity,
reproducibility and throughput, different static or dynamic approaches were used (see section
4.1.3). Within the scope of this work, the protocols for 3D cell culture and characteristic quality
controls of NSCs, HPs and HLCs were improved. The following step four is the cryopreservation
and long-term storage of 3D cell models. The evaluation of samples after cryopreservation and
warming with characteristic quality and functionality controls is an essential part of step five.
In the following sections, the factors affecting the cryo injury effects in specific 3D cell systems
are discussed in detail. In particular, the focus is on the influence of the volumes and matu-
ration of the organoids, the cryopreservation regime and the diffusion kinetics of CPAs on the
structural and functional integrity after cryopreservation. These studies provide new insights
into the evaluation of 3D cell models after cryopreservation to enable various biomedical and
pharmaceutical research and diagnostic applications.
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Figure 44: Workflow to enable a constant supply of complex 3D cell models for
biomedical and pharmaceutical research and diagnostics using living biobanking.
The process can be divided into 3D cell model generation before cryopreservation, long-term
storage after cryopreservation and model-specific applications after thawing. Created with
biorender.

Different volumes of uniform precursor organoids influence the recovery after cry-
opreservation

Cryobiology aims to establish readily available and adaptable cryopreservation protocols for dif-
ferent cell models, including 2D and 3D cell systems, depending on characteristic model-specific
factors. Influencing factors are cell type-specific, such as cell volumes, structural and membrane
integrity or maturation stage. However, the influences of these factors on cryo mechanisms have
hardly been considered in research to date. Thus, in the following discussion, the aspects of
cell-model specificity on cryo effects were studied on 3D cell systems.

The first part of the discussion focuses on the influence of different diameters of uniform, single-
cell-typed precursor organoids on cryo injury effects after cryopreservation. In a spherical 3D cell
structure, like the NSC or HP spheroids, the diameters are directly correlated to the spheroid
volume, affecting the thermal and mass transfer throughout the cell system. The radial dis-
tance from inner to peripheral cells is bigger in larger spheroids than in smaller spheroids. In
theory, based on the calculation of the volume of the spheroid (V = 4

3 · π · r3), the volume
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increases by the power of three when the radial distance (= radius) of the spheroids increases.
Consequently, an exponential rise in spheroid volume due to cell proliferation theoretically leads
to a proportional increase in the perfusion time of CPAs and increases the thermal gradient
during freezing and thawing. This restricts the application of appropriate cooling and thaw-
ing rates and limits the CPA diffusion, both essential for an optimal cryopreservation result.
The postulation is that the ice crystallisation becomes more challenging to balance by using
standard cooling and thawing rates and conventional CPA concentration and perfusion times
in larger spheroids. This implies the initial hypothesis that the spheroid volume significantly
impacts cryo injury effects. However, since the generation and maturation of 3D cell models
are constantly evolving to imitate more complex organ-like structures, the cell systems con-
tinue growing. Thus, investigations on the cryopreservation of spheroids with different volumes
are becoming increasingly important. In addition, larger spheroids would maximise the cell
throughput to achieve a higher quantity of functional cells depending on the applications, like
for cell therapy in regenerative medicine (Rossi et al. 2018). Furthermore, with the long-term
goal of enabling the preservation of whole or partial organs with adapted cryopreservation proto-
cols to different volumes, associated cryo injury effects must be researched. One of the essential
areas of research in this context is reproductive biology. To ensure adequate CPA penetration
and reduce the thermal gradient, most publications about cryopreservation of ovarian tissue
describe the use of cut tissue slices of 1-10 mm2 with a maximum thickness of 2 mm (Diaz et al.
2022). Although larger tissue pieces would facilitate cutting and handling, cryopreserved tissue
fragments larger than 2 mm that were slowly frozen according to the protocol of Lucci et al. 2004
showed abnormal follicular morphology (Ferreira et al. 2010). This is an exclusion criterion for
the transplantation of these samples. The application aims to restore fertility by maintaining
the functionality of the ovaries in the tissue and not necessarily the exact intercellular integrity
(Agca 2000). According to Gellert et al. 2018, the endocrine function of cryopreserved ovarian
tissue has been restored in 95% of women in 21 countries after different cryopreservation and
transplantation methods. However, studies of the ultrastructure of ovarian tissue slices have
shown that, depending on the cryopreservation protocol, changes in the cell structure can occur,
e.g. shrinkage and detachment of oocytes, although functionality can be restored (El Cury-Silva
et al. 2021, Mahmoudi Asl et al. 2021). In comparison, the diameters of successfully cryopre-
served spheroids or organoids only range between 30 to 200 µm (Han et al. 2017, Beaumont
et al. 2021, B. E. Lee et al. 2022). This may be explained by the limited preservation of the
multicellular integrity with characteristic cell-cell interactions, which is often essential for main-
taining the typical metabolism and functionality of many spheroids and organoids. Due to the
increasing importance of 3D cell models, the number of studies focusing on the cryopreservation
of spheroids and organoids has increased in recent years (Rogulska et al. 2023). Regarding the
analysis of the influence of spheroid volumes on recovery after cryopreservation, only Jeong
et al. 2020 investigated mesenchymal stem cell spheroids of various diameters (200-900 µm)
after cryopreservation. Their analyses focus on the viability assessments post-thawing without
emphasising the spheroid volumes.
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In this thesis, it is hypothesised that spheroids of varying volumes contain distinct cell layers
from the periphery to the centre, each with unique diffusion properties that influence cryop-
reservation. Thus, structural and metabolic analyses were carried out to investigate cryo injury
mechanisms in uniform NSC spheroids with three different diameters (300 µm, 450 µm and
600 µm). Firstly, the effects of different spheroid volumes on the diffusion characteristics of
the distinct cell layers were investigated. Therefore, the spheroids were generated with varying
cell numbers at the same cultivation time based on the linear relationship between spheroid
volume and cell number (Schmitz et al. 2017). Different cultivation times to generate different
spheroid volumes by cell proliferation were avoided to ensure comparability between the samples
in terms of the maturation of cell junctions and cell density. To ensure the reproducibility of the
diameters, which was confirmed by high coefficient of determination (R2) values, the spheroids
were generated in ULA plates (Fig. 11) (D. Liu et al. 2021, Wanigasekara et al. 2023). During
the spheroid cultivation, a convergence of mean diameters from small spheroids to medium and
large spheroids was observed, indicating an increased proliferation rate in spheroids with lower
seeding cell numbers over time. The proliferation rate of small spheroids, which is defined as
the increase of spheroid volume over time, increased exponentially, while the medium spheroids
showed a linear and the large spheroids a more logarithmic diameter growth (Fig. 11 C). This is
due to the maximum growth of spheroids, which is reached when the inner cells can no longer be
supplied by radial diffusion and proliferation is slowed down. These results are consistent with
those of Costa et al. 2016 or Rossi et al. 2018. Generally, avascular spheroids above a certain
diameter consist of viable cell layers and a necrotic zone at a certain depth (Costa et al. 2016).
The thickness of the viable cell layers depends on the diffusion coefficient and the cell network
consumption of small molecules such as oxygen and glucose. Basically, the properties of these
small molecules, such as size, charge and mass, are decisive for their diffusion kinetics in cells
(Sokoloff 1977). The kinetics are further influenced by the temperature and cell type character-
istics, such as the membrane permeability, the density of cells or specific cellular structures, like
the number of tight junctions which serve as a physical barrier against intercellular diffusion of
molecules (McMurtrey 2016, Saito et al. 2023). In general, the diffusion of molecules in tissues,
such as cartilage, has been published to be about 40% of that found in solutions (McMurtrey
2016). The diffusion coefficients of various small molecules in tissues are typically around 10−9

to 10−10 m2/s. Values of smaller molecules like oxygen are closer to 10−9 m2/s and larger
molecules like glucose are closer to 10−10 m2/s. The consumption of oxygen in human brain
tissue is about 0.035 oxygen use per gram (ml/g.min), and the consumption of glucose is 0.31
glucose use per gram (µmol/g.min) (Herculano-Houzel 2011). These values are very variable
in different tissues. However, the cellular network characteristics of human brain tissue are
closest to those of NSC spheroids. Assuming maximum oxygen and glucose consumption values
and a diffusion coefficient at the lower range, the thickness of viable neuronal cell layers is
only about 250 µm (McMurtrey 2016). With an average metabolic activity and diffusivity, the
thickness of viable tissue is estimated at a maximum of 1.4 mm (McMurtrey 2016). Dynamic
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cultivation approaches can improve these dimensions (Volkmer et al. 2008). However, cell via-
bility decreases exponentially with increasing distance to the spheroid surface and proliferation
is reduced in still viable but quiescent zones. Glicklis et al. 2004 reported oxygen limitation
in hepatic spheroids above a radial depth of 100 µm, resulting in an exponential increase in
cell death. This indicates the significant variability in the thickness of viable cell layers, which
depends on metabolic activity and nutrient diffusion correlated to the cell types, tissue shape
and temperature. In addition, the growth of spheroids or tissues also induces the accumula-
tion of by-products of cellular respiration during ATP formation, such as CO2. The limited
diffusion and removal of cellular waste products and the increase of CO2 concentration lead to
decreased pH that impairs cell metabolism (Busa 1986). Besides the radial diffusion of extra-
cellular molecules, the growth kinetic of avascular spheroids is also restricted by internal waste
agglomeration. So far, the thickness of the viable cell layers of NSC and HP spheroids can only
be estimated by the nutrient diffusion and consumption analyses in human brain tissue and
hepatic spheroids (Glicklis et al. 2004, McMurtrey 2016). Based on these reports, it can be as-
sumed that these single-cell-type, spherical precursor organoids with a diameter of 300-600 µm
consist of outer proliferating, viable cell layers of 100-250 µm before cells start to quiescent
and undergo diffusion-induced necrosis. Thus, in small spheroids with a diameter of 300 µm,
there should be fewer necrotic cells, whereas in medium (Ø 450 µm) and large (Ø 600 µm)
spheroids, there is probably a necrotic core with a diameter of about 50 µm up to 300 µm.
The proliferation analyses of inner NSCs in spheroids support this estimation (Fig. 33). The
percentage of proliferating cells decreases with the depth of the cell layer. However, the necrotic
status of the core cells could not be identified due to the limitations of the clearing technique.
The integration of microsensors into avascular spheroids would be advantageous to determine
the model-specific oxygen and glucose consumption (Dornhof et al. 2022, Rousset et al. 2022).
Microsensors could also measure osmotic-induced tension on the plasma membranes or the pH
shift in undersupplied cells (Charras and Yap 2018, Rizzo et al. 2022). This approach would
help to accurately predict the thickness of the viable cell layer in different avascular 3D cell
models. According to the current assumptions, the thickness of the viable, proliferating cell
layers remains the same in different spheroid diameters, but the volume of viable cells increases
by the power of three with radial spheroid growth. The quiescent zone and necrotic core grow
to a maximum, depending on the avascular growth kinetics. Schmitz et al. 2017 also postu-
lated that the diameter of the necrotic core region is not proportional to the diameter of the
spheroid. The peripheral viable cell layers are relatively thinner in larger spheroids but have a
larger volume than in small or medium spheroids.

In the next step, the impact of the different thicknesses and diffusion characteristics in the
distinct cell layers on cryo injury effects were analysed comparatively with precursor organoids
of different diameters. After cryopreservation, a decrease in all spheroid diameters and cor-
responding volumes was observed during the recovery compared to the nfc at the respective
cultivation times (Fig. 19 A). Most mammalian cells can lose about 50% of their intracellular
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water before severe dehydration damages occur (Meryman 1970, Clegg et al. 1982). According
to the measurements of individual NSCs in suspension, the NSCs have a mean diameter of
13 µm ± 1 µm. Assuming that a 50% water efflux also causes a volume decrease of 50%, the
diameter of the cells would shrink to approx. 6 µm. Additionally, interconnected, flat cells
have even smaller radial diameters than spherical-shaped single cells. Thus, only osmotically-
induced shrinkage of single cells in the surface layer cannot explain the observed loss of spheroid
diameters in a range of about 60 µm. The spheroid volume decrease is more likely due to the
delayed proliferation by cryopreservation and the complete detachment of the peripheral cells
between 24 h and 3 d a.t. The suppression of proliferation after cryopreservation has already
been shown in granulosa cells of ovarian tissue by the reduction of specific cyclin expression
levels. This could be related to the delayed follicle development in cryopreserved ovarian tissue
(Choi et al. 2008). In other cell types, such as mononuclear blood cells, a 48 h delay in prolifer-
ation was also observed after cryopreservation, causing a change in cytokine levels (Kvarnström
et al. 2004, Jeurink et al. 2008). In the precursor organoids studied here, this effect is further
enhanced by the additional detachment of the peripheral cells. Thus, the proliferation-induced
increase in spheroid volume in medium and large spheroids only begins after 3 d of recovery.
In small spheroids, the proliferation rate is higher, and there is no growth-inhibiting necrotic
core. Thus, the spheroid volume increases between 24 h and 3 d a.t. (Fig. 19).
The results were confirmed by analysing the proliferation of peripheral and inner NSCs in
spheroids after thawing (Fig. 33 C). The percentage of proliferating cells after 24 h in the outer
cell layers was similar to that of nfc, but the volumes of the spheroids were smaller (Fig. 33
E). This indicates that the peripheral cell layers detached after 24 h, and the new outer cells
showed a high proliferation rate, which explains the increase in volume between 24 h and 3 d
a.t. The viability staining revealed that the detaching, apoptotic cell layers had a diameter
of 37 µm ± 2 µm in small, 36 µm ± 4 µm in medium and 35 µm ± 4 µm in large spheroids
(Fig. 17, Fig. 23). Although the spheroids were generated with different diameters, the de-
tached surface cell layers had approx. the same diameter. Assuming that contiguous NSCs
in a spheroid are less spherical than in suspension with a mean diameter of 13 µm ± 1 µm,
about three cell layers will probably detach in each case. Hence, the initial hypothesis that the
spheroid volume significantly impacts cryo injury effects based on limited CPA diffusion and
increased thermal gradients was not confirmed for avascular, spherical precursor organoids up
to a diameter of 600 µm. Both small and large spheroids showed similar cryo-damaging effects,
such as the detachment of the peripheral cell layer with similar thickness and comparable pro-
liferation recovery trends. This indicates that the percentage ratio of the volume of viable cells
before freezing (V1) to the volume of apoptotic, peripheral cells (Vcryo) is increased in smaller
spheroids. Thus, the percentage of viable cell loss is not proportional to the spheroid diameters
or volumes. The relative cell loss is higher in smaller spheroids and increases logarithmically
with increasing volume (Fig. 45). Only considering the loss of cell volume of the three outer cell
layers, small spheroids lose 45% of their cell volume, whereas medium and large spheroids are
decreased by 40% and 31%. However, the proliferation of the inner viable cells compensates for
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the loss of volume, and the maximum spheroid volume can be reached with a delay of about 2 d
in small and 3 d in medium and large spheroids. The analyses of the relative cell viability over
recovery time confirm the previously described conclusions (Fig. 20 and Fig. 21). The viability
was significantly reduced after thawing compared to nfc. This was also shown by the lower ratio
of viable and apoptotic cells in small spheroids 24 h a.t. compared to large spheroids (Fig. 23
C). Nevertheless, a delayed, similar increase between 3 d and 7 d was detected in all spheroid
diameters (Fig. 20 and 21). In addition, the CDH1 expression was significantly up-regulated
24 h a.t. (Fig. 24). This gene encodes for Cadherin-1, a cell-cell adhesion glycoprotein that
acts as a transmembrane protein in adherens junctions. This leads to the assumption that the
adherens junctions started to recover after cell detachment and new cell-cell connections are
formed.

In summary, the static recovery of cell proliferation and viability in ULA plates after slow
freezing of precursor organoids was achieved by cooling rates of -1 °C/min and by adding cry-
opreservation media with 10% DMSO. However, the proliferation was delayed, and peripheral
cells were detached in each condition. The cryo injury effects were similar in different spheroid
volumes, but in principle, the volume of spheroids is an important parameter that must be con-
sidered for the subsequent application before cryopreservation. The cryopreservation of large
spheroids is suitable if the subsequent application requires a large quantity of viable, functional
cells, such as for cell therapies following spheroid dissociation (Rossi et al. 2018), or for the
production of desired molecules like insulin (Dayem et al. 2019). In contrast, the preservation
of small spheroids is more suitable when high proliferation rates are required after thawing, like
for differentiation protocols. However, these conclusions were only drawn for avascular, spher-
ical spheroids with homogeneous cell densities and radial diffusion and heat transfer. Schmitz
et al. 2017 postulated heterogeneous cell densities ranging from 5·105 to 1·106/mm3 in the
outer cell layer of breast carcinoma spheroids. This can lead to inhomogeneous CPA penetra-
tion and non-uniform thermal transfer, which can impair cryopreservation in denser regions of
the spheroid. Hence, in addition to the effects of different spheroid diameters, the influence of
other crucial factors on the mechanisms of cryo injury, such as heterogeneous cell densities and
asymmetric shapes of 3D cell systems must be investigated further in the future.

Static and dynamic cell culture influence the recovery of precursor organoids after
cryopreservation

Regarding the proliferation of spheroids generated and recovered in the CERO 3D bioreactor,
a volume reduction of about 20·106 µm3 corresponding to a diameter reduction of about 60 µm
was detected 24 h a.t. (Fig. 18 and 19 B). Also, in this setup, a cell layer of approx. 30 µm was
detached after thawing. This confirms the hypothesis that a cell layer of the same thickness
undergoes apoptosis and detaches, regardless of the spheroid diameter and the type of genera-
tion or recovery. After 48 h, the spheroid volumes increase linearly until the growth slows down
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Figure 45: Percentage volume decrease of spheroids with different diameters due to
the detachment of peripheral cells in the proliferating zone after cryopreservation
(Vcryo). The percentage volumes of detached, peripheral cell layers in all spheroids are shown
in red, indicating a percentage higher cell loss in smaller spheroids. The remaining percentage
volumes of spheroids 24 h after thawing are indicated in green and the percentage volumes of
spheroids 7 d after thawing and the respective nfc are shown in black.

with a logarithmic progression 6 d a.t. However, compared to nfc, no significant differences in
the relative volumes were detected (Fig. 19 C). These differences compared to static recovery
in ULA plates can be explained by the improved perfusion of nutrients and oxygen through
the bioreactor system (Malda et al. 2007, Volkmer et al. 2008). Additionally, spheroids collide
with each other during the dynamic rotation of the bioreactor, which enables a faster detach-
ment of the apoptotic cell layers after thawing and thus a quicker supply of inner cells and
higher proliferation rates (Martin et al. 2004, Zhao et al. 2016). The results of the relative cell
viability analyses support this fact (Fig. 22). Already 3 d a.t., the viability was 1.8-fold (viabil-
ity by ATP measurement) and 2.2-fold (viability by membrane integrity) higher than in the nfc.

In addition to the improvements in dynamic 3D cultivation methods, the influence of cryop-
reservation formats must also be considered in this context. Spheroids cultivated in the CERO
3D bioreactor were cryopreserved in cryovials, which are specifically designed for the cryop-
reservation of cells, while spheroids from ULA plates were cryopreserved in the same plates.
The polystyrene of the ULA plate is thicker than the polypropylene of cryovials, and the wells
are separated by air. This impairs the heat-conducting properties so that the cooling or heating
rates generated by the freezer or incubator are not transferred fast and homogeneously to the
samples (Meneghel et al. 2020). This inhomogeneous thermal profile across the plate can lead
to different recoveries between the samples and experiments. So far, no optimised container
or device for the cryopreservation of spheroids or organoids exists. However, the demand for
assay-ready cryopreserved plates with single spheroids per well is increasing (TerWee et al.
2011, Tomás et al. 2022). Therefore, these comparative studies on different cryopreservation
containers and static and dynamic 3D cell cultures for recovery are essential for developing
application-oriented formats for the cryopreservation of 3D cell systems.
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In summary, NSC spheroids, generated and recovered in the CERO 3D bioreactor, also showed
a detachment of the outer cell layers but no significant differences in relative volumes and via-
bility in nfc and after thawing, indicating higher proliferation rates during dynamic than static
recovery.

Pro-apoptotic stress factors influence precursor organoids after cryopreservation

To improve the recovery of cell viability, further investigations on apoptosis-suppressing addi-
tives were carried out. Apoptosis is referred to as programmed cell death by an extrinsic or
intrinsic trigger of caspases. The induction of this complex biochemical pathway inactivates cell
survival and activates cell death (D’Arcy 2019). A network of many cryopreservation-related
osmotic and cold stress factors is assumed to trigger apoptosis in mammalian cells by acti-
vating the caspase-8 and caspase-9 pathways. This includes the formation of reactive oxygen
species (ROS), the activation of the ROCK pathway, F-actin rearrangements and the activa-
tion of TP53 by DNA stimulation (Xu et al. 2010, Vining et al. 2021). However, the complete
mechanism of apoptosis induction by cryopreservation is still unclear. It has been shown that
the presence of ROCK inhibitors suppresses the activity of caspase-8 and caspase-9, leading to
an inhibition of apoptosis and higher recovery (Bishop and Hall 2000, Etienne-Manneville and
Hall 2002). The ROCK inhibitors Y-27632 and Chroman 1 are known as potent additives to
regulate ROCK pathways, including proliferation, migration, and apoptosis through control of
the actin cytoskeleton. The use of ROCK inhibitors leads to a decrease of stress fibres and
facilitated interactions of mysion with F-acting, causing an enhanced actomysion contraction
and an increase of focal adhesion (Liao et al. 2007). X. Li et al. 2008, Claassen et al. 2009
and others showed an improved recovery of cryopreserved hESCs and hiPSCs using ROCK
inhibitors, as they promote the formation of focal contacts. These positive effects were also
observed in 2D NSC culture (Rungsiwiwut et al. 2013). However, in this work, the application
of ROCK inhibitors did not improve the cell viability of cryopreserved NSC spheroids after
thawing (Fig. 25). This leads to the conclusion that the activation of ROCK pathways plays
a minor role in the cryopreservation of NSC spheroids compared to other cryo-induced factors.
ROCK inhibition could not stop the induction of apoptosis and detachment of peripheral cells
after thawing.
Furthermore, the activation of other cryo stress factors was investigated using RT-qPCR (Fig.
24). Even though apoptosis was shown in peripheral cells, both apoptosis regulator genes BAX
and TP53 were not significantly higher expressed after cryopreservation. Similarly, there was no
up-regulation of the stress marker HSF1, which regulates the heat shock response, and SOD1,
which controls the cellular response to ROS. This leads to the initial assumption that typical
cryo-induced stress factors, such as apoptosis and ROS, were less prevalent in NSC spheroids
after freezing and thawing. However, it is important to emphasise that all cells of the spheroids
were lysed and analysed using RT-qPCR. Since the volume of peripheral apoptotic cells after
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thawing is lower compared to the inner cells, their gene expressions were less significant. This
implies that mostly the inner cells were not affected by apoptosis or ROS. Gene expression
analyses using only the peripheral cells were not successful due to the limited possibility of
isolating only the outer cell layer and the insufficient number of cells. In the next step, single-
cell RNA sequencing could be performed to analyse the expression of specific markers in all
individual cells of the spheroids and to identify related groups of peripheral and inner cells.
Another striking result was the significant up-regulation of OCT3/4 expression in all samples.
This gene is typically expressed in stem cells and verifies pluripotency. Higher expression of
OCT3/4 indicates de-differentiation of NSCs to hiPSCs. It has been shown that in mammalian
cells and tissues, de-differentiation pathways can be initiated by severe stress factors, especially
oxidative stress (Ren et al. 1998, Shoshani and Zipori 2011). This reaction may protect the
cells to maintain essential functions and initiate cell recovery. In this context, the effect can
be explained by intracellular mechanical and metabolic cell stress during spheroid proliferation,
which may cause this reprogramming (McEvoy et al. 2020). After cryopreservation, the cells
are additionally exposed to various cryo-induced stress factors, like oxidative stress. However,
the relationship between stress-induced de-differentiation by proliferation or cryopreservation
in spheroids has not been published elsewhere.

In conclusion, the viability staining confirmed the apoptotic state of the outer cells, however,
the application of ROCK inhibitors did not significantly improve the recovery of the cell viabil-
ity after thawing. Furthermore, analysis of the expression of pro-apoptotic and oxidative stress
genes in all cells of the spheroids showed no upregulation, indicating a low level of apoptosis and
ROS in the inner cells, which was not possible to detect only for the peripheral cells. Single-cell
RNA sequencing could be the next step to prove this hypothesis.

Structural 3D cell integrity of precursor organoids changes after slow freezing

Initial quality control of precursor organoids revealed decreased adhesion and viability of the
peripheral cells after slow-rate freezing and thawing. Detailed investigations on the structural
cell integrity should clarify the induction of apoptosis and detachment. According to the Two-
factor hypothesis from Mazur (Mazur et al. 1972), successful cryopreservation of cells depends,
among other things, on the optimal cooling rate, which is influenced by cell type characteristics.
Intracellular super-cooled water has a higher chemical potential than the extracellular frozen
compartment, creating a balance between the dehydration of the cells and the concentration of
intracellular solutes (Mazur 1963). Non-optimal cooling and thawing rates, together with CPA
cytotoxicity, can lead to osmotic stress, intracellular ice formation and solution effects. In this
case, harmful cryo injuries, such as ruptures of membranes, damaged cytoskeleton, biochemi-
cal alterations and DNA fragmentation, can cause apoptotic cell death (Lovelock 1953, Mazur
1977, Lin and Tsai 2012, Chatterjee et al. 2017). Compared to single cells, 3D cell systems
consist of a network of different cell types, cell densities and cell-cell interactions, significantly
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influencing cryopreservation success (McEvoy et al. 2020). Constant cooling and thawing rates
in 3D cell systems lead to inhomogeneous cooling and heat transfer through the cell layers,
resulting in harmful temperature gradients from the periphery to the core. In consequence,
cells are exposed to different, non-optimal cooling and thawing rates. Hence, cooling-induced
dehydration is suboptimal and inhomogeneous between different cell layers leading to osmotic
stress that causes cell deformations and tensile stress between adjacent cells and the ECM. This
may result in broken cell junctions, damaged membranes or impaired cytoskeleton components
that compromise the structural cellular integrity (Karlsson and Toner 1996). Furthermore, gap
junctions between cells promote ice propagation through the system, enhancing shear stress
and mechanical disruptions (Acker et al. 2001, Irimia and Karlsson 2002). This increases the
cryo-induced stress factors in 3D cell systems compared to 2D single cells. These adverse cryo
effects have been shown in adherent cell monolayers and some 3D cell systems. For instance,
reduced viability and altered cell ultrastructures of primary rat hepatocyte spheroids after slow
freezing were published in Magalhães et al. 2012. As another example, in Stokich et al. 2014,
only a 10% recovery of human hepatocellular carcinoma cells that were slowly frozen in an ad-
herent monolayer was observed, compared to a 90% recovery after freezing in a cell suspension.
These studies show that 3D cell networks are more severely damaged by cold injury than single
cells due to limited dehydration and disruption of cell connections. The investigations on the
structural cell integrity in this thesis support these results. The ultrastructure analyses of the
peripheral NSCs after slow-rate freezing revealed a reduction of cell-cell junctions in small and
large spheroids (Fig. 30). The disruptions of cell-cell junctions indicate a loss of cell adhesion.
Consequently, the cells took on a spherical shape like detached single cells in suspension. In
addition, the ultrastructure of these cells is probably comparable to that of apoptotic cells in
terms of condensation, segmentation from other cells and fragmentation (Falcieri et al. 1994),
which could confirm apoptotic cell death in the periphery. Further studies on nuclear changes,
such as the irregular condensation of chromatin and the formation of apoptotic bodies (Ihara et
al. 1998), could support this assumption. The accumulation of disruptions in the peripheral cell
layer can be explained by the spheroid model of McEvoy et al. 2020. They presented a spheroid
model with non-uniform solid growth stress that influences the cell volumes in multicellular
spheroids. The proliferation-induced mechanical stress leads to a water efflux from core cells by
ion transportation to reduce membrane tension. The controlled ion flow through gap junctions
causes an increase in the osmolarity in adjacent cells. Water from inner cells is transported to
the periphery. Therefore, due to the larger volume of dynamic water, the adaptation to osmotic
stress during freezing and thawing by shrinkage is more extreme in the peripheral cell layer.
The larger the cell volume, the higher the gradient and the osmosis rate due to increased water
potential (Maffly and Leaf 1959). The cells shrink relatively more to increase the intracellular
concentration of solutes and prevent intracellular ice formation. However, most mammalian
cells can only lose about 50% of their intracellular water before lethal effects occur, such as
harmful deformations by plasma membrane and cytoskeleton ruptures (Meryman 1970, Clegg
et al. 1982). Thus, intracellular ice formation or extensive adaptations of the cytoskeleton and
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membranes can disrupt cell connections in the periphery and trigger apoptosis. The inner cells
are smaller and have a lower water volume, which reduces deformation. This finding is part of
the hypothesis shown in Fig. 46.

Cell-cell junctions of peripheral cells rupture in organoids after slow freezing

In summary, attached and cross-linked cells have a limited ability to regulate volume during
cryo-induced excessive osmotic dehydration, leading to disruption of cell connections, reduced
viability and cell loss. The characterisation of F-actin and N-cadherin has confirmed these
results after thawing (Fig. 31). N-cadherin is a transmembrane glycoprotein and functions as
a calcium-dependent adhesion protein. This protein is part of desmosomes and adherens junc-
tions to stabilise cell contacts, support migration and promote embryonic development in early
neural tissues (Blaschuk 2022). The expression of N-cadherin is reduced directly and at 6 h a.t.
while recovery was observed after 24 h. Together with the fact that the cells took on a spherical
shape, it is reasonable to assume that the peripheral cell layers had already detached after 24 h,
which was probably facilitated by several washing steps for the staining. The rapid decrease in
N-cadherin also supports the hypothesis that the outer cell layer detaches and no transport of
the inner cells to the periphery occurs. F-actin expression was also reduced, with only a slight
recovery at 24 h a.t. This cytoskeleton protein is an essential component of the cytoskeleton
in eukaryotes and is responsible for various cytoskeleton-related functions such as migration or
volume regulations (Kadzik et al. 2020). In adherens junctions, N-cadherin is connected indi-
rectly via other adhesion proteins with F-actin. Together with the loss of cell-cell connections,
the cell rounding triggers the re-organisation of F-actin up to degradation and phagocytosis at
the final stage of apoptosis (Desouza et al. 2012, Charras, C.-K. Hu, et al. 2006). In comparison,
the adhesion proteins in inner cells remained intact due to more appropriate dehydration and
fewer ruptures of the cell junctions. This assumption is supported by the analysis of the inner
cells in spheroids 24 h a.t. after clearing (Fig. 33 E). The clearly defined circular region of
reduced marker expression in a depth of 50 µm suggests a decreased diffusion of the antibodies
in these zones. The intensity of marker expression in this depth is comparable to nfc. It can be
hypothesised that the apoptotic peripheral cell layer with a thickness of about 30 µm is already
detached 24 h a.t. and the new peripheral layers are still proliferating, but cells are less densely
packed due to cryo injury effects. This can accelerate the diffusion of the antibodies in the outer
zones, leading to higher antibody concentrations and an increase in antigen bindings. Hence,
these results indicate that besides the apoptotic peripheral cell layer that detaches between 0 h
and 24 h, the previous intermediate zone is also affected by the cryo injury effects. However,
after recovery and detachment of apoptotic cells, the adhesion properties of these cells can be
restored. These findings correspond to the morphological assessment of the fusion properties
of NSC spheroids after thawing (Fig. 32). The spheroids did not grow together directly after
thawing, whereby after a recovery of 7 d, the fusion of the spheroids was comparable to nfc.
This confirms the apoptotic state of the peripheral cells, which is directly associated with the
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loss of functionality of the adhesion proteins at the cell junctions but also shows the recovery
of the new outer cells.

In this context, the influence of the myosin II inhibitor Blebb and PO was investigated to
improve the adhesion of peripheral cells after slow-rate freezing (Fig. 34 and 35). Blebb sta-
bilises the myosin-ADP-Pi complex, inhibiting the myosin ATPase activity, which relaxes the
interactions between the actomyosin filaments. With this relaxation, the stiffness of the cells
decreases. The hypothesis is that the peripheral cells can better adapt to the cryo-induced
rearrangements and deformations of the cytoskeleton with Blebb, which leads to higher adhe-
sion and viability. Positive effects of Blebb for cryopreservation have been shown for retinal
organoids (Luo et al. 2021). However, in their study, a Blebb-containing medium was examined,
but no medium without Blebb was analysed comparatively. In this thesis, a positive effect of
Blebb on cell viability of cryopreserved spheroids was only observed in small spheroids 24 h
a.t., but without statistically significant difference (Fig. 35 A). This suggests that a 30 min
pre-incubation before cryopreservation may not be sufficient to relax the actomyosin filaments
to improve post-thaw viability. However, a significant inhibitory effect of 10 µM Blebb was
detected in M2 macrophages already after incubation for 30 min (Várkuti et al. 2016), which
suggests that a longer incubation period is very unlikely to produce stronger effects. There may
be a different reaction time in cross-linked NSCs in spheroids, but probably the cryo-induced
dehydration of the cells was too intense, so the blebbistatin-induced actomyosin relaxation was
not sufficient to support the adhesion of the cell and prevent detachment. Nevertheless, these
analyses investigated the viability of complete spheroids and not only the peripheral cell layer.
Hence, additional studies on the ultrastructure or fusion properties after Blebb treatment would
be beneficial in proving the hypothesis. The addition of non-ionic surfactant PO for 24 h a.t.
also showed no significant positive effects. PO lowers surface tension and reduces the formation
of bubbles and foam in cell culture media (Apostolidis et al. 2015). The incorporation of PO
into the plasma membrane of mammalian cells increases the membrane fluidity, which protects
the cells from hydrodynamic shear stress, especially in bioreactors (Chang et al. 2017, Safta
et al. 2024). Positive cryoprotective properties through the stabilisation of cell membranes have
already been demonstrated, e.g. with an increase in the viability of human colorectal adeno-
carcinoma cells after cryopreservation (González Hernández and Fischer 2007, Kerleta 2010).
Theoretically, PO should improve the viability of cells by preventing membrane rupture result-
ing from cryo-induced mechanical stress. However, in NSC spheroids, no significant differences
were found in the viability of the cells with or without PO addition after thawing. This was in-
dependent of the static or dynamic recovery (Fig. 35 B, 34). This indicates that the protective
properties of the surfactant PO are insufficient to prevent detachment, like for Blebb addition.
Additional structural studies and investigations of pre-incubation before freezing would provide
further insights into the effects of PO on spheroids’ recovery.

To summarise, the analyses of structural cell integrity confirm the previous conclusion of pe-

93



Discussion

ripheral cell detachment by proliferation and viability assessments. In general, cell adhesion is
essential for communication between cells and their environment to maintain and develop their
characteristic physiology. These connections get lost in peripheral cells of precursor organoids
after slow-rate freezing. Promising approaches to overcome this problem combine a gradual
slow cooling with directional freezing (see section 2.2.4). Peripheral cells would have more
time to slowly adapt their membrane and cytoskeleton to the osmotically-induced dehydration.
Membrane ruptures and IFF could be reduced, while at the same time, solution effects were
avoided by sufficiently rapid dehydration in the inner cells (Arav and Natan 2012, Maffei et al.
2014). Another approach to maintaining structural integrity is vitrification, which is discussed
in one of the following sections (see pages 96-98).

Cryo-induced effects are comparable in uniform precursor organoids with ectoder-
mal and endodermal origin

To elucidate the effects of tissue specificity on cryo-damage mechanisms, the effects in HP
precursor organoids of endodermal origin (Fig. 26) were compared with those in NSC spheroids
of ectodermal origin. The morphological analyses according to the cell debris and reduced
spheroid area 24 h a.t. indicate apoptotic cell death in both models (Fig. 27 A). Like in
NSC spheroids, the proliferation and viability of HP spheroids were increased again during the
dynamic recovery. In addition, cryopreserved HP spheroids showed a significant decrease in
the relative expression of the metabolic marker CYP3A4 24 h a.t. with a following increase
after 3 d. During the recovery after 7 d and 14 d, the marker expressions were comparable
to the nfc (Fig. 27 B). As a member of the cytochrome P450 family, the protein CYP3A
contributes to the oxidation of small organic molecules, such as drugs or toxins (Michalets 1998).
It is mainly expressed in primary hepatocytes and indicates metabolic activity in successfully
differentiated hepatocytes. Due to the recovery of CYP3A4 expression after thawing to the
nfc level, a regeneration of metabolic activity can be assumed (Altmaier et al. 2022). Other
studies with cryopreserved human single hepatocytes (Yajima et al. 2014, Sudo et al. 2017) or
human liver hepatocellular carcinoma cells spheroids (Bissoyi et al. 2023) support these results
by reporting a similar successful recovery of the metabolising activity of CYP3A4 after slow-
rate freezing. Furthermore, all hepatic gene markers were increased again in HP spheroids
after thawing. Although the expression generally remained lower than in nfc, the trend of the
expressions developed similarly to the nfc according to their maturation status (Fig. 28 A).
Comparable gene expression patterns for ALB, HNF4A and CYP3A4 in cryopreserved hiPSCs-
derived hepatocytes were also shown in Inui et al. 2023. An overview of the gene expression of
six hepatic markers in cryopreserved HP spheroids and HLC organoids at different maturation
times has been published in Altmaier et al. 2022. In addition, the expression of hepatocyte-
specific ICC markers AFP, ALB, A1AT and CK18 after thawing confirms the successful recovery
and further maturation of functional protein activity in HP spheroids.
These findings indicate a successful recovery of proliferation, metabolic activity, gene and pro-
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tein expression, and differentiation and maturation properties. Comparable recovery trends in
morphology and proliferation were shown in NSC spheroids. The basic cryo-damaging effects,
such as cell detachment and loss of viability, were observed in both precursor organoids regard-
less of their origin from different germ layers. These effects also appeared to be independent
of the fact that the NSCs were differentiated by 2D cell culture and subsequently formed in
spheroids, and the HP were differentiated by 3D cell culture in a bioreactor. This indicated
that cryo damage on cell-cell junctions occurs in different 3D cell networks and is unrelated to
the culture type during differentiation. However, characteristic gene and protein expressions
and functional properties must always be analysed in relation to the respective tissue.

Maturation status of 3D cell systems influences the preservation of cell structures
and functions during cryopreservation

Cryopreservation of hiPSCs-derived HP spheroids can serve as a time-saving option to ensure a
rapid supply of differentiated and partly matured precursor organoids to promote toxicity stud-
ies. Due to their human 3D physiology, their ability to self-renew and their high-throughput
generation in bioreactors, they represent an attractive alternative to limited available PHHs,
which can only represent 2D cell network interactions (Yi et al. 2012, Hu and Li 2015). To speed
up the production process and enable a stock-keeping of ready-to-use, further matured hepatic
3D models, HLC organoids were cryopreserved after differentiation of 21 d. As with the HP
spheroids, the morphological analyses showed similar results with cell debris in suspension at
24 h a.t. However, the CYP3A4 expression in HLC organoids remained always lower than that
of nfc at a similar level as 24 h a.t. This implies that the recovery of the metabolic hepatocyte
marker is less successful than in cryopreserved HP spheroids (Fig. 27 B). These results were
supported by the significant decrease of all hepatic gene markers after thawing (Fig. 29 A). Im-
mediately after thawing, the expression was comparable to that of nfc, but from 24 h a.t., gene
expression was almost absent throughout the recovery period. Furthermore, the representative
hepatocyte ICC markers ALB and A1AT were only identified with low expressions in HLC
organoids 3 d a.t. and CYP3A4 was not detected compared to PHH (Fig. 29 B). These find-
ings are not comparable with the previously described results of cryopreserved HP spheroids.
Hence, the recovery of metabolic activity and hepatocyte gene and protein expressions were
more successful in intermediate-frozen HP spheroids than in matured frozen HLC organoids.
These results can be explained by differentiation- and maturation-induced changes regarding the
structural integrity and cell-cell interactions of the HLC organoids (Mun 2019). The increase
of tissue density mediated by cell-cell interactions and cellular condensation has been shown
in the mesodermal progenitor zone during the vertebrate body axis elongation (Mongera et al.
2018). According to these studies, the further differentiation of HP spheroids to HLC organoids
probably leads to an increase in cell-cell interactions, and the cells are more densely packed.
Water efflux and the diffusion of solutes and CPAs are more restricted in matured organoids.
This means that the possibility of sufficient dehydration to prevent IFF is reduced, and the
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cells in HLC organoids are less protected by CPAs. As a result, the increase of osmotic stress
leads to ruptures of the plasma membrane, which facilitates the propagation of extracellular
ice crystals into the cells. In consequence, more damaging IIF occurs, which is often associated
with lethal cell injuries (Morris and Acton 2013). Furthermore, due to the additional reduction
of the effective surface area of water transport by the higher amount of cell-cell contacts, the
paracellular ice penetration or gap junction propagation through nanoscaled apertures between
connected cells is even facilitated. Thus, the nucleation kinetics of intracellular ice are faster in
3D systems with more cell-cell interactions (Berger and Uhrík 1996, Acker et al. 1999, Higgins
and Karlsson 2013). Hence, the cellular architecture of HLC organoids with increasing density
and complexity, which develops during differentiation, is not only influenced by osmotic imbal-
ances but also represents a target for IIF due to an increased number of cell junctions (William
and Acker 2020). Both lead to cytoskeleton changes and fatal cell-cell disruptions that are
critical for cellular integrity and functionality in HLC organoids. In contrast, the HP precursor
organoids, only differentiated for 8 d, exhibit a lower degree of maturity with probably fewer and
less dense intercellular connections. It can be assumed that HP cells adapt more dynamically
to the effects of cryo injuries. Additional investigations on cellular density and cell junctions
could further confirm this theory. However, HP precursor organoids might serve as a starting
point for developing high-quality living biobanks of hepatic 3D cell models. The settings of
the current freezing process of HLC organoids need to be adjusted to ensure the recovery of
metabolic CYP3A4 activity and gene and protein expressions of hepatic markers. Possible ap-
proaches would be the application of AFPs or IRIs during freezing and thawing (Tomás et al.
2022, Poisson et al. 2019, William and Acker 2020) or alternative cryopreservation methods,
such as directional freezing (Maffei et al. 2014) or isochoric cryopreservation (Taylor et al. 2019).

Vitrification improves preservation of structural integrity of precursor organoids

Structural analyses of NSC spheroids after slow-rate freezing revealed the detachment of pe-
ripheral cells and the decrease of cell junction proteins between 0 h and 24 h a.t. This could
be shown for spheroids with three different diameters. Further investigations should clarify
whether osmotic effects and ice crystallisation induced by slow-rate freezing and thawing af-
fect the peripheral cell structures. Thus, NSC spheroids were cryopreserved by vitrification
as an alternative cryopreservation method. With vitrification, samples were transformed into
an amorphous, solid state without ice crystallisation and osmotic cell dehydration (Fahy et al.
1984, Bojic et al. 2021). The application of very potent cooling agents, such as LN2, leads to
ultra-fast cooling rates in the periphery, and together with high CPA concentrations, a glassy
state can be achieved. For instance, for the vitrification of oocytes with 10% DMSO, a cooling
rate of 3 · 106 °C/min is needed to avoid the growth of intracellular ice to 10 µm in the cooling
phase between -40 °C to -100 °C (Arav 2022). Higher CPA concentrations decrease the required
cooling rates (Karlsson 2010) but increase cytotoxic effects. Compared to slow-rate freezing,
the thermal gradient and CPA penetration are even more challenging in 3D cell systems during
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vitrification due to the high cooling rates and CPA concentrations required. Accordingly, the
cooling rate and CPA supply in the inner cells are reduced compared to peripheral cells, and
ice formation can occur. However, preserving viable and proliferating cells in the peripheral
layers is of greater importance than the necrotic cells in the core of the spheroid. The viable cell
layers should be adequately supplied with high CPA concentrations and cooling rates. In the-
ory, due to the ultra-fast transfer into a vitrified status, ice crystallisation and osmotic-induced
dehydration or cytoskeleton rearrangements should not occur, and peripheral cell detachment
should be reduced.
This hypothesis could be confirmed by the analyses of the morphology and ultrastructures of
NSC spheroids after vitrification (Fig. 36 A, Fig. 38). In comparison to slow-rate frozen
spheroids, fewer detaching cells were observed. The cell-cell junctions appear morphologically
more intact and comparable to nfc. Furthermore, proliferation and viability were not reduced
after vitrification compared to nfc (Fig. 36 B and C). Another striking aspect is that there
was no gene expression change of CDH1 and OCT3/4 marker 24 h a.w. compared to 24 a.t.
of slow-rate frozen samples (Fig. 37). Due to the reduction of the cryo-induced stress, the
E-Cadherin connections were preserved, and de-differentiation pathways were not up-regulated.
All these investigations indicate improved preservation of the cellular structure and viability
after vitrification. The formation of inter-and intracellular ice and osmotic dehydration of the
outer cells, as in the slow-frozen spheroids, could be avoided by vitrification. These analyses
confirmed that the cryo injury mechanisms induced by slow-rate freezing and thawing affect
cellular structure and viability loss. However, after warming of vitrified samples, single cells in
the outer layer become apoptotic, which can be caused by devitrification during non-uniform
cooling and warming or by high CPA cytotoxicity (Fig. 46). Devitrification is a significant
problem in biological samples with larger volumes (Finger and Bischof 2018). The vitrification
of vascularised tissues and entire organs is possible, but a full recovery of the viability is still
not accomplished due to devitrification (Fahy et al. 2009). Warming rates are much lower
than cooling rates, and in the warming phase above the glass transition temperature up to
the melting temperature, ice nucleation and ice growth are very likely. Another limiting factor
during the warming of vitrified 3D cell systems is the formation of cracks under mechanical
stress, shown in elastic arteries (Pegg et al. 1997). This can be caused by the application of
slow and non-uniform warming rates. To avoid these effects and maintain cellular architectures,
CPA concentration must be increased, and the warming rate must be fast and homogeneous.
However, applying controllable, very fast cooling and heating rates is complex and not stan-
dardised. In addition, CPAs become more cytotoxic with increasing concentration and cause
oxidative stress, DNA fragmentation or reduction of protein and mitochondrial functions up
to apoptosis (Best 2015). So far, only small tissues, such as ovarian tissue slices, can be vitri-
fied and warmed rapidly and reliably enough to avoid harmful devitrification (Kometas et al.
2021). Improved viability values compared to slow-rate freezing have also been published for
mesenchymal stem cell spheroids (Jeong et al. 2020), lung cancer organoids (Q. Liu et al. 2021)
or mouse and human embryos in blastomer stage (Rall and Fahy 1985, Rezazadeh Valojerdi
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et al. 2009). Currently, new warming approaches are being developed to effectively warm vit-
rified tissues and organs, like nanowarming or laser warming (Khosla et al. 2017, Daly et al.
2018). Nanowarming is based on inductive heating of magnetic nanoparticles, e.g. resulting
in warming rates of 130 °C/min in porcine arteries in 1 ml vials with a radius of ≥ 0.5 cm
(Manuchehrabadi et al. 2017). Only rates below 50 °C/min were detected in the same sample
volumes with standard convective warming. By nanowarming, successful warming was reported
up to a volume of 80 ml (Manuchehrabadi et al. 2017). However, ensuring both the biocom-
patibility and safe removal of nanoparticles, as well as achieving efficient and uniform heating,
remains challenging (Ye et al. 2023).
In principle, the vitrification and warming process for a large batch of 3D cell systems are not
standardised, and to date, no commercial vitrification device is available on the market. In this
work, the Twist vitrification proved to be advantageous over direct application in LN2 or vit-
rification straws (data not shown). The Twist approach ensures sterility and ultra-fast cooling
rates while avoiding the harmful Leidenfrost effect (Beier et al. 2013, Amini and Benson 2023).
However, the vessel design and handling protocol are not standardised yet for higher batches
of 3D cell systems.

To summarise, these comparative analyses of both cryopreservation methods with spheroids
are valuable for further understanding cryo injury mechanisms of 3D cell models. In principle,
both cryopreservation regimes showed advantages and limitations. Although the vitrification
approaches demonstrated an improvement in structural and viability analyses of spheroids up
to a diameter of 600 µm, the sufficient application of ultra-fast cooling rates and high CPA
concentrations has not yet been achieved in larger tissues. Additionally, only a small number of
spheroids from one batch can be vitrified simultaneously. In contrast, slow-rate freezing enables
the preservation of large batches with easier handling. The process and cooling rates are more
standardised to avoid high batch-to-batch variability. However, non-uniform dehydration and
intracellular ice formation cause extensive intracellular changes to the cytoskeleton and mem-
branes, leading to disrupted peripheral cell connections and triggering apoptosis (Fig. 46). The
development of different cryopreservation methods may, therefore, be suitable depending on the
subsequent application.

Different cryopreservation media induce osmotic changes of precursor organoids
before slow-rate freezing

The use of CPAs is essential to protect cells which are exposed to cryogenic temperatures.
However, the impact of CPA cytotoxicity on cryo injury mechanisms must be considered in
both cryopreservation regimes. Fahy et al. 1990 reported on a broad spectrum of cytotoxic
effects caused by CPA incubation. They defined CPA cytotoxicity as an effect that must be
significant, irreversible, analysed during an appropriate incubation period, and not caused by
introduction or washout techniques. Cytotoxicity may be specific to a particular CPA or non-
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Figure 46: Schematic overview of cellular effects in different spheroid zones in nfc
and after cryopreservation. Proliferation-induced solid stress drives ion transport and water
efflux from the core to the periphery of nfc and leads to swelling of the outer cells. (A) Cryo-
induced stress factors during slow-rate freezing and thawing trigger a deformation of the cells,
which is more damaging to outer cells and causes the cells to detach. (B) Ultra-fast cooling rates
avoided severe deformations of the cell during vitrification. Devitrification during warming and
high CPA cytotoxicity are potentially harmful to the cells. Created with biorender.

specific, ranging from structural cell damage to metabolic impairment. The different effects
depend on the cell system and the experimental conditions, such as the CPA concentration and
exposure time, temperature and type of toxicity test.
When single cells are exposed to a hypertonic cryopreservation solution, an osmotic imbalance
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arises across the cell membrane. Due to the osmotic pressure, intracellular water outflow occurs,
which results in the activation of a regulatory volume response reduction. The cell volume
decreases, and depending on the cell type, cells shrink until osmotic equilibrium is achieved
(Levin and Miller 1981, Finan and Guilak 2010). This mainly occurs during the incubation with
media containing impermeable CPAs, such as trehalose and sucrose. During the incubation in
cryopreservation media with permeable CPAs, as DMSO, EG or glycerol cell volumes change in
two different ways: a) If the membrane permeability and diffusion rate for water is much greater
than that of respective CPA molecules, the cells initially shrink due to osmotic imbalances across
the cell membrane. Then the cells gain volume again when equilibrium is reached, depending on
membrane permeability of the CPA; b) with higher membrane permeability and diffusion rates
of CPA molecules, there is a more simultaneous influx of both water and CPA molecules and
the cell volume increases accordingly with the CPA concentration until equilibrium is reached
(Levin and Miller 1981). So far, the impact of these effects has only been investigated in detail
for individual cells in suspension. This work focuses on CPA cytotoxicity mechanisms in 3D cell
structures regarding their volumes, viability, and gene and protein expressions. In this context,
the effects of different permeable and non-permeable cryopreservation media with varying times
of incubation and concentrations were investigated in NSC spheroids with three diameters.
Permeable CPAs, such as DMSO or EG, are known as potent CPAs due to their unspecific,
collective effects leading to the replacement of water molecules. This lowers the freezing tem-
perature of aqueous solutions and reduces the formation of intracellular ice crystals (Lovelock
and Bishop 1959). However, penetrating CPAs show a diverse range of specific and non-specific
cytotoxic effects on cells (Best 2015). Besides cytotoxic effects, the introduction of CPAs addi-
tionally causes indirect damaging effects such as osmotic cell stress, which induces cell volume
changes. The level of osmotic stress depends on the membrane permeability, which depends on
the cell-specific membrane composition. Permeability is increased with higher lipid solubility of
the substance and decreased with an increased hydrogen bonding. In general, molecules with
reduced sizes have a higher membrane permeability. These single-cell effects are transferable to
interconnected cells with separate membranes in NSC spheroids, but also to spheroids of other
cell types. After the incubation in cryopreservation media with higher concentrated DMSO,
CryoStor CS10, EG or CPA mixtures VS1/ VS2, the spheroid volume initially decreases (t =
5 min) because of the osmotic imbalances (Fig. 12). Due to the lower permeability of CPAs
compared to water molecules, water flows out of the cells, and the complete 3D system shrinks.
The new equilibrium slowly emerges over time (Fig. 12, t = 30 min). The hypothesis based
on these results is illustrated schematically in Fig. 47 A. A similar effect was observed over
time after the incubation in glycerol. The volume of the spheroids decreased even more at
t = 5 min and then only slowly increased again (Fig. 47 C). This can be explained by the lower
membrane permeability of glycerol compared to DMSO, which has also been reported in red
blood cells, where DMSO is twice as permeable as glycerol at 4 °C (1.3·10−5 cm/s for DMSO
and 0.58·10−5 cm/s for glycerol) (Naccache and Sha’afi 1973). In comparison, the membrane
permeability of water for red blood cells is increased 700-fold (915·10−5 cm/s) (Naccache and
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Sha’afi 1973), which explains the rapid decrease in volume associated with water efflux after
5 min. However, the membrane permeability of different molecules can vary significantly in
other cell types. Additionally, it depends on the molecule concentration. At lower DMSO or
EG concentrations, the osmotic imbalance was decreased, so fewer water molecules diffused out
of the cells, and the volume changes were more minor (Fig. 47 B). In contrast to permeable
CPAs, non-penetrating CPAs, such as trehalose or sucrose, stabilise the polar groups of phos-
pholipids on the extracellular side of the cell membrane during ice crystallisation (Clegg et al.
1982). The advantage of impermeable CPAs is that they do not show specific cytotoxic effects
but can cause indirect damages such as excessive dehydration due to high osmolarity (Fig. 47
D).

Cryopreservation media cause osmotically-induced changes in the cytoskeleton and
cell membranes

The regulation of osmotically-induced volume changes (Fig. 47) strongly depends on the reor-
ganisation of the actin-based cytoskeleton. As a result of the water and CPA molecules crossing
the membrane, various proteins or protein clusters, such as mechanosensitive ion transporters,
can be activated and influence the organisation of the cytoskeleton. This, in turn, triggers
F-actin-associated proteins such as Rho-GTPase or membrane transport proteins to improve
cell volume regulation. Pedersen et al. 2001 and Roffay et al. 2021 published comprehensive
overviews about the mechanisms of volume regulations in cells. Actin changes can occur rela-
tively fast, depending on extracellular osmolarity and the level of protein activation. Falzone et
al. 2012 reported that little actin polymerisation was observed only 60 s after initiating isolated
monomeric actin. After 135 s, short F-actin bundles appear, and after 600 s, an interconnected
network of bundles can be formed. This assembly kinetic of actin may explain the significant
increase in the relative cellular F-actin content in Ehrlich ascites tumour cells after 1 min in-
cubation in a hypertonic solution and a similar fast decrease in a hypotonic solution (Pedersen
et al. 1999). Besides this, other factors, such as the activation of volume-associated proteins
and the plasma membrane rearrangement, also affect the regulation processes and can delay
the response time. Additionally, genes involved in the synthesis of osmoprotectant molecules
can be up-regulated by osmotic stress, but the timescale on the order of a few tens of minutes
cannot explain the immediate cell response (Hoffmann et al. 2009). However, if the osmotic
pressure is too high and the volume compensation of the osmotically active water by F-actin and
membrane reorganisation is not sufficient, irreversible membrane ruptures, cytoplasmic protein
aggregation and DNA damage can lead to apoptotic cell death (Galluzzi et al. 2018). To under-
stand the osmotically-induced volume changes in organoids in response to hyper- or hypotonic
solutions, it is important to study the F-actin kinetics in an interconnected 3D cellular network
and not only in single cells. Transferring the assembly kinetics of F-actin to the volume analyses
of precursor organoids after incubation in cryopreservation media, the relatively fast, significant
changes after 5 min are reasonable. Volume-regulating mechanisms occur in every individual
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cell of the 3D cell system. However, additional factors like cellular connections and interactions
and different cell type properties influence the processes in every cell layer. Thus, in spheroids,
the speed of volume changes in the inner cells depends not only on the membrane permeability
but also on the intra- and intercellular diffusion kinetics of the solutes, which is influenced by
the entire cell network. This effect was shown by different relative percentages of volumes in
larger spheroids compared to small spheroids with the same CPA concentrations. For instance,
the volume decrease was 6% higher in large spheroids after a 5 min incubation in 20% DMSO
compared to small spheroids. This can be explained by the limited mass transfer of DMSO in
larger spheroids to balance the water efflux. Densely packed inner cells were not supplied with
DMSO after 5 min, so the return inflow of water was delayed. Nonetheless, the progressions
of the volume changes over the incubation time within the respective spheroid diameters were
similar (Fig. 13).
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Figure 47: Schematic overview on the volume regulation of spheroids after treatment
with different CPAs over time. Volume changes after treatment with (A) highly concen-
trated, permeable CPAs (10-20% DMSO and EG), (B) low-concentrated, permeable CPA (2-5%
DMSO and EG), (C) permeable glycerol and (D) impermeable CPAs (0.3 M trehalose and su-
crose) at t = 0-30 min.
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Different cryopreservation media influence the metabolism of precursor organoids

In addition to the indirect CPA damaging effects based on osmotic stress, specific CPA toxic-
ities can be induced by permeable CPAs. This increases the impairment of viability, gene and
protein expression and the functionality of the cells (Best 2015). A reduction in ATP-based
relative cell viability was observed in all spheroids during incubation with all cryopreservation
media (Fig. 14 A). The lowest viability was measured after the incubation with impermeable
trehalose, sucrose and HypoThermosol FRS, which can be attributed to osmotic stress. But
also after incubating in the cryopreservation media with all DMSO, EG and glycerol concen-
trations, the viability was reduced for all spheroid diameters. This can be associated with
osmotic stress and specific CPA toxicities like plasma membrane damage and oxidative stress.
For instance, DMSO binds via hydrogen bonds to the plasma membrane. The sulfinyl oxy-
gen of DMSO forms a stronger hydrogen bond with water (approx. 30 kJ/mole) than water
molecules do with each other (approx. 20 kJ/mole). Thus, DMSO dehydrates the membrane
by displacing water molecules. On one side, this protects cells from intracellular ice crystallisa-
tion; on the other side, water replacement causes dehydration stress in the membranes (Westh
2004). The resulting effects range from the decrease of the membrane thickness at low DMSO
concentrations to the formation of transient water pores at medium DMSO concentrations up
to the destruction of the bilayer structure at higher DMSO concentrations (Wang et al. 2007).
Moreover, the addition and removal of CPAs cause fast osmotic fluctuation, which enhances the
tension on the membrane and cytoskeleton (Baust et al. 2017). Additionally, DMSO can pro-
mote oxidative stress by oxidising free thiol groups on proteins, leading to protein unfolding and
loss of functionality (Snow et al. 1975). It is assumed that oxidative stress, together with the
blocking of membrane channel proteins by DMSO, causes irreversible ultrastructure alterations
in mammalian myocardium (Shlafer and Karow 1975, Ogura et al. 1995). Furthermore, DMSO
shows pro-apoptotic properties at higher concentrations, which has also been demonstrated for
ethylene glycol and glycerol (Best 2015). The combination of indirect and specific CPA toxic
effects results in the reduction of cell viability. A striking aspect of the viability analyses of
NSC spheroids is that the viability staining with FDA/EtB (Fig. 14 B) did not coincide with
the ATP-based viability measurement (Fig. 14 A). The staining showed high viability for 10%
DMSO, 0.3 M sucrose and CryoStor CS10. In particular, the viability after incubation in cry-
opreservation media containing impermeable sucrose is very different, as only 40-60% relative
viability was determined based on the ATP measurement. This can be explained by the repres-
sion of cellular respiration by hypertonic medium. Hyperosmotic conditions can alter cellular
energy metabolism due to the reduction of mitochondrial oxidative phosphorylation. Glycolysis
is increased and respiration repressed, which is known as the Warburg or Crabtree effect (War-
burg 1956, Eales et al. 2016). This happens in the order of a few seconds or a few minutes. In
this context, the hypothesis is that the spheroids are exposed to a hyperosmotic cryopreserva-
tion medium, which induces glycolysis and reduces the production of ATP. The exact molecular
mechanisms in mammalian cells are still under debate. It is hypothesised that the metabolic
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shift towards glycolysis is triggered by a specific inflammatory pathway in response to osmotic
pressure (Hamraz et al. 2020). Hence, ATP reduction was not detected by FDA staining as it
determines esterase activities. To summarise, CPAs significantly affect the metabolism and re-
duce the ATP production in NSC spheroids. However, after 30 min incubation, active esterases
were still detectable, indicating NSC spheroids’ high CPA resistance. Further investigations
of the gene expression of NSC spheroids after CPA treatment also revealed a CPA resistance
(Fig. 15). In general, the speed of stress response is important to ensure cell survival. Over 500
genes can be transcribed relatively quickly in response to osmotic stress within 10-30 min of
the stimulus (Nadal et al. 2011). For instance, it has been shown that gene expression and in-
tracellular localisation of β-actin mRNA takes about 20-30 min after serum induction (Ben-Ari
et al. 2010). Thus, if the time frame for induction and transcription of mRNA of stress or neu-
ronal genes is of the same order of magnitude, a cytotoxicity-induced change in gene expression
should be detectable after a 30 min incubation in different cryopreservation media. In contrast,
stress and neural markers were not significantly altered after 30 min, which indicates only low
cytotoxic stress induction of CPAs during this time. A slight significant expression increase
was only observed for CDH1 for several cryopreservation media in all spheroid diameters. This
indicates that CPAs may cause cell detachment that affects the expression of the adhesion pro-
tein E-cadherin. The investigation on the E-cadherin protein expression supports these results
(Fig. 16). Compared to non-treated spheroids, a decrease in E-cadherin of about 30-70% was
measured for all cryopreservation media and spheroid diameters. This can be attributed to
damage to the plasma membrane, followed by impairments of the associated adhesion proteins,
like E-cadherin. Cell detachment was also observed in the 2D NSC culture after CPA treat-
ment, accompanied by a reduction in cell viability (Fig. 48). It is hypothesised that the outer
cell layer of NSC spheroids is mainly influenced by CPA-induced cell detachment due to longer
exposure times. This means that only a small number of cells would be affected by apoptotic
effects, which would also explain the small changes in gene expression. However, it has been re-
ported that the addition and removal of CPAs can delay the formation of junctions in epithelial
cells but does not fundamentally inhibit the cellular repair mechanisms for the formation of in-
tercellular junctions (Armitage and Juss 2000). Therefore, recovery of E-cadherin may be likely.

In conclusion, the incubation of NSC spheroids in different cryopreservation media causes
metabolic changes with associated lower ATP content and affects the expression of cell ad-
hesion proteins. However, it is important to declare that the incubation time of 30 min in
cryopreservation media is not common in standard cryopreservation protocols. Shorter incu-
bation times may reduce cytotoxicity. At the same time, it is important to ensure that the
CPA completely penetrates the viable cell layers of the 3D cell models to have a cryoprotective
effect. Since it is assumed that the penetration of CPAs in 3D cell models takes longer and the
incubation time must be extended, the prolonged incubation of up to 30 min was intentional
to detect possible significant effects.
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Figure 48: Comparative analyses of CPA effects in terms of viability and adhesion on
2D NSC monolayers or 3D NSC spheroids. Incubation for 30 min in a cryopreservation
medium with 10% DMSO, 10% EG and 0.3 M trehalose leads to detachment of the cells and a
reduction in cell viability; scale bars represent 200 µm (top row) and 50 µm (bottom row).

CPA diffusion kinetics in precursor organoids can be analysed using bioorthogonal
Raman micro-spectroscopy

To maximise the proliferation of viable cells in spheroids, the 3D cell cultivation methods
must ensure a sufficient supply of necessary small molecules throughout the cellular network by
diffusion. This depends on the diffusion properties of the compounds and the properties of the
cell model, such as the cell type, the density or the number of cell compounds, but also on the
temperature and the distribution dynamics of the molecules during the 3D cell culture (Volkmer
et al. 2008, McMurtrey 2016). Thus, to optimise the 3D cell culture, it is essential to understand
the diffusion properties of important small molecules. In general, diffusion kinetics of various
molecules have been researched in different fields, such as pharmacology (Hicks et al. 2006, Chiu
et al. 2015), medical diagnostics (Nederman et al. 1983, Pauleit et al. 2004, Alexandrovskaya
et al. 2023) cell metabolism and signalling studies (MacDougall and McCabe 1967, Bertram and
Pernarowski 1998) and food science (Shi et al. 2023) but also cryopreservation (Han et al. 2019).
In general, magnetic resonance imaging and attenuated total reflection (ATR) spectroscopy
are the predominant analytic methods for diffusion in macroscopic samples (Huck 2014, Tang
and Zhou 2019, Carneiro et al. 2019). Optical analyses based on the tracking of fluorescent
(labelled) compounds are mainly used for diffusion studies in the microscopic range (McGowan
et al. 1988, Sniekers and van Donkelaar 2005). However, transferring diffusion kinetics to non-
fluorescent compounds is complex, and fluorescence labelling can alter the size and structure of
the molecule, changing its penetration properties. This also complicates diffusion studies of non-
fluorescent CPAs before cryopreservation. As discussed in the previous section, a prerequisite

105



Discussion

for successful cryopreservation is a sufficient supply of CPAs to achieve a cryoprotective effect
while reducing cytotoxic effects due to excessive incubation times (Karlsson and Toner 1996).
However, the penetration and membrane permeability of CPAs are mainly investigated in single
cells, which is not comparable to cellular 3D structures (Naccache and Sha’afi 1973). The main
reason, therefore, is the lack of knowledge about the perfusion properties of water and CPAs in
cell networks. Hence, analysing specific CPA diffusion kinetics in 3D cell systems would provide
advanced pre-incubation conditions for cryopreservation media to reduce cytotoxicity.
To overcome these challenges, this work introduces bioorthogonal Raman micro-spectroscopy as
a contactless technique for analysing the penetration of different molecules in 3D cell systems
(Altmaier et al. 2024). In general, Raman spectroscopy has already been used to measure
diffusion coefficients of various molecules in multi-component liquid mixtures (Bardow et al.
2003). Compounds that exhibit clear vibration bands without interference from the spectral
background can be analysed directly. Molecules with no distinct vibrational feature have to
be slightly chemically modified by isotope exchange or the introduction of nitrile groups. This
enables a spectroscopic separation from the considerable unspecific background while diffusion
properties remain almost unchanged, which is an advantage of this method over fluorescence
labelling. These experimental approaches are called bioorthogonal labelling (Azemtsop Matan-
fack et al. 2020). Bioorthogonal Raman micro-spectroscopy has already been implemented for
various studies, e.g. to analyse the penetration of drugs into human nails (Chiu et al. 2015). The
present thesis focuses on bioorthogonal Raman micro-spectroscopy as a non-invasive method
to investigate the radial perfusion of deuterated DMSO-d6 in NSC and HP spheroids and HLC
organoids. The fit model developed in this study can be used to analyse the penetration of
DMSO-d6 into spherical 3D cell systems to derive the diffusion coefficients and perfusion times
based on model-specific properties. Although HLC organoids do not represent a homogeneous
spherical model, a spherical geometry was nevertheless assumed to simplify the diffusion model.
Diffusion analyses with other sample geometries, such as cylinders, could also be carried out
using an adapted fit model based on Fick’s law of diffusion.
It was assumed that the diffusion coefficient D of DMSO-d6 is constant in all spheroid diameters.
However, D remains constant up to a diameter of about 500-600 µm (D = 88.8 ± 14.4 µm2s−1)
but increases as the diameter becomes larger (D = 178.6 ± 38.5 µm2s−1) (Fig. 39 E). Fig. 49
illustrate the increase of the diameters and thus the increase of D that is directly correlated
to the seeding cell number and cultivation days. This effect was observed in NSC and HP
spheroids and HLC organoids. However, since the experiment only investigates the DMSO-d6
concentration in the centre of the spheroid, it is not clear whether the increase in D is uniform
across the entire spheroid or occurs only in specific layers or in the core of the spheroid. D is
averaged over the radius of the spheroids. The increase of DMSO permeability in 3D cell models
with increasing diameters has not been described so far. The hypothesis to explain this effect
consists of the possibly altered permeability properties of the cell layers within the spheroids. In
a previous part of the discussion, it was already described that spheroids with diameters greater
than 300 µm probably have hypoxic areas, while those greater than 500 µm have necrotic cores
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(Glicklis et al. 2004, Schmitz et al. 2021). The limited diffusion of oxygen and nutrients and
the accumulation of cellular waste in the core of the spheroids lead to reduced metabolism and
a deficiency of ATP production (Fig. 33). This may cause eventual failures of ion pumps in the
plasma membrane, resulting in structural impairments of the bilayer structure (D’Arcy 2019).
Additionally, oligomerised mixed lineage kinase domain-like pseudokinase (MLKL), which is an
essential factor in tumour necrosis factor (TNF)-induced regulated cell death, can migrate and
bind to the phosphatidylinositol lipids and cardiolipin of the plasma membrane that increases
membrane permeabilisation and induces cell death (D’Arcy 2019). Hence, altered membrane
permeability in under-supplied or necrotic cells may accelerate the diffusion of DMSO in the
inner layers of avascular spheroids with diameters greater than 500 µm. This may lead to an
increase in the average diffusion coefficient. Further investigations on the diffusion rates in the
respective cell layers could support this hypothesis. Nevertheless, the order of magnitude of the
diffusion coefficients of DMSO is comparable to the values described in the literature, which
were determined by osmolarity or ATR-FTIR measurement (Tapia Lishner et al. 2023, Vásquez-
Rivera et al. 2018). So far, there are only a few recently published reports on the diffusion
kinetics of cryoprotectants in 3D cell models. Most publications deal with the diffusion of
DMSO as an effective and most commonly used substance for many cryopreservation protocols.
For instance, Dolezalova et al. 2021 developed a method to investigate the diffusion kinetics of
small molecules in pancreatic islets using Hoechst 33342 dye. Based on this, they estimated
the diffusion of DMSO and trehalose into the core of the pancreatic islets. However, these
results only provide an approximation of DMSO diffusion. Every molecule follows different
diffusion rates based on size, charge, concentration and penetration route. This has also been
shown with different dye molecules in Fig. 40. Thus, it is only limited possible to deduce
diffusion kinetics from one substance to another. In another publication, Tapia Lishner et al.
2023 determined the permeation kinetics of DMSO into porcine corneoscleral discs by fitting
weight and osmolarity measurements over time to Fick’s law of diffusion. They calculated an
effective diffusion coefficient of DMSO in porcine corneoscleral discs of 53.06 µm2s−1 at 0 °C.
The advantage of this method is that the diffusion coefficient can be derived indirectly from
the penetration and efflux of DMSO and not from another molecule. However, the mass of
smaller 3D cell models such as spheroids, which contain about 1·104 to 5·105 cells, is in the
order of nanograms (Phillips et al. 2012). The measurement of very low spheroid masses and
only slight changes in osmolarity after removing DMSO is challenging. In the publication of
Vásquez-Rivera et al. 2018, the diffusion kinetics of DMSO were also assessed via osmolarity
measurements in decellularized heart valve tissues. They determined a diffusion coefficient
of DMSO of 514 µm2s−1 at 22 °C. They also established an ATR-Fourier transform infrared
(FTIR) spectroscopy setup to confirm these studies. Using the ATR-FTIR spectroscopy, a
diffusion coefficient of DMSO of 302 µm2s−1 was determined at 22 °C. The limitation of ATR-
FTIR is that this method is based on the surface reflectance technique, i.e. it is impossible
to detect DMSO diffusion inside of the tissue directly, but only after the penetration through
the cylindrical-shaped tissue. This complicates the use of ATR-FTIR in tissue with other
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geometries, like spheroids.
In general, the diffusion of DMSO-d6 in NSC spheroids is about seven times slower in the pe-
ripheral, viable cell layers and three times slower in the under-supplied, hypoxic inner cells (Fig.
39) than the diffusion of pure DMSO-d6 in heavy water with self-diffusion coefficient of about
650 µm2s−1 (Holz et al. 1996, Valente and Söderman 2019). However, compared to imperme-
able CPAs, such as the tested disaccharides sucrose and trehalose, DMSO generally penetrates
the cell membrane faster due to its high permeability. The diffusion coefficients of impermeable
CPA molecules can range from 48 µm2s−1 in skeletal muscle of rabbits for sucrose (Pinheiro et
al. 2023) to 0.1 µm2s−1 for trehalose oxygen atoms in T-cells (Weng et al. 2016). However, also
higher diffusion coefficients of sucrose were reported in different tissues, like 350 µm2s−1 in pul-
monary artery ECM (S. Wang et al. 2015). In principle, disaccharides cannot diffuse passively
across the bilayer structure of the plasma membrane due to their high polarity and molecule
size (Meyer et al. 2011). However, disaccharides can penetrate intercellularly depending on
their molecule size and the density of the cell network in the tissue. Protein-mediated sugar
transport, as with the glucose transporter (GLUT) for glucose, is restricted to monosaccharides
(Meyer et al. 2011, Yang and Hinner 2015). Small staining molecules, such as Hoechst 33342
and rhodamine B, also penetrate much more slowly than DMSO. Their perfusion times into the
core of the spheroids are several hours (Fig. 40). Compared to the diffusion of metabolically
essential, very small molecules, such as oxygen, with a diffusion coefficient of 1000 µm2s−1 in
human brain tissue (McMurtrey 2016), DMSO molecules diffuse around 10 times slower.
The size-dependent diffusion coefficients also influence the respective perfusion time, which is
inversely proportional to the diffusion coefficient and directly proportional to the square of the
spheroid radius. It has been shown that the perfusion time t90% is highly dependent on the
diameter of the spheroid and varies significantly for diameters ranging from 300 µm to 1100 µm.
The observation of longer perfusion times for larger spheroids was expected. However, the sig-
nificant size dependence demonstrates the practical importance of measuring t90%. In general,
the time t90% for the perfusion of DMSO-d6 into sub-millimetre spheroids is several minutes
at room temperature, as shown in Fig. 39 F. This highlights the significance of understanding
the uptake kinetics of CPA into 3D cell models for cryopreservation protocols. Knowing the
perfusion times enables the implementation of proper CPA incubation protocols, preventing
insufficient penetration of the spheroids and overexposure of DMSO to the peripheral cells.
Hence, before cryopreservation of spheroids and other 3D tissue models, it may be necessary to
adjust the DMSO pre-incubation times according to cell type, diameter and age.

Model specific predictions of CPA diffusion kinetics improve the recovery of pre-
cursor organoids after vitrification

To confirm the assumption that an optimised perfusion time improves cryopreservation success,
NSC spheroids with different diameters were slow-rate frozen after DMSO pre-incubation with
corresponding perfusion times t90% based on Raman micro-spectroscopy data (Fig. 41, 42 and
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Figure 49: Diffusion coefficient progression in avascular spheroids and organoids
based on Raman micro-spectroscopy. Plot of diffusion coefficient D of NSC and HP
spheroids and HLC organoids against (A) the cultivation days and (B) the diameters d [µm].
The number of seeded cells and the cultivation time directly determine the diameter of the
spheroids and indirectly influence the correlated diffusion coefficients.

43). Studies on the viability of NSC spheroids after thawing showed no significant differences
between 0 min of DMSO pre-incubation and after incubation with corresponding t90% (Fig.
42). These results indicate that Raman micro-spectroscopy-derived DMSO incubation times do
not alter cryopreservation outcomes. However, all spheroids were slowly frozen with a cooling
rate of -1 °C/min from 4 °C, i.e. if the seeding temperature of water is between -4 °C and
-8 °C (Trad et al. 1999, Li et al. 2018), the respective DMSO diffusion is extended to at least
8 min until ice crystallisation occurs. Thus, all samples were incubated for at least 8 min in
a liquid state, which is even higher than the calculated perfusion time t90% of large spheroids.
This indicates that probably all samples were sufficiently supplied with DMSO due to process-
related prolonged incubation. Additional Raman micro-spectroscopy analyses to study diffusion
kinetics of DMSO at sub-zero temperatures would enable the adaptation of the diffusion model
fit to the actual slow-rate freezing conditions by including the Arrhenius coefficients.
To confirm this hypothesis, NSC spheroids were additionally cryopreserved by vitrification af-
ter DMSO incubation with the derived times t90% and t50%. When ultra-fast cooling rates
were applied by LN2, the spheroids were immediately converted into a glass-like state, and no
additional DMSO diffusion should occur. After vitrification, the relative cell viability was signif-
icantly increased with the corresponding Raman micro-spectroscopy-derived DMSO incubation
time t90% (Fig. 43). These results support the hypothesis that prolonged incubation during
slow-rate freezing leads to a complete supply of DMSO in all spheroid diameters, which causes
comparable cell viability after cryopreservation. With adapted incubation times, the cells can
be adequately supplied, and cytotoxicity reduced simultaneously. However, a contradictory as-
pect is that even after a 15 min incubation with DMSO, no significant changes in cell viability
were observed compared to a 0 min incubation, although cytotoxic effects were expected after
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prolonged DMSO exposure (Awan et al. 2020). However, the presentation of 10% DMSO has
only a marginal effect on the cell viability in NSC spheroids (Fig. 14) but can affect the expres-
sion of genes and proteins, as shown in Fig. 15 and 16. Thus, the minimal incubation times
required could be beneficial, and additional studies on functionality could further substantiate
these results.

Challenges in measuring diffusion kinetics with Raman micro-spectroscopy

Despite these promising results, the current Raman micro-spectroscopy technique is still limited
by sample handling. To perform Raman micro-spectroscopy, the spheroid must be immobilised
for a long time, even during fast medium exchange. The challenge here is to meet the require-
ments of the diffusion fitting model for symmetric geometries, which excludes immobilisation
approaches that significantly deform the samples or hinder penetration by covering part of the
surface. Attempts to mechanically fix spheroids in a medium perfusion channel have led to ex-
cessive deformation and detachments during the medium exchange. Alternatively, non-contact
immobilisation methods using ultrasound (Kvåle Løvmo et al. 2023) and digital acoustofluidics
(Cai et al. 2020) are currently being investigated to overcome these hurdles. In the present
proof-of-concept method, DMSO-d6 is only manually added to a slightly attached spheroid in
a small droplet of medium. As a result, the start of the detection of Raman spectra is de-
layed by about 20-30 s since considerable time is required for homogenising the medium and
checking the focus after applying DMSO-d6. Hence, the development of innovative 3D model
handling techniques that enable reliable immobilisation with controlled, fast liquid medium
changes while maintaining the geometries would reduce most interfering processes and enable
a defined start time for Raman micro-spectroscopy measurement. In addition, the diffusion
processes in spheroids incubated in larger volumes of cryopreservation media, as in cryovials,
could be better simulated. Nevertheless, the present technique is valuable for determining the
perfusion times of various compounds in differently shaped 3D cell models to derive appro-
priate model-specific diffusion kinetics. The technique provides an easy way to assess CPA
perfusion times into tissue, which will significantly impact the cryopreservation of specimens
beyond isolated cells.
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6 Conclusion and Outlook

This work focuses on investigating the cryo injury effects in hiPSCs-derived 3D cell models.
These analyses provide new insights into cryo-induced mechanisms in single-cell-type precursor
organoids and organoids to improve the understanding and unravel cryo processes in 3D cell
models with increasing interest in biomedical research. On this basis, innovative cryopreserva-
tion concepts and procedures for 3D cell models can be derived and established. So far, the
main hurdles to successful cryopreservation of 3D cell systems are the inhomogeneous cooling
and heat transfer and the retarded penetration of CPAs. Hence, different parameters, such
as the spheroid volume and maturity level concerning cell junctions, significantly influence the
cryopreservation outcome. In these studies, similar cryo-damaging effects were reported in dif-
ferent spheroid and organoid volumes, such as the detachment of the three peripheral cell layers
with similar thicknesses. Structural cell analyses and vitrification contributed to a better un-
derstanding of the rupture of cell-cell junctions in the periphery due to high osmotic stress and
IFF. Additional integration of monitoring microsensors into the spheroids to measure osmotic-
induced tension on the plasma membrane (Charras and Yap 2018) of cells in different layers
would be beneficial to get further insights into the structural changes in the peripheral cells
before and after cryopreservation. The aim is to reduce the cell detachment after thawing, e.g.
by adding specific growth factors to stabilise the interactions of the cell junction (Angulo-Urarte
et al. 2020). In the scope of this work, it has been demonstrated that the loss of viable cells is
not proportional to the spheroid volume due to radial avascular growth kinetics with a power of
three. Thus, the selection of suitable spheroid volumes for cryopreservation protocols depends
on the required applications. Large spheroids provide a percentage larger volume of viable cells,
while small spheroids have higher proliferation rates after thawing. After the detachment of
the peripheral cells, it could be demonstrated that the former intermediate cells were able to
regain high viability values, proliferation capacities and genetic state within a short recovery
time after thawing. In particular, hepatic spheroids have also been shown to maintain their
differentiation potential even after being thawed. However, it could also be shown that the
recovery potential must always be examined for the respective model-specific characteristics
and functions. Successful recovery in precursor organoids was achieved by an adequate supply
of CPAs in the outer cell layers of viable cells, which was confirmed by DMSO diffusion kinetics
in spheroids using bioorthogonal Raman micro-spectroscopy. This technique was introduced
to determine the perfusion times of CPAs in the inner cells of 3D cell models. Understanding
the perfusion times of CPAs is essential for appropriate application and pre-incubation before
cryopreservation while avoiding cytotoxicity. The method is versatile and can be easily applied
to other 3D model geometries and compounds, such as drug screening studies. Compared to
other diffusion analyses, the advantage of this method is the ability to measure compound per-
fusion without contact and to set the focus directly inside the tissue. Further research into
the immobilisation of spheroids and organoids would improve focusing during measurement,
e.g. with ultrasound (Kvåle Løvmo et al. 2023) or digital acoustofluidics (Cai et al. 2020).

111



Conclusion and Outlook

In the next step, the technique and the diffusion fit model could be extended to an inline
Raman micro-spectroscopy monitoring before cryopreservation of 3D cell models. This would
provide the opportunity to combine the determination of model-specific CPA penetration with
subsequently adapted cryopreservation protocols (Fig. 50). Accordingly, CPA concentrations,
incubation times, and sample volumes could be immediately adjusted in line with the integra-
tion of the simultaneously analysed Raman micro-spectroscopy data. An additional upstream
selection of 3D cell models according to various parameters, such as volume or cell density,
would enable a corresponding model- and parameter-specific CPA supply to develop innovative
and standardised cryopreservation procedures for large, heterogeneous spheroid and organoid
batches.

Adapted

cryopreservation
Inline selection by model-

specific parameter 

(e.g. volumes)

Model-specific inline 

monitoring

CPA

Spheroid batch flow

Raman micro-

spectroscopy

Figure 50: Schematic overview of model-specific inline monitoring using Raman
micro-spectroscopy. The integration of non-contact Raman technology for the inline deter-
mination of CPA penetration would standardise the cryopreservation of large, heterogeneous
spheroid and organoid batches. An upstream selection according to model-specific parameters
would enable parameter-related adaptation for cryopreservation. Based on this, new, innovative
cryopreservation protocols could be established.
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